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"Yesterday is history, tomorrow is a mystery, but today is a gift 
– that is why we call it present ." 






Antisense technology has the potential to evolve into a powerful biomedical tool. By 
utilizing the unique hybridization behavior of antisense oligonucleotides (ON) the antisense 
approach facilitates a specific intervention in cellular processes that would be barely 
feasible by using conventional drugs. However, the tremendous potential that comes with 
the antisense strategy is paired with the insufficient pharmacokinetic profile of native DNA 
ONs. Thus, an overall low stability in vivo as well as limited cellular uptake due to the 
extremely polar DNA structure, represent two of the main obstacles. Consequently, 
alterations of the native DNA structure are required to obtain applicable, drug-like 
substances. The reported work focuses on the synthesis and evaluation of modified ONs 
carrying the nucleosyl amino acid (NAA)-modification, a peptide-like internucleoside 
structure featuring a free amino group, within their backbone. Part A of this thesis 
concentrates on the biological stability of partially zwitterionic NAA-modified ONs in the 
presence of 3'→5'- and 5'→3'-exonucleases as well as human plasma and whole cell lysate. 
In part B, the hybridization properties of cationic, fully NAA-modified ONs in presence of 
matched and mismatched counterstrands were analyzed and validated. Finally, part C 
focuses on the synthesis and evaluation of a chimeric NAA/LNA-gapmer structure with the 
aim to obtain a selective, high-affinity precursor of an antisense ON.  
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Zusammenfassung in deutscher Sprache 
Die Antisense-Technologie hat das Potenzial, sich zu einem leistungsfähigen 
biomedizinischen Werkzeug zu entwickeln. Durch die Nutzung des einzigartigen 
Hybridisierungsverhaltens von Antisense-Oligonucleotiden (ON) ermöglicht sie einen 
gezielten Eingriff in zelluläre Prozesse, der mit herkömmlichen Methoden kaum 
durchführbar wäre. Das enorme Potenzial, das mit dem Antisense-Ansatz einhergeht, ist 
jedoch an das unzureichende pharmakokinetische Profil nativer DNA-ON geknüpft. Hierbei 
stellen eine insgesamt geringe in-vivo-Stabilität sowie eine erschwerte zelluläre Aufnahme 
aufgrund der polaren DNA-Struktur zwei der Hauptprobleme dar. Folglich sind 
Veränderungen der nativen DNA-Struktur erforderlich, um applizierbare Substanzen zu 
erhalten. Daher konzentriert sich die folgende Arbeit auf die Synthese und Evaluierung 
modifizierter ON, die in ihrem Rückgrat die Nucleosylaminosäure-(NAA)-Modifikation, eine 
peptidähnliche Internucleosid-Struktur mit einer freien Aminogruppe, tragen. Teil A dieser 
Arbeit befasst sich mit der biologischen Stabilität von teilweise zwitterionischen NAA-
modifizierten ON in Gegenwart von 3'→5'- und 5'→3'-Exonukleasen sowie humanem 
Plasma und Zelllysat. In Teil B wurden die Hybridisierungseigenschaften von kationischen, 
vollständig NAA-modifizierten ON analysiert und validiert. Zuletzt befasst sich Teil C mit der 
Synthese und Untersuchung einer chimären NAA/LNA-Gapmer-Struktur mit dem Ziel, eine 
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1. Introduction  
1.1 Oligonucleotides as Biomedical Agents 
Deoxyribonucleic acid (DNA) is anchored in our heads as the blueprint of life. Localized in 
the nucleus of eukaryotic cells and the cytoplasm of some prokaryotes, it carries the genetic 
directives for protein expression and thus functionality, evolution and reproduction of 
every living organism. Its unique double-helical structure was first fully resolved by Watson 
and Crick in 1953, describing the sugar-phosphate chain of both single strands as outer 
backbones of the duplex and the canonical nucleobases – thymine (T), cytosine (C), guanine 
(G) and adenine (A) – as central parts linking the two strands together via hydrogen 
bonding.[1] This fundamental discovery triggered a cascade of research focusing on the 
properties, biological functions and origin of DNA and has thrown light on numerous 
processes this biopolymer is involved in. But apart from this existential point of view, DNA 
also possesses tremendous potential as biomedical agent. Conventional treatment of most 
diseases requires highly selective compounds that combine excellent target recognition 
and affinity with low side effect rates and minimal off-target binding. To meet these 
requirements, traditional small-molecule drugs have to undergo intensive optimization 
processes, necessitating individual changes and modifications regarding their molecular 
structure, to fit the desired applications. Such procedures, however, are not generally 
transferable and therefore time consuming and difficult in their implementation. 
Furthermore, low-molecular-weight drugs mostly interact with protein pockets, leaving 
numerous intracellular pathways and regulatory cascades, which employ potential targets 
lacking these binding grooves, untouched. One possible way to overcome these issues is 
the use of short single stranded nucleic acids, so called oligonucleotides (ONs). Due to their 
unique structure and the associated binding behavior, ONs offer desirable properties in 
terms of target recognition, target selectivity and target affinity. Hence, the usage of ONs 
as templates for therapeutic agents has raised hope to enable a rationalized drug design.  
More than four decades ago, Zamecnik and Stephenson laid the foundation for the 
therapeutic use of ONs. They demonstrated that the presence of a short, single stranded 
DNA, complementary to 13 nucleotides encoding for the 35S subunit of Rous sarcoma virus, 
inhibits viral replication and translation of viral mRNA.[2,3] Since then, the improvement of 
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the pharmacokinetic profile and the development of different target strategies for ONs 
have been in focus of intensive research. Hereby, the interaction partners of biomedically 
applicable ONs, can generally be divided into three main classes: (i) the interaction with 
DNA (as in the antigene approach), (ii) the targeting of RNA (i.e. through the antisense 
mechanism or the RNA interference (RNAi) mechanism) and (iii) the interactions with 
proteins as well as the modulation of their cellular effects. An overview of the different 
strategies, their respective targets as well as some examples of therapeutic ONs following 
these targeting strategies are depicted in Figure 1.1. 
 
Figure 1.1.  Schematic representation of different targeting strategies and their corresponding cellular targets for 
oligonucleotides as biomedical agents (DNA and RNA templates were taken from https://smart.servier.com, CC BY 3.0). 
The various strategies displayed in Figure 1.1 have their own perks and benefits, but also 
suffer from distinct disadvantages. In the following, a brief overview will be provided. 
Aiming at the inhibition of gene expression at the transcriptional level, the antigene 
strategy directly targets chromosomal double-stranded DNA (dsDNA) located in the 
nucleus of the cell.[4] This tactic has mainly been pursued via two different mechanisms: 
the formation of triplex structures through triplex-forming oligonucleotides (TFOs)[5,6] or 
the invasion of the DNA duplex by strand displacement[7]. Crucial for the first of the two 
approaches were discoveries made by Hoogsteen. In 1963, he observed hydrogen bond-
mediated interactions between two nucleosides, which differed from the previously known 
'regular' Watson-Crick base pairing principle.[8] Later on, these interactions should be 
known as Hoogsteen hydrogen bonds. Further investigations on this new binding mode 
resulted in the discovery of DNA triplexes, in which a third strand was shown to be 
associated to a helical DNA duplex via the aforementioned Hoogsteen hydrogen bonds. 
Finally, these interactions laid the foundation for the usage of TFOs as antigene agents.[9] 
Upon interaction with dsDNA, TFOs form stable triplehelical clusters that cannot be 
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recognized by RNA polymerases. As consequence, the steric shielding of the transcriptional 
site results in decelerated mRNA synthesis and thus a blockage of transcription. In contrast 
to TFOs, strand-invading ONs do not form triplexes, but squeeze in between an existing 
DNA duplex to interact with either one or both strands through Watson-Crick, or a mixture 
of Watson-Crick and Hoogsteen base pairing.[7,10] However, the result remains, like for the 
TFO strategy, a hampered transcriptional mRNA synthesis. Yet, these approaches are highly 
demanding concerning both the structural design of the antigene ONs as well as the 
delivery of the antigene agent into the nucleus. Hence, several strategies to improve the 
antigene approach are currently still under investigation.[11]  
While the antigene approach focuses on chromosomal dsDNA, the antisense strategy 
targets cytosolic RNA and is based on the interference with translation and thus protein 
synthesis. Thereby, this method includes either a steric block of ribosomal translation 
through formation of a mRNA-ON duplex or the activation of the DNA/RNA hybrid-
recognizing enzyme ribonuclease H (RNase H), which ultimately results in RNA cleavage. 
Following the name of the approach, ONs used in this strategy are called antisense 
oligonucleotides (ASOs). Regarding both modes of action, the steric blockade has been 
described first, in fact already by Zamecnik and Stephenson, and remains one of the most 
investigated mechanisms of the antisense approach.[12] Central for its function is the 
formation of a stable hybrid duplex between the ASO and the mRNA sequence encoding 
for the targeted protein. As a result of successful duplex formation, movement of the 
ribosome along the mRNA is blocked and the elongation of the translated amino acid chain 
is interrupted. Consequently, the translational arrest induces a downregulation of the 
target protein's abundance. To obtain such an outcome, the applied ASO has to show a 
certain stability in its cellular surroundings as well as a sufficient affinity towards the target 
sequence, to prevent early dissociation. Following this tactic, approximately 130 ASOs have 
found their way into clinical trials[13] and some even received approval by the FDA. A 
thereby well-studied example is the fully backbone-modified ASO fomivirsen, which was 
the first approved ON drug for clinical usage.[14] In contrast to the steric block of translation, 
which requires sufficient stability and target affinity, induction of the enzymatic cleavage 
of RNA is slightly more challenging. Since the ASO not only has to interact with its target, 
but also needs to be structurally suitable for enzymatic recognition, the ON sequence and 
the incorporated modifications have to be carefully chosen.[15] The enzyme which can be 
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utilized for the ASO-controlled cleavage of RNA is the ribonuclease RNase H.[16] RNase H, 
belongs to a family of unspecific endonucleases, which cleave the RNA component in DNA-
RNA hybrid duplexes to afford free single stranded DNA.[17] Thereby, sufficient activation 
of the RNase H-mediated degradation of RNA requires the counterstrand ON to at least 
include five or more neighboring DNA nucleotides.[18] Since RNase H is involved in the 
regulation of numerous vital cellular processes, like DNA replication and repair [19], it occurs 
in high abundance and hence represents an attractive tool for antisense applications. 
Another approach to modulate mRNA translation is based on the RNA interference (RNAi) 
mechanism. The RNAi pathway occurs in most eukaryotes and represents an endogenous 
process for the regulation of gene expression and protein synthesis through purposed 
cleavage of mRNA.[20] By this means, mRNA degradation is induced through two classes of 
short double stranded RNA (dsRNA): the micro RNAs (miRNA)[21,22] and the small interfering 
RNAs (siRNA)[23]. Both short dsRNA species consist of a guide strand that takes a key role in 
the RNAi mechanism, and a passenger strand. Although length and appearance of both 
species are rather similar, miRNAs represent endogenous non-coding RNAs that are 
involved in the regulation of gene expression[24], whereas siRNAs are derived from long, 
exogenous dsRNA[25]. Furthermore, miRNAs have been shown to address multiple targets, 
where siRNA was reported to be highly specific for only one mRNA sequence.[26] However, 
both short dsRNA species are capable of inducing mRNA degradation through activation of 
the RNA-induced silencing complex (RISC).[27,28] The RISC itself represents a multiprotein 
complex incorporating, among others, an endonuclease named argonaute, which can bind 
to the guide strand of the short dsRNA species (miRNA or siRNA), while the passenger 
strand is ejected.[29,30] The resulting complex between the remaining guide strand, and the 
argonaute furnishes the mature and active RISC. Via the recognition mechanism of the 
guide strand, complementary mRNA can now be bound to the RISC and is subsequently 
degraded through the endonuclease activity of argonaute.[30,31] Thus, this endogenous 
regulatory mechanism offers a unique platform for controlled gene-silencing by the usage 
of artificial ONs. As shown in Figure 1.1, this can include, among others, the usage of altered 
and improved siRNA[32] or the application of chemically modified, single stranded RNA 
analogues complementary to miRNA, so called antagomiRs[33]. Thereby, modified siRNA 
utilizes the RNAi mechanism to selectively degrade mRNA and induce the controlled 
downregulation of defined target proteins.[34] AntagomiRs on the other hand, bind to their 
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complementary miRNA target and block mRNA binding to the mature RISC, thus inhibiting 
mRNA cleavage.[35] Moreover, the initiation of direct miRNA degradation in presence of 
antagomiRs has been uncovered as a further mode of action.[33,36] In any case, silencing of 
the miRNA activity was reported to result in the upregulation of distinct miRNA target 
proteins, what again has been shown as beneficial for the treatment of numerous human 
diseases.[37] However, as for many other nucleic acid based agents, difficulties concerning 
intracellular delivery as well as defective stability in vivo remain in the focus of ongoing 
research.[38,39] 
The third targeting strategy for therapeutic ONs does not involve the interaction with 
nucleic acids but the binding of proteins. Consequently, molecular recognition is not 
facilitated through base pairing of complementary strands. Instead, the ON adapts a 
distinct, three-dimensional shape that interacts with its targets in a way closely related to 
the binding mode of antibodies. Oligomers that are capable to exert this role of a 'nucleic 
acid antibody' are called aptamers (from Latin aptus (fit) and Greek meros (part)).[40,41] 
Compared to 'traditional antibodies', aptamers are single stranded ONs that possess a 
rather flexible structure and a relatively small size. The selection process to identify fitting 
aptamers is known as systematic evolution of ligands by exponential enrichment 
(SELEX).[42] During SELEX, the desired target is presented to a large library of random, single 
stranded ONs with primers attached to their 5'- and 3'-ends. After incubation, non-bound 
ONs are separated from the ON-target complexes and the bound ONs are amplified 
through polymerase chain reaction (PCR). A variable round of binding, separating and 
amplifying steps follows, leaving only the most suitable aptamers, which can again be 
modified and improved. Compared with antibodies, aptamers possess several advantages: 
they are more stable towards temperature fluctuations, are synthetically accessible and 
generally last longer before losing activity. Furthermore, latest studies verified not only the 
interaction between aptamers and proteins, but also lipoglycans[43], carbohydrates[44] and 
many further metabolites[45]. 
Although all the described approaches appear to be promising, they are all facing the same 
problem. The application of ONs in vivo is strongly hampered due to their limited stability 
and poor pharmacokinetic profile. Thus, chemical modifications of the ON structure are 
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required. Some of the most prominent ON modifications that are employed to resolve 
these hurdles will be discussed in the following sections.  
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1.2 Chemical Modification of the Oligonucleotide Structure 
As ONs can be employed for numerous biological and clinical applications, the number of 
known modifications accessible in literature is comprehensive and continuously rising. 
Thus, the improvement of nuclease stability, the increase of cellular uptake, the 
enhancement of target affinity and selectivity or the modulation of steric and spatial 
arrangements of ONs are just some few examples of how a structural alteration can 
influence the properties of a nucleic acid. In general, ONs offer various sites for 
modifications. A brief overview is given in Figure 1.2.  
 
Figure 1.2.  Overview of possible sites for ON modifications and their desired impact on the ON properties. 
The most well studied site and also the one with the richest selection of different 
modifications is the ON backbone structure. Since the biological instability of native nucleic 
acids is largely connected to the lability of the phosphodiester linker against endogenous 
nucleases, chemical alteration of this position was the obvious choice. Apart of stabilizing 
effects, several backbone modifications have been developed to enhance the affinity and 
specificity for complementary strands, thereby improving the overall efficiency of the ON. 
Furthermore, ONs represent highly polar substances, which makes them prone to fast renal 
excretion. Consequently, selected backbone modifications were designed to modulate the 
affinity to plasma and cellular proteins, hence improving bioavailability and the 
pharmacokinetic profile. The second position that has come into focus was the (2'-
deoxy)ribose sugar. Modification of this site has proven to exert tremendous effects on 
target affinity. Due to pre-organization and chemical fixation of the relatively flexible five-
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membered ring, the entropic penalty upon duplex formation was found to be drastically 
reduced. This insight has been utilized to design rigidified sugar modifications to improve 
target affinity and to stabilize the resulting duplexes. Additionally, alterations at the 2'-
position have been used to increase lipophilicity and nuclease stability. Modifications of 
the nucleobases have primarily been introduced to support Watson-Crick base pairing 
between the complementary bases and improve --interactions. Lastly, conjugation of 
several biomolecules, carriers or lipids to the 3'- or 5'-end have been investigated. These 
modifications have mostly been employed to enhance cellular uptake and ensure delivery 
of the ON to distinct organs or molecular targets. 
Since this work has focused on the attempt to validate and improve an artificial ON based 
on the antisense approach, the following chapters will concentrate on selected 
modifications serving this purpose.   
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1.2.1 Modification of the Nucleobase 
As central connectors of the DNA duplex, a well-balanced affinity between the nucleobases 
is vital for duplex stability and the recognition of matching counterstrands. The two driving 
forces that steer the base pairing process are hydrogen bonds between the complementary 
A-T and G-C base pairs as well as - interactions resulting from stacking of the aromatic 
purine and pyrimidine heterocycles. Since these two interactions are influenced by the 
amount of hydrogen donors/acceptors on the one hand and the size of the aromatic system 
on the other, alteration of these variables might lead to modified building blocks with 
improved properties. Thus, it has been envisioned by many to manipulate the substitution 
pattern or even the overall structure of the canonical bases to enhance affinity towards 
antisense targets or furnish TFOs. As described in chapter 1.1, TFOs can be employed to 
form a DNA triplex structure by incorporation of a third strand within the major groove of 
a regular DNA duplex.[46] Triplex formation was thereby shown to be mediated by 
interactions between the TFO and exposed bases of the helical duplex via Hoogsteen or 
reverse-Hoogsteen hydrogen bonds, thus forming parallel or anti-parallel base triplets. This 
interaction could be proven by Moser and Dervan to happen in a sequence specific manner 
and in addition, could even lead to controlled cleavage of the double helical DNA.[5] As a 
result, TFOs have be used to interfere with gene expression by either sterically blocking the 
initiation of transcription[47] or preventing the passage of DNA polymerase and hence, DNA 
replication[48]. However, several issues still leave room for improvement like pH restrictions 
for triplex formation or varying binding affinities.  
As mentioned above, modification of the nucleobases might enhance the binding affinity 
and thus duplex stability. Yet, just the opposite effect could occur due to distortion of the 
helical structure, which would entail an overall destabilization. To gain further insights into 
this system, slight changes concerning the nucleobase substitution pattern, extensions of 
the ring systems and even the creation of completely artificial bases have been explored.  
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Figure 1.3. Examples for nucleobase modifications with altered substitution pattern. 
Regarding the introduction of new substituents, numerous modifications have been 
reported, with the 5-position of the pyrimidine bases (C and T) being one of the most well 
studied sites.[49] Thereby, a prominent example is the insertion of a methyl group in the 5-
position of cytidine (5-methyl C, Figure 1.3), leading to an enhanced affinity towards RNA 
antisense targets.[11] This effect could be traced back to a stabilization of the DNA/RNA 
hybrid duplex due to stacking of the lipophilic methyl group between the nucleobases in 
the major groove of the helix. Interestingly, 5-methyl cytosine also plays a role in nature, 
were it has been found to control gene expression through formation of extremely stable 
DNA duplexes.[49]  Another example for the insertion of a lipophilic residue to a pyrimidine 
base is 5-propynyl cytosine (5-propynyl C, Figure 1.3).[50,51] Like the 5-methyl substituent, 
this unsaturated moiety reinforces duplex stability due to a positive influence of the triple 
bond on base stacking. Furthermore, 5-propynyl C-modified ONs have been shown to exert 
improved stability against nuclease mediated degradation.[52]  Apart from the pyrimidines, 
the purine-derived nucleobases have also be subject to changes in the substitution pattern. 
2,6-diaminopurine (Figure 1.3) carries an additional amino group in the 2-position, leading 
to an extra H-donor for interactions with thymine. As a result the 2,6-diaminopurine-T base 
pair displays attractions similar to the G-C pair, which contribute to duplex stability and 
increased thermal melting temperatures.[53] A further concept to enhance duplex stability 
is the linkage of basic groups to the purine system as in case of N2-(3-aminopropyl)-guanine 
(N2-(3-aminopropyl) G, Figure 1.3). Due to the positive charge of the free primary amine, 
this modified base has been shown to strongly interact with the anionic phosphodiester 
backbone, thus furnishing potent ionic interactions.[54]   
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An alternative approach to modulate the properties of the canonical bases lies within the 
enlargement of the aromatic ring system. Figure 1.4 A depicts congeners of T (dxT) and A 
(dxA), respectively, whose systems are expanded by a benzene ring. Both bases were first 
described by Kool and co-workers, who reported a duplex-stabilizing effect for the case that 
the dx-bases are placed in just one of the two strands (Tm = +3.4 to +5 °C/mod).[55] In this 
case, the distances between the two DNA strands was increased compared to the native 
Watson-Crick duplex, yet still a helical system was formed. Positioning of the bulkier bases 
in both strands however, led to a drop in thermal stability caused by significant distortion 
of the helical topology.[55]   
 
Figure 1.4. Modified nucleobases with expanded ring systems. A: extended T (dxT) and A (dxT) 
nucleobases by Kool et al. B: tri- and tetracyclic bases derived from cytidine and adenine. 
Phenoxazines and phenothiazines (Figure 1.4 B) represent two examples of tricyclic 
artificial nucleobases that have been designed as cytidine analogues by Lin et al.[56] 
Mismatch experiments confirmed a selective binding to guanine in an RNA counterstrand, 
as well as an increase in thermal duplex stability upon incorporation of both bases, 
respectively. The stabilizing effect was even more pronounced when the tricyclic bases 
were placed in adjacent positions (solely positioned: Tm  +2 °C, clustered: Tm  +5 °C). This 
phenomenon could be explained through enhanced base stacking of the neighboring 
tricyclic systems. Similar observations were made by Buhr et al. when investigating a 
tetracyclic adenine analogue (Figure 1.4 B).[57] Also, the A congener bound selectively to its 
Watson-Crick partner T, yet several adjacent tetracyclic bases were necessary to increase 
duplex stability. 
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In a third approach to examine the possibilities arising from modified nucleobases, Inouye 
et al. created a pyrimidine-only nucleobase system by substituting all four canonical bases 
with unnatural pyrimidine-alkynyl analogues (Figure 1.5).[58] 
 
Figure 1.5. Artificial all-pyrimidine nucleobases. 
They described the formation of a right-handed helix between an iG*/iC*-rich, artificial 
DNA strand and a native complementary DNA. Duplex formation was thereby claimed to 
happen in a sequence-specific manner with anti-parallel orientation. In addition, Tm values 
were found to be close to a corresponding native DNA/DNA duplex. Interestingly, 
complementary strands composed solely of A* and T*, respectively, were reported to only 
form triplexes. Similar efforts have been made by Switzer et al. who reported an all-purine 
base system (not shown).[59] By replacing adenine, cytosine and thymidine with 
diaminopurine, iso-guanine and 7-deazaxanthine, Switzer and co-workers obtained 
artificial duplexes with similar stability compared to native DNA/DNA congeners. However, 
they also reported about self-association of a variety of sequences, which might occur 
when working with purine-rich systems.[59] 
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1.2.2 Modification of the (2'-Deoyx)Ribose  
The (2'deoxy)ribose displays an attractive site for the implementation of chemical 
modifications, since it is, in contrast to the aforementioned nucleobases, independent of 
the oligonucleotide sequence. Furthermore, changes on the furanose ring, which serves as 
linkage between the canonical nucleobases and the phosphodiester backbone, play a 
central role in the modulation of properties of nucleic acids. One of the most prominent 
examples underlining this statement is the comparison between DNA and RNA. The two 
biopolymers (nearly) consist of the same building blocks, yet show significant differences 
concerning their biophysical and biochemical properties, along with their role in cellular 
processes. Responsible for these considerable differences is the substitution pattern of the 
2'-position of the ribose unit (H = DNA, OH = RNA). In RNA, the electron withdrawing effect 
of the 2'-hydroxy moiety steers the conformationally flexible five-membered ring into the 
C3'-endo form, whereas the 2'-hydrogen of DNA directs the ring towards the C2'-endo 
confirmation (Figure 1.6).[60–62] This conformational equilibrium has a far-reaching impact 
on the overall structure of DNA and RNA, thus leading to differences in duplex stability and 
the spatial arrangement. While RNA-RNA duplexes appear in a right-handed A form, DNA-
DNA duplexes of the same sequence take on a right-handed B form.[63] As a consequence, 
RNA-RNA duplexes show higher stability than comparable DNA-DNA duplexes, with RNA-
DNA hybrids being of intermediate stability. This principle has found great interest 
regarding the search for modifications to improve the affinity of ASOs towards RNA, as well 
as their overall pharmacokinetic profile.   
 
Figure 1.6. Equilibrium of the C3'-endo conformation (RNA-like) and the C2'-endo confirmation (DNA-like). 
B = nucleobases. 
One of the first modifications introduced to the ribose unit has been inspired by a naturally 
occurring congener of RNA: the 2'-O-methyl moiety (2'-O-Me RNA, Figure 1.7). The 
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seemingly minor change in the sugar structure has been proven to exert several beneficial 
effects. Thus, ONs carrying the 2'-O-Me modification were shown to possess improved 
nuclease stability and enhanced binding affinity towards complementary RNA.[64,65] In 
addition, the immune response triggered though the application of ONs was observed to 
be reduced due to the presence of the 2'-O-Me residue.[66] As a consequence, the 2'-O-Me 
modification has become one of the most widely employed alterations in antisense 
technology and even found its way to advanced clinical trials.[67]  
 
Figure 1.7. Overview of selected modifications of the ribose sugar unit. B = nucleobase. 
Following the example of the 2'-O-Me modification, 2'-O-methoxyethyl RNA (MOE RNA, 
Figure 1.7) was developed as a further variant of 2'-altered ONs. This analogue revealed an 
even more pronounced rise in nuclease resistance compared to its predecessor, combined 
with an increased thermal stability.[68] An explanation for this phenomenon was found to 
be the ethyl linker of MOE, which positions the ethylene glycol oxygen in close proximity 
to the 2'-hydroxyl group, thus creating a gauche orientation of the two oxygen atoms. 
Consequently, the structure becomes more rigid, which contributes to the fixation of the 
sugar ring in the C3'-endo conformation and, finally, to enhanced binding affinity and 
biological stability.[68] These favorable properties have led to a recent approval of an ASO 
incorporating the MOE modification, mipomersen, by the U.S. Food and Drug 
Administration (FDA).[69,70] Another congener of 2'-modified RNA is 2'-fluoro RNA 
(Figure 1.7).[71,72] The fluorine atom replacing the 2'-hydroxyl function of RNA possesses a 
strong electronegative potential. As a result of the pronounced electron withdrawing 
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effect, the equilibrium depicted in Figure 1.6 is shifted towards the C3'-endo confirmation, 
again promoting hybridization with RNA and nuclease stability.[73] Moreover, the relatively 
small size of the fluorine atom makes it structurally inert, since no spatial deformation of 
the helical structure is required to accommodate the modification.[74]   
An exchange of the 4'-oxygen atom represents yet another approach towards the 
modification of the (2'deoxy)ribose unit. One of the most prominent examples is the 
introduction of sulfur instead of oxygen at the 4'-position, resulting in  4'-thio congeners of 
DNA and RNA (4'-thio DNA/RNA, Figure 1.7).[75] Imbach et al. demonstrated that 4'-thio 
RNA recognizes complementary RNA strands and forms stable helical duplexes with an A-
type structure.[76] Additionally, they observed an improved sturdiness towards nuclease-
mediated degradation, rendering 4'-thio RNAs as RNA analogues with advanced properties. 
In case of 4'-thio DNA, a stabilizing effect to the attack of endo- but not 3'-exonucleases 
was reported by Walker et al., as well as a moderate increase in DNA-binding affinity.[77] A 
second example for this type of alterations are the 4'-selenoligonucleotides (not shown). 
Their synthesis and characteristics were first described by Damha et al., who reported 
about DNA congeners that, despite their B-form-like conformation,  revealed enhanced 
affinity towards RNA but not DNA.[78] 
There are numerous modifications designed to alter the nucleic acid ribose structure and 
only a few can be mentioned within the scope of this work. However, there is one exemplar 
which has in particular been in focus of intensive investigations, and also has been of great 
importance for this thesis. This modification is known under two different names, locked 
nucleic acid (LNA) or  2',4'-methyleneoxy bridged nucleic acid (BNA), and has been 
established at the same time yet independently by Wengel and Imanishi.[79–81] Both groups 
intended to lock the ribose in its beneficial C3'-endo conformation by inserting a methylene 
bridge between the 2'- and the 4'-position, thus creating a structurally inflexible sugar (LNA 
(BNA), Figure 1.7).[79–81] Incorporation of LNA in an ASO results in a drastic increase of 
binding affinity towards both DNA and RNA (Tm  + 5 °C/mod for DNA, Tm  + 8 °C/mod for 
RNA), while mismatch sensitivity is still retained.[80,82] This combination, however, was 
unique at the time LNA was established. Since such excessive increases in thermal stability 
were usually obtained by usage of minor-groove binders or the addition of intercalating 
agents, loss of specificity was a well-known side-effect.[83] One explanation for the 
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advantageous properties of the LNA modification lies within the conformational 
preorganization of the sugar moiety. Through locking of the ribose into the favorable North 
conformation, no significant conformational changes have to occur upon hybridization, 
thus reducing the entropic penalty and ultimately boosting the strength of duplex binding. 
Likewise, structural studies on LNA-LNA duplexes revealed a more 'coiled' structure of the 
modified helix, containing ~ 14 base pairs per helical turn. These are four more compared 
to the native DNA B-form duplex and three additional base pairs compared to the A-form 
RNA duplex.[84] Consequently, base stacking was suggested to be improved when using LNA 
ONs. A further plus for LNAs is connected to their simplicity. In total, only one methylene 
unit has been added to the structure of a native RNA nucleoside. This adjustment does not 
require any additional protection groups or adjustment of reagents applied in automated 
DNA synthesis. Thus, suitable LNA building blocks can be readily applied in the well-
established phosphoramidite coupling chemistry, making it an easily accessible 
modification.[85] 
As a result, LNA has found its way into several different applications. When introduced to 
ASOs, the LNA modification causes effective gene silencing via mRNA binding, paired with 
an increased effectiveness compared to differently modified congeners.[85–87] In addition, 
usage of LNA in the flanks of an chimeric ON can decrease the minimally required size of 
an ASO by several bases, allowing the application of 'truncated ASO'.[88,89] This innovation 
has already  affected some strategies for gene-silencing by the RNA interference 
mechanism.[90] As described in section 1.1, the RNAi mechanism requires a double-
stranded small interfering RNA (siRNA) to trigger the RISC complex and initialize mRNA 
degradation. One concern circles around the passenger strand, which is released from the 
guide strand upon Argonaut binding and is hence at risk to interact with off-targets.[90] 
Through bisection of the passenger strand into two short LNA-modified RNA snippets, off-
target binding could be significantly reduced. Beyond alteration of gene activity by the 
antisense mechanism, LNA has also been implemented in the antigene approach. Through 
either strand invasion of chromosomal dsDNA by Watson-Crick base pairing or the 
formation of  triplex structures via Hoogsteen base pairing, regulation of gene expression 
could be observed.[91,92] Due to the success of LNA, numerous LNA-based nucleoside 
modifications have followed. An example, which is of particular interest, is -L-LNA, one of 
the eight LNA stereoisomers (Figure 1.7). A nonamer of an -L-LNA:RNA hybrid, 
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incorporating three modified bases, was described by Petersen et al. to adapt a spatial 
arrangement somewhere in between an A- and B-form.[93] Nonetheless, the melting 
temperature of the hybrid was increased by 17 °C in comparison to the native duplex, 
although no N-type conformation was verified for the -L-LNA sugar. In addition, -L-LNA, 
in contrast to LNA, was claimed to trigger RNase H-mediated cleavage of a complementary 
RNA strand.[94] However, since the experimental setup in this study is lacking some vital 
control experiments, the outcome remains rather questionable. 
Nevertheless, even though LNA appears to be a promising tool to achieve highly potent 
antisense and antigene agents, there are still certain limitations concerning its use that 
must be taken into account. For example, the high binding affinity exerted by LNA is 
accompanied by the tendency to form hairpin structures or homoduplexes of notable 
stability, particularly if LNA-LNA base pairs can be formed.[95] Thus, the abundance and 
position of the LNA-modification has to be carefully adjusted. Additionally, a strong 
hepatotoxic potential related to the presence of LNA has been reported by Swayze and co-
workers.[86] The toxicity was detectable for several different sequences, with and without 
the presence of a complementary counterstrand. Further evidence for the described 
hepatotoxicity was published by Dieckmann et al. who observed that high-affinity ASOs 
tend to randomly bind off-targets, thus resulting in severe side effects.[96]     
Overall, application of the LNA-modification to the ASO approach provides manifold 
possibilities. However, its usage has to be carefully planned. 
  
 
18 1. Introduction 
 
1.2.3 Modification of the Internucleoside Linkage 
The phosphodiester linkage, as present in DNA and RNA, is unique in its structure and 
function. In the process of transcription, as well as during the replication of DNA, the 
phosphodiester linkages are formed through the enzymatic conversion of highly energetic 
triphosphates, resulting in a polar, polyanionic chain. The durability of the emerging 
internucleoside bridge is a compromise between an adequate stability for the safe storage 
of genetic information and sufficient lability to be cleaved, repaired or recycled if needed. 
In 1987, Westheimer wrote about the 'importance of being ionized' and the necessity of 
the anionic charge pattern for nucleic acids to prevent their diffusion over cellular 
membranes.[97] Roughly 15 years later, Benner and Hutter reported about the need of the 
permanently negatively charged backbone for the overall function of DNA and RNA.[98] 
Accordingly, the charge repulsion between the phosphate groups (i) prevents self-
aggregation of single stranded nucleic acids so that they can serve as templates, (ii) 
provides just the right distance between the backbones of two complementary strands to 
facilitate base recognition and duplex formation and (iii) displays the necessary scaffold for 
DNA replication and mutation. In summary, the polyanionic, highly polar and fairly stable 
nucleic acid backbone structure is the perfect match for its function as a genetic 
biopolymer. On the other hand, these properties that are favorable for biological processes 
are incompatible with the prerequisites for drug-like agents.[99] Due to their pronounced 
polarity, ONs are not resorbed well and get excreted rapidly. Furthermore, the negative 
charge hampers cellular uptake as well as tissue distribution. Even if ONs were resorbed, 
degradation by endogenous nucleases would cleave the phosphodiester backbone of the 
ON agent before it could exert any effect. Thus, it is the task for medicinal chemists to 
create a modified backbone structure that provides a fitting pharmacokinetic profile while 
preserving the unique recognition properties and target affinity of native nucleic acids. 
1.2.3.1 Anionic Backbone Linkages 
One of the earliest backbone modifications maintaining the anionic charge were the 
phosphorothioates (PS) (Figure 1.8) first described by Eckstein.[100] They can be obtained 
through a rather minor modification in which a sulfur replaces one of the non-bridging 
oxygen atoms of the phosphate linkage. However, this one-atom exchange has been shown 
to have a far-reaching impact on the general ON characteristics. Unlike the native DNA 
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backbone, PS linkages are stable towards nuclease-mediated degradation[101,102] and show 
an improved stability in biological media. Furthermore, the sulfur atom is well tolerated by 
RNase H, which still recognizes hybrid duplexes of PS ONs and RNA.[103,104] Also, the PS 
modification has been reported to exert a beneficial effect on pharmacokinetics. Due to 
enhanced binding to plasma proteins, renal excretion was shown to drop significantly.[103] 
On the other hand, cellular uptake was shown to be improved, resulting from an increased 
interaction with cell surface proteins.[105] Still, these desirable effects have also been 
proven to have a down side, since PS ONs also strongly bind to immune receptors, thus 
triggering pro-inflammatory reactions.[106] Also, the introduction of the sulfur atom 
furnishes a chiral center at the phosphorus, thus leading to Rp and Sp isomers.[102] Both 
isomers show differing physicochemical properties. The presence of the Rp isomer 
contributes to higher thermal stability, but it is slightly more labile in terms of nuclease 
stability.[107] For this reason, several possibilities for the synthesis of stereochemically pure 
PS ONs have been explored.[108–110] However, biological evaluation of all-Rp-ONs and all-Sp-
ONs in cell and animal models could allocate no significant benefit of the pure isomers over 
a stereorandom PS ON.[111]  Nonetheless, the PS modification represents one of the most 
widely used backbone modifications and has, with the FDA approval of the all-PS-modified 
ASO fomivirsen, already made its way into the clinic.     
 
Figure 1.8. Overview of selected anionic backbone modifications in comparison with native DNA. 
B = nucleobase. 
Further examples for anionic backbone linkages are the N3'-phosphoramidates[112] and the 
3'-methylene phosphonates[113]. Wilson and his group described the synthesis and 
properties of the N3'-phosphoramidates. In thermal dissociation studies they observed an 
enhanced affinity of uniformly N3'-phosphoramidate modified ONs towards DNA, RNA and 
other N3'-phoshoramidate containing ONs. In general, an increase of about 2.2-2.6 °C/mod 
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could be achieved. Furthermore, the phosphoramidate linkage steers the backbone into an 
RNA-like A-form and, additionally, shows physicochemical properties closely related to RNA 
congeners. Yet, for ONs carrying the N3'-modification, no activation of RNase H could be 
observed.[114] 3'-Methylene phosphonates by An et al. were reported to possess enhanced 
stability towards nucleases as well as good affinity for their RNA targets.  
1.2.3.2 Neutral Backbone Linkages 
An alternative approach to alter the properties of native nucleic acids is the introduction of 
uncharged internucleoside connectors. Replacement of the anionic phosphodiester by 
neutral groups was thereby hoped to enhance cellular uptake due to a generally more 
lipophilic structure. Also, an improved binding affinity to complementary strands was 
desired, since neutral linkages would cancel out the electrostatic repulsion that is normally 
present between the two negatively charged ON backbones. One of the earliest described 
uncharged backbone modifications were the methylphosphonates (MP), in which one of 
the non-linking oxygens is replaced with a methyl group (Figure 1.9).[115] Similar to their 
congeners, the phosphorothioates, insertion of the MP-modification resulted in a mixture 
of diastereomers.[116] The thus obtained ONs showed an increased stability towards 
nuclease-mediated degradation, yet are relatively sensitive regarding decomposition under 
basic conditions, which are necessary in standard protocols for DNA synthesis. Additionally, 
their affinity towards complementary RNA was described to be less pronounced than for 
unmodified ONs. Also, poor solubility in water and the incapability to activate RNase H add 
up to the list of unwanted characteristics.  
 
Figure 1.9. Overview of selected neutral backbone modifications in comparison with native DNA. 
B = nucleobase. 
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Although, Reynolds et al. accomplished the synthesis of all-Rp-modified MP ONs, which 
furnished duplexes with higher stability compared to the diastereomeric mixture, their 
overall unfavorable profile left the methylphosphonates as a less frequently used 
option.[117] Another variant to obtain neutrally charged backbone structures has been 
explored by Schneider and Benner, who worked on sulfur-linked ONs and created building 
blocks for the assembly of sulfide-, sulfoxide- and sulfone-linked congeners of DNA 
(Figure 1.9).[118] This approach was further investigated by Richert and Benner who focused 
on the synthesis and properties of fully dimethylene sulfone-modified RNA (rSNA).[119] 
Although rSNA was proven to suffer from an immense loss in binding affinity towards both 
DNA and RNA (Tm  - 15 °C/mod), it also provided valuable insights into the role and 
significance of the anionic backbone structure for duplex formation. This information, as 
mentioned above, has also been subject of a review by Benner and Hutter in 2002.[98] Yet a 
different approach, i.e. to create a neutral, achiral internucleoside bridge without the usage 
of sulfur or phosphorus, was applied by Sanghvi et al. The resulting modification is known 
as the methylene(methylimino) (MMI) backbone linkage (Figure 1.9).[120] Synthesis of fully 
alternating ONs through dimeric phosphoramidate building blocks incorporating the MMI-
modification was described to produce highly biologically as well as chemically stable 
oligomers. Furthermore, excellent target recognition, good water solubility and retained 
base-pairing fidelity were reported. Still, hybrid duplexes with RNA were no substrates for 
RNase H. 
The successful exchange of the phosphodiester with several structural isomers of an amide 
linkage was presented by De Mesmaeker and co-workers (Figure 1.9, structures 1-3).[121–
123] As for the MMIs, the synthesis of partially modified amide ONs was feasible through 
usage of dimeric phosphoramidite building blocks in standard automated DNA synthesis. 
While partial substitution of the native backbone structure with 1 and 2 resulted in slightly 
destabilized duplexes with RNA and DNA, the insertion of 3 furnished a modestly improved 
affinity to RNA (Tm  + 0.5 °C/mod) but not DNA.[121] An explanation could be the general 
rigidity of the amide structure, which preorganizes the sugar in a C3'-endo conformation 
and is therefore more likely to form A-type helices. Additionally, improved biological 
stability against nuclease-mediated cleavage could be observed. Moreover, Rozners et al. 
studied the effects of the amide modification on siRNA performance.[124] Interestingly, 
amides were shown to be well tolerated by both the passenger and the guide strand when 
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placed in the center of the sequence, and they even improved the silencing effect when 
located close to the 5'-end of the passenger RNA.   
 
 
Figure 1.10. Neutral backbone modifications replacing the whole phosphate-sugar backbone, in 
comparison to native DNA. B = nucleobases. 
In contrast to the aforementioned backbone alterations, some versions also exist in which 
the whole sugar-phosphate chain has been replaced. In Figure 1.10, two of the most 
prominent congeners of this approach – the peptide nucleic acids (PNA) and the 
phosphoramidate-linked morpholino (PMO) structure – are depicted. Both variants belong 
to the uncharged backbone linkages and exert considerable effects when incorporated in 
a nucleic acid oligomer. The PNAs have been first described by Nielsen and co-workers, who 
synthesized a thymine-substituted oligomer with a fully replaced polyamide backbone.[125] 
The N-(2-aminoethyl)glycine units, to which the nucleobases are attached, were inspired 
by the polypeptide chains of proteins. The obtained artificial structure not only displayed 
satisfying sequence-selective binding to a dA10-mer, but was also capable of displacing an 
unmodified dT10-mer out of an DNA-DNA duplex with the dA-target strand. Subsequent 
melting temperature experiments revealed a drastic increase in duplex stability of the PNA-
DNA hybrid in comparison to the native DNA duplex (Tm  + 6,3 °C/mod.). Only two years 
later, Nielsen et al. published some further insights about PNAs containing all four canonical 
DNA bases and reported about their capability to recognize mixed counterstrands 
according to Watson-Crick base-pairing rules, while also exerting high stability towards 
nuclease-mediated degradation.[126] Structural analysis of PNA-DNA and PNA-RNA 
duplexes additionally disclosed the exceptional flexibility of the PNA strands, which allows 
easy adaption of A- as well as B-type conformations.[127,128] Moreover, PNAs were shown 
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to form highly stable triplexes with dsDNA through strand evasion, thus marking them as 
potential antigene agents.[129] These results, together with the facile access to PNA ONs via 
solid phase peptide synthesis, triggered a rapidly rising interest in the artificial structural 
peptide/nucleic acid fusion. Over time they found application in various different 
strategies, like the antisense approach[130,131], in splice modulation studies[132] and in 
antigene technology[133,134]. Yet, PNAs come with three crucial disadvantages. They only 
show poor water solubility, are incapable of crossing cellular membranes and possess a 
tendency to form self-aggregates. The resolution of these drawbacks is still subject to 
intensive research.[135–137] PMOs are a class of nucleic acid analogues in which the 
phosphodiester linkage is substituted with a phosphorodiamidate backbone and the ribose 
sugar is replaced with a morpholino unit. Fully PMO-modified oligomers were described to 
bind complementary RNA in a more stable way than the corresponding DNA sequence. 
Although PMO ONs, like PNAs, are neutral DNA analogues, they were reported to show 
good water solubility, paired with an increased stability in biological media. [138] Also, 
studies comparing PMO ONs with phosphorothioates of the same sequence unveiled 
superior antisense efficacy of the morpholino oligomers in both cell-free and cellular 
systems.[139] However, PMO-modified ONs are neither a substrate for RNase H nor do they 
show enhanced cellular uptake. As a result, they only displayed poor to modest activity in 
in vivo studies and are still in need of further improvement.[140]   
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Abstract
Their unique ability to selectively bind specific nucleic acid sequences makes oligonucleotides promising bioactive agents. Howev-
er, modifications of the nucleic acid structure are an essential prerequisite for their application in vivo or even in cellulo. The
oligoanionic backbone structure of oligonucleotides mainly hampers their ability to penetrate biological barriers such as cellular
membranes. Hence, particular attention has been given to structural modifications of oligonucleotides which reduce their overall
number of negative charges. One such approach is the site-specific replacement of the negatively charged phosphate diester linkage
with alternative structural motifs which are positively charged at physiological pH, thus resulting in zwitterionic or even oligo-
cationic backbone structures. This review provides a general overview of this concept and summarizes research on four according
artificial backbone linkages: aminoalkylated phosphoramidates (and related systems), guanidinium groups, S-methylthiourea
motifs, and nucleosyl amino acid (NAA)-derived modifications. The synthesis and properties of the corresponding oligonucleotide
analogues are described.
Introduction
Oligonucleotides have the unique ability to bind endogenous
nucleic acids in a selective and sequence-specific manner. They
can therefore modulate biological functions via different mech-
anisms [1]. Single-stranded oligonucleotides (ONs) can act in
cellulo mainly via two different pathways (Figure 1). In the
antigene pathway [2], the ON enters the nucleus and binds to
double-stranded DNA to form a triple helix. The triple helix is
not a substrate for the transcription machinery, and hence, RNA
biosynthesis (and therefore protein formation) is blocked. In the
antisense pathway [3], the ON binds to single-stranded mRNA
in the cytoplasm, thus furnishing a duplex structure (usually a
DNA–RNA heteroduplex) which cannot undergo ribosomal
protein biosynthesis. Alternatively, the DNA–RNA heterodu-
plex can be a substrate for RNAse H-mediated degradation of
the mRNA strand. This way, catalytic amounts of the ON can
mediate the efficient cleavage of mRNA encoding a specific
protein, which leads to effective (though reversible) and selec-
tive downregulation of the protein's activity. A third option for
Beilstein J. Org. Chem. 2018, 14, 1293–1308.
1294
Figure 1: Biological action of single-stranded oligonucleotides (ON): antigene and antisense pathways.
the biological action of oligonucleotide structures is the trig-
gering of the RNA interference mechanism by double-stranded
'small interfering' RNA (siRNA, mechanism not shown) [4]. Al-
ternatively, single-stranded oligonucleotides (anti-miRNA
oligonucleotides, 'AMOs', 'antimiRs') can inhibit endogenous
microRNA-mediated RNA interference by blocking the RNA
strand in the involved protein–RNA complex (RISC) [5].
The capability of ONs to exert the aforementioned biological
mechanisms via sequence-specific molecular recognition makes
them highly attractive candidates for drug development. How-
ever, their pharmacokinetic properties are problematic and
represent a significant hurdle for their therapeutic application.
First, the high polarity of ONs, mainly caused by their oligoan-
ionic phosphate diester backbone, severely hampers the penetra-
tion of biological barriers such as cellular membranes, thus
leading to low cellular uptake. Second, unmodified ON struc-
tures are good substrates for nuclease-mediated degradation.
Consequently, it is of vital importance to chemically modify
ON structures in order to make them suitable drug candidates or
chemical probes, e.g., for diagnostic purposes [6,7].
The relevance of the polyanionic phosphate diester-linked back-
bone to the overall function of nucleic acids has been discussed
by Westheimer [8], Benner [9,10], and others. In spite of these
considerations, many artificial internucleotide linkages were in-
vestigated in order to reduce the overall negative charge of the
backbone and to enhance nuclease stability. One apparent ap-
proach to achieve these goals is the introduction of non-native
electroneutral backbone linkages, with the nucleic acid mimic
'peptide nucleic acid' (PNA) [11-13] representing a striking ex-
ample. Although the achiral PNA backbone is pronouncedly
different from native nucleic acid structures, PNAs are capable
of sequence-specific hybridization to native nucleic acids. How-
ever, their moderate water solubility and peptide-like folding
properties [9] are hurdles for their biological application. As an
alternative strategy, the (deoxy)ribose part of the backbone has
been retained and only some of the internucleotide phosphate
diesters have been selectively replaced by electroneutral motifs.
Such artificial neutral linkages include, among others, sulfone
[14], amide [15-22], triazole [23-27], phosphoramidate [28] and
phosphate triester [29] moieties.
Using a different approach, positive charges have been intro-
duced into nucleic acid structures. Positively charged moieties
were either employed (i) as additional charged structural motifs
compensating for the negative charges in the backbone link-
ages or (ii) as replacements of the native negatively charged
phosphate diester linkages. The first option has found consider-
able attention, with positively charged moieties attached to
nucleobases or the ribose sugar. Some selected examples 1–6 of
resulting nucleic acid structures are provided in Figure 2
[30-37]. Oligonucleotides of this type are at least partially
zwitterionic, but overall densely charged. With respect to the
aspired improvement of cellular uptake, fully cationic oligo-
nucleotide analogues might also be attractive candidate struc-
tures, as indicated by the advantageous properties of cationic
cell-penetrating peptides (CPPs) [38]. However, the design of
Beilstein J. Org. Chem. 2018, 14, 1293–1308.
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Figure 2: Selected examples 1–6 of nucleic acid modifications based on additionally attached positively charged moieties, but retaining an intact
phosphate diester backbone (B1, B2 = nucleobases) [30-37].
Figure 3: Oligonucleotide analogues with artificial cationic backbone linkages discussed in this review: aminoalkylated phosphoramidates 7 (and
related systems, not shown), guanidinium-linked 'DNG' 8, S-methylthiourea-linked oligomers 9, and nucleosyl amino acid (NAA)-modified oligonucleo-
tides 10 (B1, B2 = nucleobases).
modifications of type 1–6 precludes the preparation of fully
cationic oligonucleotide analogues.
This review focusses on the second aforementioned option to
employ cationic motifs in oligonucleotide structures, i.e., as
replacements of the native phosphate diester linkages [39]. In
principle, this approach enables the preparation of partially or
fully zwitterionic as well as cationic backbones. This strategy
has been studied less frequently, with research on four artificial
cationic linkages summarized in this review: aminoalkylated
phosphoramidates (and related systems), guanidinium groups,
S-methylthiourea motifs, and nucleosyl amino acid (NAA)-
derived modifications. The synthesis and properties of the cor-
responding oligonucleotide analogues of types 7–10 (Figure 3)
with cationic backbone linkages are described.
Review
Aminoalkyl phosphoramidate linkages and
related systems
Pioneering work in the field has been reported by Letsinger and
co-workers. In 1986, they introduced a deoxyadenosyl dinu-
cleotide linked by an aminoethyl phosphoramidate moiety
which is positively charged under acidic and neutral conditions
[40]. Based on these results, they subsequently reported the
synthesis of short, cationic DNA oligonucleotides with phos-
phoramidate linkages of type 7, which were N-alkylated with
substituents containing basic structural motifs [41].
The synthesis of the modified deoxyadenosyl dinucleotide 11
was achieved using solution-phase chemistry (reactions not
shown, for structure of 11 see Scheme 1) [40]. Subsequently,
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Scheme 1: Structure of Letsinger's modified deoxyadenosyl dinucleotide 11 and synthesis of cationic oligonucleotide analogue 18 containing amino-
alkyl phosphoramidate linkages. CPG = controlled pore glass (solid support).
the preparation of corresponding oligonucleotide analogues was
performed on solid support using H-phosphonate chemistry
(Scheme 1). Thus, solid phase-linked thymidine 12 was coupled
with 5'-dimethoxytrityl-(DMTr)-protected thymidine 3'-H-phos-
phonate 13 to give dimeric H-phosphonate 14, which was then
acidically DMTr-deprotected to furnish 15. After the desired
number of such coupling-deprotection cycles, the phosphite-
linked oligo-thymidine 16 was transformed in an oxidative
amidation reaction [42] in the presence of iodine and N,N,N'-
trimethylethylenediamine (17) to yield, after basic cleavage
Beilstein J. Org. Chem. 2018, 14, 1293–1308.
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from the solid support, the envisioned aminoalkyl phosphor-
amidate-linked oligonucleotide 18.
To study the hybridization properties of such cationic oligo-
nucleotide analogues with native DNA and RNA, Letsinger and
co-workers performed UV-monitored thermal denaturation ex-
periments [40,41]. In the case of the modified deoxyadenosyl
dimer 11, hybridization with native RNA-TPoly as well as with
DNA-TPoly strands was evident and the complex formed more
stable than comparable complexes involving the native d(ApA)
DNA reference. An increase of the measured Tm of ≈10 °C
for complexes of the aminoethyl phosphoramidate-linked
dinucleoside 11 with RNA and ≈25 °C for the according
hybridization with DNA was observed [40]. In addition, the
cationic dimer 11 was shown to bind more tightly to native
RNA and DNA strands in the presence of magnesium chloride
[40].
For the cationic T-oligomer 18, Letsinger and co-workers re-
ported a strongly reduced absorbance of a mixture of 18 with
DNA-APoly in thermal melting studies, as compared to the non-
hybridized, single-stranded oligonucleotides [41]. This indicat-
ed a successful complex formation with ordered base stacking
of the positively charged oligonucleotide analogue and its
native DNA counterstrand. When exposed to high ionic strength
(1.0 M NaCl), the complex was shown to undergo a significant
decrease in stability. This effect of high salt concentrations was
inverse to the corresponding effect for native anionic DNA
duplexes and obviously resulted from electrostatic shielding
mediated by the salt ions, thus weakening the attraction of the
oppositely charged backbones [41].
In order to elucidate the stability of aminoethyl phosphor-
amidate-linked oligonucleotides to nuclease-catalysed degrada-
tion, Letsinger and co-workers described the incubation of such
oligomers, the deoxyadenosyl dimer 11 and DNA-TPoly (as a
reference) with snake venom phosphodiesterase and spleen
phosphodiesterase, respectively [40,41]. In these assays, neither
the modified dimer 11 nor oligonucleotides of type 7 (such as
18) showed any degradation by either enzyme, while native
DNA reference strands were rapidly cleaved.
Other groups have subsequently employed Letsinger's amino-
alkyl phosphoramidate linkage (or variations thereof) in
biochemical and biological studies on the properties of corre-
sponding oligonucleotides. Weeks and co-workers have demon-
strated that a triplex-forming antigene oligonucleotide modified
with a variant of Letsinger's linkages can efficiently inhibit the
expression of plasmid DNA injected into Xenopus oocytes [43].
The presence of the cationic backbone modification and a suffi-
ciently long mismatch-free target DNA sequence were essential
for this gene-silencing effect, thus indicating the relevance of
enhanced nuclease stability and sequence-specific DNA
binding. However, the gene-silencing effect could only be
achieved if the modified oligonucleotide and the plasmid DNA
were either mixed prior to cellular injection or if the oligo-
nucleotide was injected first, pointing out a likely competition
of the cationic antigene oligonucleotide with cellular histones
for DNA binding [43].
Vasseur, Debart and co-workers have combined a variant of
Letsinger's linkages with an α-configuration at the anomeric
centers of antisense oligonucleotides [44,45]. They have found
that such zwitterionic to fully cationic α-oligonucleotides bound
to single-stranded DNA and RNA targets with high affinity,
with duplex stabilization being proportional to the number of
cationic modifications. It was also reported that these oligo-
nucleotides showed retained base pairing fidelity, i.e., the Tm
value was significantly reduced in the presence of a base
mismatch. This specificity in binding suggested that such oligo-
nucleotides should be promising sterically blocking antisense
agents as their RNA targets were not digested by RNAse H.
This anticipated bioactivity was confirmed in whole cell assays
without the presence of transfection agents, suggesting that the
altered charge pattern of the oligonucleotide backbone enabled
its cellular self-delivery [44]. The same authors then also
studied similar oligonucleotides with guanidinium groups as
cationic moieties, which were obtained by postsynthetic guani-
dinylation of the congeners with amino-functionalized phos-
phoramidate linkages (reaction not shown) [46]. The presence
of the guanidinium units furnished high hybridization affinities,
in particular with single-stranded RNA targets, and also in
triplex formation with double-stranded DNA, though the amino-
functionalized analogues gave similar triplex stabilities. A fully
cationic and fluorescently labelled guanidinylated oligonucleo-
tide was subjected to comparative cellular uptake studies. Rela-
tive to its fluorescently labelled anionic phosphorothioate
congener, it showed vastly enhanced cellular uptake. Fluores-
cence microscopy revealed a cytoplasmic localization of the
oligonucleotide without accumulation in the nuclei. This indi-
cated an endocytotic uptake mechanism with (at least partial)
retention of the material in the endocytotic vesicles. No unspe-
cific cytotoxic effect of the guanidinylated oligonucleotide was
observed.
Other types of oligonucleotides with aminoalkyl moieties as
part of artificial internucleotide linkages have also been re-
ported. With respect to their structural similarity to Letsinger's
aminoalkyl phosphoramidate linkages, these variants are cate-
gorized as 'related systems' in this review. Fathi et al. have
established the aminoethylphosphonate linkage 19 (i.e., a phos-
phonate analogue of amidate 7) [47], and Rahman, Obika and
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co-workers have described cationic phosphorothioates of type
20 [48] (Figure 4).
Figure 4: Artificial cationic backbone linkages 19 and 20 which are
structurally related to aminoalkylated phosphoramidates of type 7
(B1, B2 = nucleobases).
The preparation of phosphonate linkage 19 was achieved in
diastereomerically pure form, i.e., with defined configuration at
the stereogenic phosphorus atom [47]. Corresponding
RP-configured zwitterionic oligonucleotides formed duplexes
with complementary DNA or RNA that were more stable than
their respective native counterparts. The modified oligonucleo-
tides showed pronounced nuclease and serum stability as well
as significantly enhanced cellular uptake relative to their native
congeners. As for the aforementioned phosphoramidates, fluo-
rescence microscopy indicated a cytoplasmic localization of the
tested zwitterionic oligonucleotide without significant accumu-
lation in the nuclei, thus pointing to endocytotic uptake with
retention of the compound in endocytotic vesicles (vide supra).
Cationically functionalized phosphorothioates of type 20 were
also prepared as diastereomerically pure compounds with
defined configuration at the stereogenic phosphorothioate unit
[48]. A series of different residues (R in Figure 4) bearing one
or two basic amino functionalities was introduced. The result-
ing 12-mer oligonucleotides with one cationic internucleotide
linkage (all other linkages were phosphates) were tested for
their ability to form duplexes with single-stranded DNA or
RNA as well as triplexes with double-stranded DNA. The
aminoalkylated RP-phosphorothioates showed an increased
stability of DNA duplexes while the SP-isomers gave destabi-
lized duplexes. Both the cationically functionalized RP- and
SP-oligonucleotides displayed decreased affinity towards RNA,
while triplex formation was enhanced for all tested RP
congeners. The aminoalkylation generally provided an in-
creased nuclease stability, which was more pronounced for the
RP isomers.
Deoxyribonucleic guanidines (DNG) with
guanidinium linkages
In their design of cationic oligonucleotide analogues, Bruice et
al. did not just attach a cationic moiety to the modified phos-
phate diester backbone, but they completely replaced it with a
guanidinium linkage to give 'deoxyribonucleic guanidines
(DNG)' of type 8 [49]. The guanidinium group was selected
owing to its maintenance of a positive charge over a broad pH
range and its ability to form both intermolecular electrostatic
interactions and hydrogen bonds [50]. Letsinger's aminoalkyl
phosphoramidate modification was stereogenic at the phos-
phorus atom, thus leading to complex mixtures of diastereo-
meric oligomers (with the exception of the aforementioned
related systems, vide supra) as the stereoselective synthesis of
stereogenic phosphate derivatives is challenging. Therefore,
achiral artificial linkages such as guanidinium groups may be
considered advantageous from a stereochemical perspective.
For the first synthesis of a pentameric thymidinyl DNG in 1996,
Bruice and co-workers used an iterative solution-phase protocol
(reactions not shown) [51]. This method was associated with
some limitations, such as its moderate yields and the need for
purification after each synthetic step. Subsequently, two differ-
ent approaches for the solid phase-supported synthesis of DNG
oligomers were introduced. They enabled chain elongation
either in the 5'→3' [52] or 3'→5' [53] direction, respectively.
Starting from protected 3',5'-dideoxy-5'-amino-3'-azidothymi-
dine 21, the 5'→3' route was based on the synthesis of the
diamino intermediate 22 and thiourea monomer 23, which was
then converted into a reactive carbodiimide 24 and coupled to a
terminal amino group of the solid phase 25 (Scheme 2). This
coupling furnished solid phase-attached intermediate 26, which
was Fmoc-deprotected to the amine 27. Iterative repetition of
this coupling-deprotection cycle gave oligomer 28, which was
then acidically cleaved from the solid support and reductively
Troc-deprotected to afford octameric thymidinyl DNG 29.
Based on this method, the solid phase-supported synthesis oper-
ating in the 3'→5' direction was later developed. As described
by Bruice and co-workers, it was compatible with the cleavage
conditions used in the solid phase-supported synthesis of native
DNA and also allowed the introduction not only of pyrimidine,
but also of purine bases into the oligonucleotide analogue [53].
The method was based on the activation of the 5′-mono-
methoxytrityl (MMTr)-protected 3'-thiourea monomer 30 to the
corresponding carbodiimide 31 (Scheme 3). Using long-chain
alkylamine controlled pore glass (CPG) loaded with 5′-amino-
5′-deoxythymidine (32) as solid phase, the reaction cycle started
with the guanidine-forming coupling of 31 and 32 to give 33,
followed by acidic cleavage of the MMTr protecting group to
yield the free 5'-amine 34. Subsequent iterative coupling–depro-
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Scheme 2: Bruice's synthesis of guanidinium-linked DNG oligomer 29 in the 5'→3' direction (Troc = 2,2,2-trichloroethyloxycarbonyl).
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Scheme 3: Bruice's synthesis of purine-containing guanidinium-linked DNG oligomer 36 in the 3'→5' direction (MMTr = monomethoxytrityl).
tection cycles resulted in the formation of the guanidinium-
linked oligomer 35. After basic guanidine and purine deprotec-
tion and concomitant cleavage from the solid support, final
acidic deprotection furnished A5T oligonucleotide analogue 36.
In addition to these protocols, the solid phase-supported synthe-
ses of DNG-DNA chimeras with partially zwitterionic back-
bone structures [54,55] as well as of further mixed DNG se-
quences [56,57] have been described (reactions not shown). It is
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also noteworthy that Bruice and co-workers succeeded in the
preparation of corresponding guanidine-linked RNA analogues
[58,59], though this is not within the main scope of this review.
Bruice et al. reported that oligonucleotide analogues containing
the cationic DNG-modification bind to DNA with retention of
base-pairing fidelity, furnishing thermally highly stable com-
plexes with native complementary DNA and RNA counter-
strands [51,60-64]. The increase in melting temperature for the
DNG-DNA complex was reported to be around 15–25 °C per
bp under nearly physiological conditions, dependent on the sur-
rounding ionic strength. As shown by Job plot analysis, an
oligo-thymidinyl DNG forms triple-stranded complexes in a
2:1 mixture with its native DNA counterstrand, i.e., the result-
ing triplex contains two DNG oligo-thymidylate analogues and
one oligo-adenylate DNA strand [64]. The same binding stoi-
chiometry was observed for an oligo-deoxyadenosyl DNG in
complex with a native oligo-thymidylate DNA [53]. Overall,
the obtained results suggest that adenosine- and thymidine-
derived DNG oligomers support the formation of triplex struc-
tures, but that the DNG-DNA ratio within the complex is deter-
mined by the respective nucleobases. Remarkably, neither
cytidinyl nor 7-deazaguanyl DNG oligomers furnish triplexes,
but bind their complementary DNA counterstrand in a 1:1 ratio
[65,66]. Furthermore, it was shown that an increase in ionic
strength shields the oppositely charged backbones, thus destabi-
lizing both DNG-DNA duplexes and triple-stranded DNG-DNA
complexes, respectively. The triple-stranded DNG-DNA com-
plex was less affected than its duplex congener though
[51,60,61].
Regarding base-pairing fidelity, Bruice and co-workers have re-
ported significantly reduced stabilities of DNG-DNA duplexes
and triplexes, respectively, upon the insertion of base
mismatches in the DNA counterstrand. Analyzing a 2:1 com-
plex formed from two octameric thymidinyl DNG strands and
one native DNA A8-mer, they concluded that base mismatches
at either end of the DNA counterstrand sequence do not hamper
hybridization as strongly as a single base mismatch in the center
of the DNA strand. Two base mismatches in the center of
the DNA counterstrand led to a complete loss of hybridization
[64].
In addition to these thermal denaturation experiments, Bruice et
al. also reported circular dichroism (CD) spectroscopic studies
to obtain further information on the solution structures of DNG
strands and their complexes with DNA. The corresponding
analysis of the aforementioned triplex (DNG-T8)2/DNA-A8 in-
dicated a usual B-DNA-derived triple helix structure, while the
comparison of single-stranded DNG-T8 with native DNA-T8
furnished two very different CD spectra [64].
S-Methylthiourea linkages
In addition to their work on DNG oligonucleotide analogues,
Bruice et al. also reported the positively charged S-methyl-
thiourea backbone modification as an artificial internucleotide
linkage [67-69]. For oligomers containing this replacement of
the backbone phosphate diesters, the term 'DNmts' was coined.
Just like the guanidinium linkage in DNGs, the S-methyl-
thiourea modification is not stereogenic and stable towards
nuclease-mediated cleavage. Furthermore, it retains its positive
charge independent of pH conditions.
Bruice and co-workers initially reported a solution-phase
synthesis that enabled the formation of pentameric thymidinyl
DNmt in the 3'→5' direction (reactions not shown) [68]. They
then introduced an automated solid phase-supported synthesis
which was compatible with standard techniques of DNA
synthesis (Scheme 4) [69]. A derivative of 5'-amino-5'-
deoxythymidine attached to CPG (37) served as the solid phase.
The construction of the oligomer, achieved in 3'→5' direction,
was based on the coupling of 3'-isothiocyanate 38 with the
5'-amino group of 37 to give 39 and, after acidic MMTr
cleavage, 40. Iterative repetition of this coupling-deprotection
cycle afforded thiourea-linked oligonucleotide analogue 41.
Subsequent reaction of the thiourea internucleotide linkages
with methyl iodide furnished the protected S-methylthiourea-
linked oligomer 42 and finally, after cleavage from the solid
support and acidic deprotection, the envisioned DNmt oligomer
43.
As for the pentameric DNG congener (vide supra), the DNmt-
T5 oligonucleotide analogue was shown to bind more tightly to
complementary DNA than DNA itself [68]. Under nearly physi-
ological conditions with respect to pH and ionic strength, the
Tm value for the DNmt-T5/DNA-APoly complex was reported to
be above 80 °C whereas a comparable DNA–DNA duplex was
only stable up to 13 °C. DNmt-T5 complexes with native RNA-
APoly showed an even higher thermal stability. Job plot analy-
sis revealed the formation of triple-stranded complexes be-
tween the DNmt pentamer and DNA-APoly or RNA-APoly, re-
spectively [68,70]. Similar to the results obtained for DNG-T5
(vide supra), a triplex with 2:1 stoichiometry (DNmt:DNA and
DNmt:RNA, respectively) was confirmed.
Remarkably, Bruice et al. identified two different hyper-
chromic shifts for the DNmt-T5/DNA-APoly complex, but not
for comparable DNmt-RNA aggregates when these mixtures
were exposed to higher ionic strength, denoting the thermal
denaturation of the (DNmt-T5)2/DNA-APoly triplex and, subse-
quently, the DNmt-DNA duplex. However, the corresponding
melting temperatures were significantly lower than Tm values
measured in aqueous solutions with physiological ionic
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Scheme 4: Bruice's synthesis of S-methylthiourea-linked DNmt oligomer 43.
strength. This indicates a pronounced destabilization of the
DNmt-DNA complex with increasing ionic strength [70].
Comparable DNmt-RNA complexes were less destabilized
under identical conditions.
Bruice and co-workers also performed further thermal denatura-
tion studies to elucidate base-pairing fidelity of the pentameric
thymidinyl DNmt. No increase in hyperchromicity was ob-
served for combinations of DNmt-T5 with either DNA-GPoly,
DNA-CPoly or DNA-TPoly, over a temperature range from 5 to
93 °C, thus ruling out complex formation with these fully
mismatched native DNA counterstrands. Furthermore, a pro-
nounced drop in thermal stability of DNmt–DNA complexes
containing 50% T–C mismatches and also for congeners con-
taining 20% T–C mismatches was described [71].
In CD spectroscopic studies performed on the thymidinyl DNmt
pentamer, Bruice et al. further confirmed the base-pairing speci-
ficity of oligonucleotides containing the artificial S-methyl-
thiourea backbone linkage [70,71]. CD spectra of DNmt-T5 in
complex with five different DNA oligonucleotides containing
an increasing number of C mismatches showed significant
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Figure 5: Structure of the natural product muraymycin A1 (44) and design concept of nucleosyl amino acid (NAA)-modified (partially) zwitterionic
oligonucleotides of type 48 formally derived from structures 45–47 (B1, B2 = nucleobases).
changes dependent on the mismatch content. While the combi-
nation of DNmt-T5 with DNA-A20 resulted in a CD difference
spectrum with distinct amplitude, the addition of DNA oligo-
nucleotides with an increasing number of C mismatches led to
continuous slackening of signals in the difference spectra, until
those were almost flat for DNA oligonucleotides containing
50% C mismatches. Hence, this indicates that the ability
of the DNmt pentamer to associate with a native DNA
oligomer is dependent on Watson–Crick base pairing and is
severely hampered by an increasing amount of base-pairing
mismatches.
Nucleosyl amino acid (NAA)-derived linkages
Both Letsinger's and Bruice's approaches for the introduction of
positive charges into artificial backbone linkages have charac-
teristic conformational features. Letsinger's aminoalkyl phos-
phoramidate modification and related systems involve a pro-
nounced conformational flexibility of the moieties carrying the
positively charged groups. Hence, it cannot be ruled out that
interactions with the phosphate groups occur which would be
less likely if the positively charged units were more rigidly
fixed to the backbone. In contrast, both Bruice's DNG and
DNmt oligonucleotide analogues are characterized by confor-
mationally rigid internucleotide linkages. Apparently, an alter-
native strategy providing a positively charged backbone linkage
with 'intermediate' conformational flexibility is missing.
These considerations have stimulated our design of a new artifi-
cial internucleotide linkage named 'nucleosyl amino acid
(NAA)-modification' (Figure 5) [72-74]. In principle, the NAA-
modification is inspired by 'high-carbon' nucleoside structures
(i.e., nucleosides having more than five carbon atoms in the
sugar unit) found in naturally occurring nucleoside antibiotics
[75-77]. In muraymycin- and caprazamycin-type nucleoside
antibiotics, among others, such 'high-carbon' nucleosides are
uridine-derived amino acid structures ('glycyluridine', GlyU)
[78-80], which are aminoribosylated at the 5'-hydroxy group.
As part of our ongoing research program on muraymycin
nucleoside antibiotics (e.g., muraymycin A1 (44)) and their ana-
logues [81-88], we have reported the synthesis of simplified
(i.e., 5'-defunctionalized) GlyU derivatives of type 45 (Figure 5)
[86-88]. The formal amalgamation of this 'nucleosyl amino acid
(NAA)' structure 45 with previously reported amide internu-
cleotide linkages of types 46 and 47 [15-22] furnished the struc-
ture of an 'NAA-modified oligonucleotide' 48 (Figure 5). The
6'-amino group of the NAA-modification is positively charged
at physiological pH values, thus providing a (partially) zwitter-
ionic backbone structure if some phosphate diester units are
replaced with the NAA-modification. In the NAA-modification,
several rotatable bonds are combined with the rigid amide
group, and it is therefore expected to represent an example of
the aforementioned positively charged backbone linkage with
'intermediate' conformational flexibility (vide supra).
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Scheme 5: Retrosynthetic summary of Ducho's synthesis of partially zwitterionic NAA-modified oligonucleotides 48 (BOM = benzyloxymethyl).
We have reported that partially zwitterionic NAA-modified
DNA oligonucleotides can be obtained by standard solid phase-
supported automated DNA synthesis if 'dimeric' phosphor-
amidite building blocks 49 and 50 are employed (Scheme 5)
[72,73]. For the synthesis of 'dimeric' phosphoramidites 49 and
50, protected thymidinyl amino acids (S)-51 or (R)-51 were
coupled with protected 3'-amino-3'-deoxythymidine 52 or pro-
tected 3'-amino-2',3'-dideoxyadenosine 53 [73,89], respectively.
Thymidinyl amino acids 51 were obtained from 3'-O-silylated
thymidine-5'-aldehyde 54 via a previously established route
using Wittig–Horner olefination and catalytic asymmetric
hydrogenation as key steps (reactions not shown) [86,87,90-92].
Using 'dimeric' building blocks (S)-49, (R)-49, (S)-50, and
(R)-50 (Scheme 5), automated DNA synthesis under standard
conditions enabled the preparation of partially zwitterionic
NAA-modified oligonucleotides with defined configuration at
the 6'-position, i.e., with control over the spatial orientation of
the positive charge [72,73]. Thus, the NAA-modification was
placed in T–T ('TxT', with x representing the NAA-linkage) and
A–T segments ('AxT') of the oligonucleotide sequence, respec-
tively. Further variation of the 3'-aminonucleoside component
(52 and 53 in Scheme 5) should potentially also allow the intro-
duction of the NAA-modification at C–T and G–T sites within a
given sequence.
So far, 24 different oligonucleotides with one to four TxT
NAA-modifications at various positions [72] as well as two
oligonucleotides with two AxT NAA-modifications [73] have
been reported. The properties of the TxT-containing congeners
have been studied in detail [72]. Thermal denaturation experi-
ments showed that the TxT NAA-modified DNA oligonucleo-
tides formed duplexes with complementary native DNA or
RNA counterstrands, but with moderate destabilization relative
to unmodified native duplexes, in particular for DNA–RNA
hybrids. The fidelity of base pairing was studied using native
DNA counterstrands containing a single base mismatch.
Furthermore, structures of the duplexes were investigated by
CD spectroscopy. The following properties of TxT NAA-modi-
fied DNA oligonucleotides were reported [72]: (i) they formed
reasonably stable duplexes with complementary counterstrands,
in particular with native DNA; (ii) the influence of the spatial
Beilstein J. Org. Chem. 2018, 14, 1293–1308.
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Scheme 6: Retrosynthetic summary of Ducho's and Grossmann's synthesis of fully cationic NAA-modified oligonucleotides 55a and 55b.
orientation of the positive charge, i.e., of the configuration at
the 6'-position, was moderate, with a tendency that (6'R)-config-
ured linkages furnished slightly more stable duplexes; (iii) the
modified oligonucleotides showed no impairment of mismatch
discrimination, i.e., single base mismatches led to a significant
drop in duplex stability; (iv) the formed duplexes were devoid
of significant structural distortion, i.e., their CD spectra indicat-
ed B-type helices for DNA–DNA duplexes and A-type helices
for DNA–RNA duplexes. Overall, these results demonstrated
that typical chemical properties of nucleic acids are retained in
partially zwitterionic NAA-modified DNA oligonucleotides.
However, corresponding studies on NAA-modified DNA oligo-
nucleotides with a fully zwitterionic backbone have not been
conducted yet.
With respect to the aforementioned favourable properties of
zwitterionic NAA-modified oligonucleotides, the obvious aim
was to synthesize fully cationic oligomers, i.e., oligonucleotide
analogues with the cationic NAA-modification as their sole
internucleotide linkage. The phosphoramidite-based synthetic
strategy depicted in Scheme 5 was not suitable to reach this
goal as it furnishes phosphate diester linkages at least at every
second position within a given sequence. Therefore, a different
synthetic route was developed (Scheme 6) [74]. The envisioned
fully cationic thymidine-derived oligomers 55a (all-(S)-config-
ured at the 6'-positions) and 55b (all-(R)-configured at the
6'-positions) were assembled by manual Fmoc-based solid
phase-supported peptide synthesis using the monomeric
3'-amino-nucleosyl amino acids (S)-56 and (R)-56, respectively,
as building blocks. The synthesis of thymidinyl amino acids 56
was again started from a corresponding 5'-aldehyde 57 using
Wittig–Horner olefination and catalytic asymmetric hydrogena-
tion as key steps (reactions not shown) [74].
The properties of fully cationic oligonucleotide analogues 55a
and 55b were studied in detail [74]. Thermal denaturation ex-
periments demonstrated a strong hybridization of both
thymidinyl oligomers with native complementary A14 DNA,
with Tm values being 9 and 17 °C higher, respectively, than the
Tm value of an unmodified T14–A14 DNA reference duplex. As
anticipated based on Letsinger's and Bruice' work (vide supra),
the Tm value of the 55–DNA complex decreased with increas-
ing ionic strength. Studies on base-pairing fidelity gave the
remarkable result that both 55a and 55b were largely insensi-
tive to the presence of a single base mismatch in the counter-
strand, thus indicating that electrostatic attraction overruled
Watson–Crick base-pairing specificity in these cases.
CD spectroscopy indicated that both 55a and 55b formed
double-helical duplex structures with complementary DNA,
apparently with slight distortions in case of the 55b–DNA
duplex.
The hampered base-pairing fidelity of 55a and 55b raised the
question if the hybridization of these oligocations with oligoan-
ionic DNA was dependent on Watson–Crick base-pairing at all
or if it was mainly mediated by electrostatic attraction. Thermal
denaturation studies of mixtures of 55a or 55b, respectively,
with a fully mismatched DNA counterstrand (G6TTG6) showed
a pronounced hyperchromicity upon heating in both cases, but
also indicated that no transition between two defined states
occurred [74]. It was derived from these results that 55a and
55b probably formed less defined, unspecific aggregates with
the fully mismatched counterstrand, which then disassembled at
elevated temperatures. This hypothesis was further supported by
CD-spectroscopic studies. The overall conclusion was that the
formation of defined double-helical duplex structures of 55a
and 55b with DNA was mainly steered by Watson–Crick base-
Beilstein J. Org. Chem. 2018, 14, 1293–1308.
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pairing, but that unspecific electrostatic attraction also contrib-
uted to the hybridization of the strands.
Conclusion
In summary, this review provides an overview of four different
approaches to introduce cationic backbone linkages as replace-
ments of the phosphate diester units into oligonucleotide struc-
tures: i) aminoalkylated phosphoramidates and related systems;
ii) guanidinium groups; iii) S-methylthiourea motifs and
iv) nucleosyl amino acid (NAA)-derived modifications. All of
these artificial internucleotide linkages are accessible by means
of chemical synthesis, which is either based on the application
of H-phosphonate (for i) or phosphoramidite-based (for iv)
DNA synthesis, or on a massively modified version of DNA
synthesis (for ii and iii), or on solid phase-supported peptide
synthesis (for iv).
Studies on the properties of resulting oligomers are not fully
conclusive yet. Some data, for instance on base-pairing fidelity,
are missing for Letsinger's originally reported aminoalkylated
phosphoramidates, while subsequently reported variants thereof
and related systems have been studied in more detail. Thus,
both retained base-pairing fidelity and improved cellular uptake
have been reported for some oligonucleotides with structural
similarity to Letsinger's first-generation aminoalkylated phos-
phoramidates. Bruice's guanidinium- and S-methylthiourea-
linked systems have a pronounced tendency to form triple-
helical structures with native nucleic acids, which makes a
direct comparison with the other approaches difficult. Bruice's
data suggest retained base-pairing fidelity for fully cationic
oligomers, which is in remarkable contrast to our results ob-
tained for NAA-modified oligonucleotides. The latter showed
excellent base-pairing fidelity in the case of partially zwitter-
ionic backbones, but insensitivity to single base mismatches for
the hybridization of fully cationic oligomers with native DNA.
Recently reported results on such fully cationic NAA oligomers
[74] indicate that in addition to Watson–Crick base-pairing,
unspecific electrostatic attraction also plays a role in the hybrid-
ization process. Overall, one must state that the interplay of the
structural and conformational properties of cationic internu-
cleotide linkages and the physicochemical behaviour of corre-
sponding oligomers in their binding to anionic nucleic acids is
only scarcely understood and will require further research
efforts.
Studies on the biological properties of (partially) zwitterionic
and cationic oligonucleotide analogues in cellular systems, in
particular with respect to their cellular uptake, are currently
only available for some aminoalkylated phosphoramidate-
linked oligonucleotides and a related phosphonate analogue.
The anticipated vast improvement of cellular uptake due to the
presence of the cationic internucleotide linkages was proven for
these systems, even though they displayed hampered endo-
somal release. On the other hand, our results on NAA-derived
cationic oligomers suggest that, as a paradigm for the design of
cationic oligonucleotide analogues for biological applications,
one should potentially be cautious with respect to the number of
positive charges in the backbone: base-pairing fidelity might be
hampered, dependent on the structure of the artificial internu-
cleotide linkage. It will therefore also be of significant rele-
vance to further investigate the influence of the charge pattern
in the backbone on the oligonucleotides' cellular uptake. The
stage is set to perform such studies, which will further advance
the development of cationically linked oligonucleotide ana-
logues for potential applications as drug candidates, diagnostic
agents or chemical tool compounds.
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1.2.4 Chimeric Oligonucleotides: The Gapmer Approach 
As discussed in the preceding sections, there are numerous different modifications 
available that allow tuning and alteration of ON properties. Yet, only a handful have 
proceeded to be truly useful and applicable for therapeutic purposes. Also, even these few 
examples remain connected to adverse drug events due to unwanted side effects. As a 
prime example for this phenomenon, the LNA modification by Wengel et al. can be named. 
Incorporation of LNA into an ON sequence was shown to be accompanied by an unmatched 
boost in target affinity and biological stability.[141] But, together with these improvements, 
loss of RNase H activation as well as an enhanced predisposition for off-target binding[96] 
was also confirmed. Hence, it would be of major value for antisense applications to find a 
way of optimizing ON properties while keeping unwanted side effects to a minimum. One 
strategy that pursuits this goal is the gapmer approach. Through merging of several 
modifications with each other, or with native DNA, an accumulation of beneficial 
characteristics is aspired. Thus, in this strategy, the ON sequence is subdivided into several 
segments as depicted in Figure 1.11. The module positioned in the middle of the sequence 
- the gap region - is envisioned to maintain base-pairing fidelity and facilitate activation of 
RNase H-mediated RNA degradation. Therefore, it is mostly composed of unmodified DNA 
or artificial nucleosides that still facilitate RNase H activation (like phosphorothioates[104]) . 
On the other side, the flank regions located at the 5'- and 3'-end contain modified 
nucleosides to prevent rapid biological cleavage and to increase the affinity for duplex 
formation.[11] 
 
Figure 1.11. Principle structure of a gapmer ON. 
Following this principle, a considerable number of different ASO gapmers have been 
developed and are currently under investigation in different clinical trials, ranging from 
phase I to phase III studies.[142] Thereby, gapmers using flanks made of MOE- or LNA-
modified nucleosides occur with striking frequency. However, although the overall 
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pharmacokinetic profile of these gapmer drugs has been demonstrated to be somewhat 
improved compared to modified sequences consisting of only one type of alteration, the 
full potential of this approach has not been uncovered yet. Nonetheless, the gapmer 
approach remains a valuable tool for the adaptation and variation of ON characteristics and 
thus has also found application in the following work. 
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2. Objectives  
The focus of this work was set on the properties of ONs carrying the nucleosyl amino acid 
(NAA) modification -  a cationic, amide-derived backbone linkage developed by the Ducho 
group.[143,144] This included: (i) the evaluation of the biological stability of partially 
zwitterionic NAA-modified ONs in the presence of different biological media, (ii) the 
examination of the hybridization behavior of completely NAA-modified and thus fully 
cationic oligomers with both DNA and RNA and finally (iii) the synthesis and evaluation of 
an ON gapmer structure consisting of a zwitterionic NAA-modified gap and two fully LNA-
modified flanks.  A brief overview of the three objectives is given in Figure 2.1. 
 
Figure 2.1. Graphical summary of the aims defined for this doctoral thesis. B = nucleobases. 
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Through these investigations it was envisioned to elucidate the overall potential of the 
NAA-modification as a tool for the design of ONs with improved biological and biophysical 
properties. 
The planning of the three parts of this work was based on preceding studies by Schmidtgall 
et al.[143,144] and Kirsch[145]. Experiments done by Schmidtgall et al. showed that partially 
zwitterionic NAA-modified ONs are capable to form helical duplexes with complementary 
DNA and RNA.[143] However, the introduction of up to four NAA linkages into an ON 
sequence was also observed to induce a destabilization of the resulting ON-DNA or ON-
RNA duplex structures. Thereby, helical duplexes with DNA were less destabilized (-0.5 
to -2 °C/mod), while duplexes with complementary RNA were observed to be more 
sensitive towards the presence of the NAA-modification, resulting in a more pronounced 
drop in thermal stability (-2 to -4 °C/mod). Moreover, melting experiments revealed a 
difference in duplex stability for duplexes containing either the (6'S)-NAA- or the (6'R)-NAA-
modification, with the (6'R)-isomer being slightly less destabilizing (~ 1 °C/mod). 
Nevertheless, the NAA-modified ONs were also proven to display excellent base-pairing 
fidelity, which was decisive for the further investigation of their biological properties during 
the first part of this work. As depicted in Figure 2.1, the first objective was focused on the 
in vitro stability of the zwitterionic systems synthesized by Schmidtgall et al.[143] Therefore, 
a set of different biological assays was designed, established and applied to validate 
whether the NAA-modification is capable to slow down or even prevent ON cleavage. As a 
starting point, it was aspired to analyze the impact of 3'→5'- and 5'→3'-exonucleases on 
the partially zwitterionic sequences. Particular attention was paid on the influence of the 
position and configuration of the NAA-linkages. As follow-up, the influence of more 
complex biological media - human plasma and whole cell lysate of a lymphoma cell line – 
on the stability of such ONs was examined.  
Subsequent to the investigations on the partially zwitterionic NAA-ONs, the second part of 
this work was concerned with the synthesis and evaluation of fully NAA-modified 
oligomers. Thereby, it should be elucidated how such completely cationic ON sequences 
behave in the presence of complementary as well as mismatched counterstrands. Here, 
focus was set on the impact of the positive charge on duplex formation, binding affinity 
and base-pairing fidelity. Additionally, the influence of the fully cationic backbone structure 
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on the topology of both the single-stranded and hybridized forms of the cationic NAA ONs 
was studied. 
Finally, in the third part it was envisioned to create an advanced partially zwitterionic NAA-
containing oligomer with improved binding affinity towards RNA. Hence, the synthesis of a 
gapmer system including two LNA-flanks with high affinity for RNA[82] and a zwitterionic 
gap containing NAA using automated DNA synthesis was planned. The synthesis of the 
therefore required dimeric phosphoramidite building block was based on previous work by 
Schmidtgall et al.[143,144] and Kirsch[145], who established the synthetic routes towards three 
dimeric NAA-building blocks (TxT, AxT and CxT, x = NAA modification) suitable for 
automated DNA synthesis (Figure 2.2).   
 
Figure 2.2. Preliminary work performed by Schmidtgall and Kirsch et al. Shown are the TxT (*S and *R), AxT 
(*S and *R) and (6'R)-CxT phosphoramidite building blocks suitable for automated DNA synthesis. 
From these building blocks the CxT-dimer was chosen for gapmer synthesis, since it is 
synthetically easier accessible than its AxT-congener and allows the design of sequences 
with a reasonable G-C content. Furthermore, with regard to the findings of Schmidtgall et 
al.[143], preparation of the (6'R)-isomer was aspired, as it has a higher potential to exert a 
less destabilizing effect on the gapmer-RNA hybrid duplex. On the basis of the synthetic 
route described by Kirsch[145] the (6'R)-CxT phosphoramidite was synthesized starting from 
thymidine and 2'-deoxycytidine. Then, the dimeric building block was subjected to 
automated DNA synthesis together with commercially available LNA phosphoramidites. 
Subsequently, the resulting gapmer structure was examined regarding its hybridization 
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properties, its biological stability and its capability to activate the RNA-degrading enzyme 
RNase H. As control, a DNA/LNA-gapmer structure was used that incorporated unmodified 
DNA in the gap region and thus possessed no partially zwitterionic backbone segment. 
The three projects, their corresponding experimental work and the respective results are 
summarized in the following publications (Manuscripts A, B and C).  
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3. Results 
A. Enhanced Stability of DNA Oligonucleotides with Partially 
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Abstract: Deficient stability towards nuclease-mediated degradation is one of the most relevant
tasks in the development of oligonucleotide-derived biomedical agents. This hurdle can be
overcome through modifications to the native oligonucleotide backbone structure, with the goal
of simultaneously retaining the unique hybridization properties of nucleic acids. The nucleosyl
amino acid (NAA)-modification is a recently introduced artificial cationic backbone linkage. Partially
zwitterionic NAA-modified oligonucleotides had previously shown hybridization with DNA strands
with retained base-pairing fidelity. In this study, we report the significantly enhanced stability of
NAA-modified oligonucleotides towards 3′- and 5′-exonuclease-mediated degradation as well as
in complex biological media such as human plasma and whole cell lysate. This demonstrates the
potential versatility of the NAA-motif as a backbone modification for the development of biomedically
active oligonucleotide analogues.
Keywords: DNA; oligonucleotides; backbone modifications; nucleases; biological media
1. Introduction
As they efficiently modulate biological processes, oligonucleotides hold immense potential to
serve as scaffolds for novel pharmaceutical agents. Due to their sequence-specific hybridization to
DNA duplexes or single-stranded mRNA, single-stranded exogenous oligonucleotides can display
antigene or antisense activity, respectively. In contrast, exogenous double-stranded RNA (siRNA) can
regulate gene expression via the RNA interference mechanism [1]. However, the high polarity of native
nucleic acid structures is a major disadvantage with these approaches. The oligoanionic phosphate
diester-linked backbone significantly hampers cellular uptake and accounts for an overall poor
pharmacokinetic profile. Furthermore, the phosphate-sugar backbone is prone to nuclease-mediated
cleavage, thus further preventing applications in vivo.
As a consequence, numerous chemical modifications to the nucleic acid backbone have
been studied with the aim of altering its polarity and sensitivity to enzymatic degradation [2,3].
The structural variety of such synthetic artificial linkages ranges from minor alterations to a complete
replacement of the native internucleotide connection. In this context, phosphorothioates are one
of the earliest and most well-established backbone variations [4]. This rather minor modification
prevents nuclease-mediated cleavage while preserving the overall architecture of the native DNA
structure. While phosphorothioates conserve the native negative charge pattern of the backbone,
several artificial nucleic acid mimics contain electroneutral internucleotide linkages, thus aiming for
Molecules 2018, 23, 2941; doi:10.3390/molecules23112941 www.mdpi.com/journal/molecules
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enhanced lipophilicity and, therefore, for improved penetration of cellular membranes. For instance,
non-natural electroneutral modifications such as triazoles [5–9], amides [10–15], phosphate triesters [16]
and sulfones [17] have been developed. Another electroneutral congener that displays only a remote
resemblance to the native DNA backbone is the amide-based peptide nucleic acid (PNA) [18,19]. PNA
exhibits high fidelity in sequence-specific hybridization with native nucleic acid strands. However,
fully electroneutral oligonucleotide analogues tend to form aggregates and suffer from low water
solubility, thus hampering their potential biomedical application.
An alternative approach to modifying the oligoanionic architecture of nucleic acid strands is the
introduction of positive charges into the oligomer, which enables a partial ‘masking’ of its anionic
motifs and may lead to zwitterionic nucleic acid analogues. In many such approaches, the oligoanionic
phosphate diester backbone was retained, while the positively charged moieties were attached either
to the nucleobase or the 2′-hydroxy group (in RNA) [20–23]. The resultant oligonucleotide analogues
display a zwitterionic character but also densely charged structures, as the positively charged moiety
is just an additional feature.
One approach to overcoming such limitations is the introduction of positively charged units as a
site-specific replacement of the native phosphate diester internucleotide linkages. This may furnish
partially or fully zwitterionic or even fully cationic oligonucleotide analogues, dependent on the
number of artificial cationic linkages in a sequence. The altered properties of an accordingly modified
nucleic acid strand might potentially be advantageous for biomedical applications with respect to
nuclease stability and cellular uptake. Remarkably, this strategy has received only limited attention
so far [24,25]. Undertaking pioneering work in this field, Letsinger and co-workers have introduced
the conformationally flexible alkylphosphoramidate linkage [26], which later found use in several
related systems [25]. Bruice and co-workers have developed conformationally rigid cationic linkages,
i.e., guanidine [27–29] and S-methylthiourea units [30,31].
We have introduced a novel cationic internucleotide linkage with intermediate conformational
flexibility named the ‘nucleosyl amino acid (NAA)-modification’. This artificial backbone motif was
proposed to be conformationally advantageous relative to Letsinger’s and Bruice’s systems [32].
Therefore, it was initially employed to prepare partially zwitterionic oligonucleotides of type 1
(Figure 1) [32,33]. In a recent study, we have also reported fully cationic oligonucleotide analogues
with backbones solely comprising NAA internucleotide linkages [34]. The NAA-modification was
originally inspired by the ‘high-carbon’ nucleoside core structure of muraymycin nucleoside antibiotics
and structurally simplified analogues thereof [32,35–38]. Thus, the stereochemical configuration in the










Figure 1. Principle structure 1 of an NAA-modified DNA oligonucleotide with a partially zwitterionic
backbone; NAA-modified DNA oligonucleotides 2–5 investigated in this study with unmodified
controls c1 and c2 as well as phosphorothioate-modified controls pt1–pt3 (the linkages not highlighted
are phosphate diesters; all sequences are 2′-deoxy).
In the context of partially zwitterionic NAA-modified oligonucleotides of type 1, we have
synthesized a series of such oligonucleotides and studied their hybridization with DNA and RNA
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counterstrands, both with full base complementarity and containing single-base mismatches [32].
The most important results for partially zwitterionic NAA-modified DNA oligonucleotides were
as follows: (i) they hybridized with complementary unmodified DNA and RNA counterstrands to
form duplexes; (ii) these duplexes were moderately destabilized (with DNA) and fairly significantly
destabilized (with RNA), relative to the corresponding native duplexes; (iii) the spatial orientation of
the positive charge (6′S/6′R) only had a minor influence on duplex stability, with a tendency for the
(6′R)-configuration to furnish slightly more stable duplexes with native DNA or RNA counterstrands;
(iv) base-pairing fidelity was retained, i.e., a single-base mismatch in the counterstrand led to significant
destabilization of the duplex; (v) for the DNA-DNA duplexes, no significant distortion of the helical
structure was found using CD spectroscopy [32]. Hence, it was concluded that fundamental chemical
characteristics of nucleic acids are retained in NAA-modified DNA oligonucleotides. This qualifies
the NAA-modification as an attractive addition to the existing ‘toolbox’ of nucleic acid backbone
modifications. Remarkably, the recently reported fully cationic NAA-derived oligonucleotide
analogues showed impaired base-pairing fidelity [34], thus indicating that the NAA-modification
might only be suitable for (partially) zwitterionic backbone structures.
In order to further establish the NAA-modification as a versatile structural alteration of the nucleic
acid backbone, detailed information on its properties in biological media are required. This particularly
concerns the stability of NAA-modified oligonucleotides towards nuclease-mediated degradation.
Up to this point, only very limited insights into the potential overall stabilization of the oligonucleotide
backbone due to the presence of cationic linkages have been available. As previously reported by
Bruice, ‘chimeric’ zwitterionic oligonucleotides with an artificial cationic linkage at the 3′-end (either
with a guanidinium [28] or S-methylthiourea [31] moiety), were completely stable towards degradation
by 3′→5′-exonucleases. However, the influence of 5′→3′-nucleases on such partially zwitterionic
structures has not been studied yet. Furthermore, no investigations regarding the influence of some
positive charges in the oligonucleotide backbone on its stability in more complex biological media
(plasma, cell lysates) are available.
Hence, in this work, we report on the in vitro stability of some selected zwitterionic NAA-modified
DNA oligonucleotides in nuclease-containing buffer as well as in complex biological media such as
human plasma and cell lysates. Most likely, the NAA-modification itself will not be prone to enzymatic
cleavage. It needs to be elucidated, however, whether this artificial backbone motif simply serves as a
‘stopper’ in nuclease-mediated degradation of the backbone or if it might exert a general stabilizing
effect. In this context, the term ‘general stabilizing effect’ means that the sequence may be degraded
until the NAA-modification is reached, but that the overall half-life of the oligonucleotide is increased
relative to an unmodified native congener.
For the according studies, we have selected a set of four previously reported NAA-modified
DNA oligonucleotides 2–5 (Figure 1) [32]. In sequences 2 and 3, the NAA-modification is placed in
close proximity to the 5′- and 3′-ends, respectively, with one adjacent phosphate diester linkage at
the terminus. In oligonucleotides 4 and 5, one or two NAA-modifications are placed in an oligo-T
internal segment of the sequence. With respect to their slightly superior hybridization properties,
oligomers with (6′R)-configuration in the NAA unit were chosen, except where indicated. Furthermore,
oligonucleotides c1 and c2 served as unmodified native controls for 2/3 and 4/5, respectively.
Phosphorothioate-linked oligonucleotides pt1–pt3 were employed as stable, non-degradable additional
controls for 2/3 (pt1) and 4/5 (pt2 and pt3), respectively (Figure 1).
2. Results
2.1. Stability of NAA-modified Oligonucleotides towards Nuclease-mediated Cleavage
First, we investigated the in vitro stability of 2–5 towards nuclease-mediated degradation using
nuclease-containing buffer. Based on literature precedent [39–41], two exonucleases commonly
employed to test the stability of DNA oligonucleotides were chosen: the 3′→5′ exonuclease snake
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venom phosphodiesterase (SVP) from Crotalus adamanteus and the 5′→3′ exonuclease bovine spleen
phosphodiesterase (BSP), respectively. Endonucleases only target duplex structures and therefore
play a less significant role with respect to potential biomedical applications of single-stranded
oligonucleotide analogues. Consequently, they were not included in the assay. After incubation
with one of the two exonucleases, the assay mixtures were analyzed by denaturing polyacrylamide
gel electrophoresis (PAGE) using urea-containing gels. Concentrations of the oligonucleotides were
chosen with respect to their UV detection limits, and the amounts of enzyme (0.4 mU SVP, 30 mU BSP)
were adjusted so that unmodified oligonucleotides were completely degraded within less than two
hours at 37 ◦C.
Using these conditions, native control c1 and phosphorothioate-modified control pt1 were
incubated with either SVP or BSP and analyzed (Figure 2). As anticipated, c1 was degraded
rapidly, whereas the fully phosphorothioate-modified oligomer pt1 remained stable over the complete
incubation period. When NAA-modified oligomer 2 (with (6′R)-configuration in the NAA unit) was
tested with the SVP 3′→5′ exonuclease, it showed excellent stability (Figure 2a). In contrast, when the
same oligonucleotide was subjected to BSP 5′→3′ exonuclease activity, it underwent rather rapid
degradation (Figure 2b). Remarkably, this nuclease-mediated cleavage appeared to be slowed down
relative to the degradation of native control c1. The results were inverted when NAA-modified
oligomer 3 was tested under identical conditions. It showed degradation with SVP (though again,
apparently not as rapid as native control c1, Figure 2a), but excellent stability with BSP (Figure 2b).
However, for both NAA-modified oligomers 2 and 3, cleavage of the terminal nucleotide located in
immediate proximity to the NAA-modification could be verified (2 with SVP and 3 with BSP) using a







Figure 2. (a,b) Nuclease assays with NAA-modified oligonucleotides 2 and 3, controls c1 and pt1
and exonucleases SVP (3′→5′, a) and BSP (5′→3′, b). (c) Sequencing gel analysis of the assays with
oligonucleotide 2 and SVP, and 3 and BSP, respectively; left lane: assay mixture after 0 h incubation
time, middle lane: assay mixture after 2 h incubation time, right lane: mixture of assay mixtures after 0
h and 2 h incubation times. In the interest of clarity, the oligonucleotide ladder indicating the lengths
of the oligomers is not displayed and has been replaced with labels on the left side of the gels.
In a next step, we then studied the nuclease stability of oligonucleotide 4 with an internal
NAA-modification. In this context, we also aimed to study longer incubation periods. Thus, oligomer 4
was treated with either SVP or BSP over a total time course of eight hours. In both assays, degradation
of the termini, but not beyond the point of modification, was detected (Figure 3a). Another aspect
of interest was the influence of the configuration of the NAA 6′-stereocenter on nuclease stability.
Therefore, both the (6′R)- and the (6′S)-configured versions of 4 were incubated with SVP and BSP,
respectively, over two hours (Figure 3b,c). However, no notable difference in nuclease stability
was observed, indicating that the stereochemical configuration of the NAA-modification was not
relevant to its effect on stabilization towards nucleases. It should be noted that the presence of the
NAA-modification slowed down BSP-mediated degradation more efficiently.




Figure 3. (a) Nuclease assays with NAA-modified oligonucleotide 4 and either SVP or BSP exonuclease
over a time course of eight hours. (b,c) Nuclease assays with diastereomers of 4 differing in the
configuration of the NAA 6′-stereocenter (6′S/6′R) using SVP (b) or BSP (c). In the interest of clarity,
the oligonucleotide ladder indicating the lengths of the oligomers is not displayed and has been
replaced with labels on the left side of the gels.
2.2. Stability of NAA-modified Oligonucleotides in Complex Biological Media
The aforementioned nuclease assays are versatile but simplified model systems to elucidate
the biochemical stability of NAA-modified DNA oligonucleotides. Consequently, we subsequently
studied their properties in vitro in more complex biological media (Figure 4). First, the stabilities
in human plasma were investigated using a slightly adjusted protocol (as the addition of organic
solvent after incubation led to the precipitation and agglomeration of plasma components).
With unmodified control oligonucleotide c2, the results were as expected as it underwent full cleavage.
Remarkably, phosphorothioate-modified control oligonucleotide pt2 gave no detectable bands in the
ureaPAGE gel. This phenomenon might correlate with the pronounced plasma protein binding of
phosphorothioates [42] and was circumvented using pt3 as a control instead, which only had two
terminal phosphorothioate modifications to mediate exonuclease stability. As anticipated, pt3 was
found to be reasonably stable over nearly the whole eight-hour time course of incubation (Figure 4a).
The odd shape of the bands in the gel probably resulted from some remaining unspecific binding to
plasma proteins and the slow dissociation of pt3 from these complexes. The influence of more complex
biological media on DNA analogues with partially zwitterionic backbones had not been studied before.
Oligomer 5 was chosen to enable a sequential degradation from the 3′- as well as from the 5′-end.
It was envisioned that further insights would be obtained into the potential general stabilizing effect
of the NAA-linkage. For NAA-modified oligonucleotide 5, some slight initial degradation in human
plasma was observed, which resulted in the accumulation of a shorter fragment over the full time
course (Figure 4a). Overall, the partial degradation of 5 in plasma was significantly slower than the





Figure 4. (a,b) Influence of human plasma (hp) on NAA-modified oligonucleotides 2, 3 (b) and 5 (a)
with controls c2 and pt3. (c,d) Influence of whole cell lysate (WCL) on NAA-modified oligonucleotides
2, 3 (d) and 5 (c) with controls c2 and pt2. In the interest of clarity, the oligonucleotide ladder indicating
the lengths of the oligomers is not displayed and has been replaced with labels on the left side of
the gels.
We then performed additional studies on human plasma with oligomers 2 and 3, which are
modified close to the termini. Both sequences showed high stability over a course of eight hours when
compared to c2 (Figure 4b). Oligonucleotide 2 seems to undergo some initial cleavage within the first
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4 h. However, the sharp bands appearing at time points 6 and 8 h, respectively, indicate no further
decomposition and therefore stabilization of the sequence. For 5′-modified congener 3, a degradation
process similar to 5 was observed.
We also examined stabilities in whole cell lysate (human U937 lymphoma cell line). This assay
was performed in a similar manner as the assays for nuclease stabilities (vide supra). In this case,
control pt2 gave more defined bands than in the plasma assays, and therefore, its anticipated stability
in cell lysate could be proven. In contrast, native control c2 was rapidly degraded (Figure 4c). However,
incubation of NAA-modified oligomer 5 with whole cell lysate resulted in considerably slower cleavage.
Remarkably, the degradation process had not even reached the modified backbone segment by the
time native control c2 was already completely decomposed (Figure 4c). Further assays were performed
using oligomers 2 and 3. Relative to control c2, a single NAA-linkage positioned adjacent to the 3′-end
(as in 2) slightly slowed down degradation, while the congener with the modification close to the
5′-position (i.e., 3) showed high stability over the complete period of incubation (Figure 4d).
3. Discussion
Overall, the assays performed with SVP and BSP nucleases (Figure 2) strongly indicate that,
as expected, the NAA-modification was not hydrolyzed by the nucleases. For instance, NAA-modified
oligomer 3 (with the modification close to the 5′-end) showed 3′→5′ degradation with SVP (though
apparently not as rapid as native control c1, Figure 2a), but excellent stability towards 5′→3′ cleavage
mediated by BSP (Figure 2b). It can also be derived that the presence of the NAA-modification
apparently slows down nuclease-mediated cleavage of adjacent phosphate diester linkages (2 with
SVP, 3 with BSP). However, for both NAA-modified oligomers 2 and 3, cleavage of the terminal
nucleotide located in immediate proximity to the NAA-modification could be verified (2 with SVP,
3 with BSP, Figure 2c). This is in some contrast to the findings of Bruice, who reported no cleavage
of the unmodified nucleotide at the 3′-terminus of partially zwitterionic backbones containing his
modifications [28,31]. On the other hand, the intact oligonucleotide was still found alongside the
degradation product after two hours incubation of oligomer 2 (Figure 2c). This further confirms that
the nuclease-mediated hydrolysis of phosphate diester linkages adjacent to NAA-modified sites is
decelerated relative to native backbone structures. The observation that a single NAA-modification
in a distant position also furnished a slight stabilization of the oligonucleotides (3 with SVP, 2 with
BSP, Figure 2a,b) hinted towards a moderate general stabilizing effect of the cationic modification in
spite of its remote position. This might be due to either: (i) a potentially reduced binding affinity to
nucleases as a consequence of the zwitterionic segment of the backbone; and/or (ii) the formation of
transient folded structures of the oligomer as a result of intramolecular eletrostatic attraction.
For the internally modified oligomer 4, the presence of the NAA-modification slowed down
BSP-mediated degradation more efficiently relative to the (more rapid) SVP-catalyzed cleavage
(Figure 3). This observation is in line with BSP being a 5′→3′ exonuclease as the NAA-modification
is placed closer to the 5′-end in oligomer 4. It might also indicate though that BSP is generally more
sensitive to an altered charge pattern in the oligonucleotide backbone than SVP.
When NAA-modified oligonucleotide 5 was incubated in human plasma, some slight initial
degradation was observed, which resulted in the accumulation of a shorter fragment over the full
time course (Figure 4a). This indicated that, most likely, no degradation beyond the position of
the NAA-modification occurred. Overall, the partial degradation of 5 in plasma was significantly
slower than the full cleavage of unmodified control c2. For the incubation of 5′-modified congener
3 in human plasma, a degradation process similar to 5 was observed, while 3′-modified oligomer
2 showed stabilization of the sequence after initial cleavage. One can therefore conclude that a
single NAA-modification at the 3′-end (as in 2) sufficiently stabilized the remaining phosphate
diester backbone and that the NAA-modification overall furnishes a general stabilizing effect in
human plasma.
Molecules 2018, 23, 2941 7 of 11
For incubations in human cell lysate, it was observed that the degradation process of doubly
NAA-modified oligonucleotide 5 had not even reached the modified backbone segment by the time
native control c2 was already completely decomposed (Figure 4c). As for the assays with exonucleases
(vide supra), the NAA-linkage seems to exert a general stabilizing effect. This was further verified
by the results from the according assays with oligomers 2 and 3. Relative to control c2, a single
NAA-linkage adjacent to the 3′-end (as in 2) slightly slowed down degradation, while the congener
with the modification close to the 5′-position (i.e., 3) showed high stability (Figure 4d). These results
also indicate that 5′-exonuclease activity appears to be significantly higher than 3′-exonuclease activity
in the investigated U937 human lymphoma cell line.
4. Materials and Methods
4.1. Synthesis of NAA-Modified Oligonucleotides
The synthesis of NAA-modified oligonucleotides 2-5 was performed as reported earlier [32].
Briefly, a ‘dimeric’ T-T phosphoramidite building block containing the protected NAA-linkage was
employed in solid phase-supported automated DNA synthesis. After cleavage from the resin and
concomitant deprotection under standard conditions, the resultant NAA-modified oligonucleotides
were purified using gel elelctrophoresis and precipitation [32,33].
4.2. Stability Assay with 3′-exonuclease
The stability of oligonucleotides against 3′-exonuclease-mediated degradation was determined
using snake venom phosphodiesterase from Crotalus adamanteus venom (vial of ≥ 0.40 units, purified,
Sigma-Aldrich, Saint Louis, MO, USA). The enzyme was dissolved in water according to the
manufacturer’s protocol. The oligonucleotide (1.4 nmol, 7 µL of 200 nM stock solution in water)
was mixed with glycine buffer (200 mM glycine, 15 mM MgCl2, pH 9) to a volume of 92 µL and
then cooled to 0 ◦C. Snake venom phosphodiesterase (0.4 mU, 8 µL of 0.05 mU/µL stock solution)
was added. The resultant assay mixture was incubated at 37 ◦C for a total of 120 and 480 min,
respectively. Samples were taken at the time points indicated in the Figures. The enzymatic reaction
was quenched by mixing the sample (17.9 µL assay mixture, corresponding to 0.25 nmol oligomer)
with MeCN (17.9 µL). The resultant mixture was dried in vacuo, dissolved in 7 µL 0.5x TBE-running
buffer (10x TBE-running buffer: 890 mM Tris, 890 mM boric acid, 20 mM EDTA, pH 8.3) and mixed
with 4 µL loading buffer (90% formamide, 10% glycerol, bromophenol blue). Analysis of the samples
was performed on a ureaPAGE gel (4.75 g urea (7 M), 5.63 mL Rotiphorese™ (Carl Roth, Karlsruhe,
Germany), 1.125 mL 10x TBE-running buffer, 11.25 mL water, 8.75 µL TEMED, 62.5 µL APS (10% in
water)) run at room temperature for 2 h. Bands were detected using UV (254 nm) after placing the gel
on a plastic foil-covered TLC plate (aluminum plate precoated with silica gel 60 F254 (VWR)).
4.3. Stability Assay with 5′-exonuclease
The stability of oligonucleotides against 5′-exonuclease-mediated degradation was determined
using phosphodiesterase II, bovine spleen phosphodiesterase (vial of 10 units, purified, Sigma-Aldrich).
The enzyme was dissolved in water according to the manufacturer’s protocol. The assay was performed
as described for 3′-exonuclease (vide supra), with the following differences: the oligonucleotide
(1.4 nmol, 7 µL of 200 nM stock solution in water) was mixed with acetate buffer (100 mM ammonium
acetate, 1 mM EDTA, 1 mM TWEEN 80, pH 6-7) to a volume of 97 µL and cooled down to 0 ◦C. Bovine
spleen phosphodiesterase (30 mU, 3 µL of 10 mU/µL stock solution) was then added.
4.4. Stability Assay with Human Plasma
The stability of oligonucleotides against degradation in plasma was determined using pooled
human plasma (BIOTREND Chemikalien GmbH, Cologne, Germany). The oligonucleotide (1.4 nmol,
7 µL of 200 nM stock solution in water) was mixed with 38 µL undiluted human plasma and cooled to
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0 ◦C. The resultant assay mixture was incubated at 37 ◦C for a total of 480 min. Samples were taken
at the time points indicated in the Figures. The degradation process was quenched by mixing the
sample (8 µL assay mixture, corresponding to 0.25 nmol oligomer) with stopping solution (9 M urea,
15% glycerol, 1:1, 8 µL) and storing it on ice. An analysis of the resultant mixtures was performed on a
ureaPAGE gel as described above.
4.5. Stability Assay with Whole Cell Lysate
The stability of oligonucleotides against degradation in whole cell lysate was determined using
self-prepared lysate of the U937 cell line. U937 cells (Sigma-Aldrich) were cultured according to
the manufacturer’s protocol. For cell lysis, a general lysis buffer (50 mM Tris-HCl pH 7.5, 100 mM
NaCl, 5% glycerol) was used. Immediately prior to lysis, 1 mM dithiothreitol (DTT) and 250 mM
phenylmethylsulfonyl fluoride (PMSF) were added to the lysis buffer. Subsequently, the pellet (cell
count before harvesting ~150,000,000 cells) of a freshly harvested U937 cell culture was mixed with
40 mL of general lysis buffer and ultra-sonicated (5 cycles, 15 pulses, 20%) with the cell suspension
being stored on ice. Centrifugation (13 000 rpm, 30 min, 4 ◦C) and collecting the supernatant furnished
the final whole cell lysate. The oligonucleotide (1.4 nmol, 7 µL of 200 nM stock solution in water) was
mixed with 93 µL undiluted whole cell lysate. The resultant assay mixture was incubated at 37 ◦C for
a total of 240 min. Samples were taken at the time points indicated in the Figures. The degradation
process was quenched by mixing the sample (17.9 µL assay mixture, corresponding to 0.25 nmol
oligomer) with MeCN (17.9 µL). The resultant mixture was dried in vacuo, dissolved in 7 µL 0.5x
TBE-running buffer (vide supra for 10x TBE-running buffer) and mixed with 4 µL loading buffer (vide
supra). Analysis of the samples was performed on a ureaPAGE gel as described above.
5. Conclusions
In summary, we have reported the first systematic study on the effect of an artificial cationic
internucleotide linkage on the stability of corresponding partially zwitterionic oligonucleotides.
We have investigated the degradation of NAA-modified zwitterionic oligonucleotides in different
media, i.e., nuclease-containing buffer, human plasma, and human whole cell lysate. Overall, we have
demonstrated the enhanced stability of such oligonucleotide analogues. No indication was found for
a cleavage or excision of the NAA-modified site even in complex biological media (i.e., plasma and
cell lysate). Most NAA-modified oligonucleotides investigated herein showed a remarkable general
stabilization both in human plasma and in cell lysate, often even when the cationic NAA-modification
was not in close proximity to the termini of the sequence. This might be due to a generally weakened
binding of partially zwitterionic oligonucleotides to degrading enzymes such as exonucleases,
most likely as a result of the altered charge pattern in the backbone. Alternatively, nuclease-mediated
degradation might be slower due to the formation of transient folded structures of the zwitterionic
oligomers as a result of intramolecular electrostatic attraction. As a consequence, placing only a few
cationic NAA-linkages into an otherwise unmodified sequence should be sufficient to significantly
enhance its stability in complex biological media. These beneficial properties complement the other
favorable characteristics of NAA-modified zwitterionic oligonucleotides, such as their ability to form
reasonably stable duplexes and their retained base-pairing fidelity. Overall, our results therefore
confirm that the cationic NAA-linkage appears to be a potentially useful addition to the existing
‘toolbox’ of artificial backbone linkages for the development of oligonucleotide-based therapeutics
or diagnostics.
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Abstract: Non-natural oligonucleotides represent important
(bio)chemical tools and potential therapeutic agents. Back-
bone modifications altering hybridization properties and bio-
stability can provide useful analogues. Here, we employ an
artificial nucleosyl amino acid (NAA) motif for the synthesis
of oligonucleotides containing a backbone decorated with
primary amines. An oligo-T sequence of this cationic DNA
analogue shows significantly increased affinity for comple-
mentary DNA. Notably, hybridization with DNA is still gov-
erned by Watson–Crick base pairing. However, single base
pair mismatches are tolerated and some degree of se-
quence-independent interactions between the cationic NAA
backbone and fully mismatched DNA are observed. These
findings demonstrate that a high density of positive charges
directly connected to the oligonucleotide backbone can
affect Watson–Crick base pairing. This provides a paradigm
for the design of therapeutic oligonucleotides with altered
backbone charge patterns.
Introduction
Oligonucleotides have unique binding properties, rendering
them essential molecules in living organisms and providing a
platform for the modulation of biological functions through
antigene, antisense, or RNA interference approaches.[1] In natu-
ral nucleic acids (DNA and RNA), nucleotides are linked by
phosphate diester moieties, thus leading to a polyanionic
backbone at physiological pH.[2] The polyanionic character con-
tributes to the low cellular uptake of such oligonucleotides,
thereby compromising in vivo applications. In addition, DNA
and RNA possess low stability toward nucleases, which are
ubiquitous in biological systems. These limitations have led to
the development of artificial, biostable nucleic acids (e.g. ,
phosphorothioates and “locked” nucleic acids (LNA)).[3] In many
cases, these analogues exhibit altered binding properties, pro-
viding insights into the structural contributions to duplex for-
mation. For instance, the charge pattern of the oligonucleotide
backbone can influence both hybridization and pharmacoki-
netic properties. Therefore, artificial electroneutral internucleo-
tide linkages, for example, amide,[4] sulfone,[5] or triazole[6] moi-
eties, have been developed. Triazole linkers have even been
shown to be biocompatible, that is, triazole-modified DNA can
be recognized by polymerases in cells and can therefore be
employed to construct genes.[6b–e] Peptide nucleic acid (PNA) is
an example of an electroneutral nucleic acid mimic with an
amide-based backbone exhibiting only limited resemblance to
DNA and RNA.[7] However, fully electroneutral nucleic acid ana-
logues often suffer from low water solubility and a tendency
to aggregate in aqueous solution. These limitations and the
quest for oligonucleotides with fundamentally different proper-
ties have led to the development of positively charged nucleic
acids. In most cases, positive charges were introduced through
a modification of the 2’-hydroxy groups (in RNA) or nucleobas-
es leaving the phosphate diester backbone unchanged. These
strategies furnished zwitterionic structures,[8] but resulted in
densely charged oligonucleotides.
An alternative approach involves the replacement of phos-
phate diester units by non-natural positively charged linkers,
thus providing an oligomer with a retained overall number of
charges, but reversed polarity. This may be advantageous for
biomedical applications, in particular with respect to cellular
uptake, as indicated by the favorable properties of cationic
cell-penetrating peptides (CPPs).[9] Only a few positively
charged internucleotide linkages have been reported so far :[10]
1) Bruice’s guanidine[11] and S-methylthiourea[12] linkages;
2) Letsinger’s phosphoramidate linkages, in which amines were
connected to the backbone through alkyl linkers;[13] and 3) our
recently reported NAA-modified oligonucleotides.[14]
Bruice’s rather rigid guanidine linkage and Letsinger’s flexi-
ble aminoalkyl moiety provide cationic oligonucleotides with
high affinity for DNA, but conformational properties that devi-
ate significantly from native nucleic acids. This raises the ques-
tion of how moderately flexible internucleoside linkages would
impact the hybridization properties of cationic oligonucleotide
analogues. In principle, the NAA modification (with its rigid
amide bond and the adjacent 5’-C-6’-C single bond, Figure 1)
could be used to assemble corresponding oligonucleotides.
However, previously reported “dimeric” phosphoramidite build-
ing blocks only allow incorporation of the NAA modification
adjacent to phosphate diester units, thus resulting in partially
zwitterionic DNA analogues.[14]
The favorable properties of these partially zwitterionic NAA-
modified DNAs and the general interest in fully cationic oligo-
nucleotides have inspired us to design oligomers of type 1,
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which are completely assembled from NAA internucleoside
linkages (Figure 1). The availability of such cationic oligonu-
cleotide analogues provides the basis for answering some of
the questions highlighted above. In particular, it would allow
an assessment of the influence of the fully cationic backbone
on duplex stability and sequence specificity of hybridization
with native DNA.
Results and Discussion
For the synthesis of nucleoside-derived d-peptide-like oligo-
mers 1, we envisioned connecting monomeric units of type 2
through amide formation in analogy to solid-phase peptide
synthesis (SPPS, Figure 1). Building block 2 should be obtained
either from the 3’-azido-substituted nucleoside-5’-aldehyde 3,
or via its protected 3’-amino analogue 4. We decided to focus
on cationic oligomers with thymine as nucleobase, aiming to
prepare both the all-(S)- and the all-(R)-configured oligomers
(with respect to the stereochemical configuration at the 6’-po-
sition). For subsequent hybridization experiments and biophys-
ical characterizations, we designed 14-mer oligomers 1a and
1b (Figure 1).
The synthesis of building blocks (S)-2 and (R)-2 started from
3-N-benzyloxymethyl-(BOM)-protected 3’-azido-3’-deoxy-thymi-
dine 5 and its 3’-N-Cbz-protected 3’-amino congener 6, respec-
tively, to compare the routes via azide 3 and protected amine
4 (Scheme 1; see Supporting Information for synthesis of 5
and 6). Aldehydes 3 and 4 were obtained by IBX oxidation of 5
and 6 in quantitative yields. On the basis of our previously re-
ported syntheses of nucleosyl amino acids,[15] we applied a se-
quence of Wittig–Horner olefination and asymmetric hydroge-
nation to introduce the amino acid motif. Wittig–Horner trans-
formations of aldehydes 3 and 4 with phosphonate 7 (see Sup-
porting Information) furnished didehydro amino acids 8 and 9
in yields of 73% and 68%, respectively, with high stereoselec-
tivities toward the desired Z-isomers (93:7 and 91:9,
respectively). However, the concomitantly formed E-isomers
could not be fully removed, and thus, asymmetric hydrogena-
tions were performed with the Z/E-mixtures. Hydrogenation of
8 and 9 in the presence of chiral RhI catalysts (S,S)- and (R,R)-
Me-DuPHOS-Rh[16] afforded the nucleosyl amino acid products
10 and 11 in yields of 54–92%, with the major isomer (6’S or
6’R) depending on the employed catalyst [(S,S)-catalyst for
(6’S), (R,R)-catalyst for (6’R) ; for stereochemical assignments see
Experimental Section] . In contrast to our previous syntheses of
nucleosyl amino acids,[15] the hydrogenation products were not
obtained in diastereomerically pure form, but with diastereo-
meric ratios ranging from 85:15 to 95:5. HPLC purification of
(S)-11 and (R)-11 gave the pure 6’-epimers (d.r.>99:1), to be
followed by the efficient concomitant hydrogenolytic removal
of Cbz, Bn, and BOM groups. As this hydrogenation step pro-
ceeded less satisfactorily for the 3’-azido congeners, the syn-
thesis of the target structures through the 3’-N-Cbz-amino
route (using aldehyde 4) was superior overall. Subsequent 3’-
N-Fmoc protection furnished diastereomerically pure building
blocks (S)-2 and (R)-2 in yields of 58% and 48%, respectively,
over the last two steps (Scheme 1). Fmoc-based SPPS employ-
ing either (S)-4 or (R)-4, followed by final acidic cleavage and
Figure 1. NAA-derived fully cationic oligonucleotides 1a and 1b including
their retrosynthesis. SPPS: solid-phase peptide synthesis; BOM=benzyloxy-
methyl.
Scheme 1. Synthesis of building blocks (S)-2 and (R)-2 for the preparation of cationic target oligomers 1a and 1b.
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deprotection (reactions not shown), gave the two 14-mer dia-
stereomers 1a and 1b, respectively.
For investigation of the hybridization properties with DNA,
fully cationic 6’-all-(S)-14-mer 1a was incubated with comple-
mentary 14-mer DNA (A14). The influence of ion strength on
duplex formation was investigated by varying the concentra-
tion of NaCl (50–125 mm, all in phosphate buffer, pH 7.4).
Under all conditions, duplex formation was observed, as indi-
cated by hyperchromicity upon heating, leading to the typical
sigmoidal (though slightly broadened) melting curves (Fig-
ure S2, Supporting Information) allowing the determination of
melting temperatures (Tm) (Table 1, entries 1 to 4, and Fig-
ure S2). As expected,[13] we observed a decrease in Tm with in-
creasing NaCl concentration, which can be ascribed to salt-
mediated shielding of the backbone in 1a (positive charges)
and in DNA (negative charges). We then decided to use
100 mm NaCl, as this represents a commonly applied concen-
tration. As a reference, the native DNA–DNA duplex (T14-A14)
was used. At 100 mm NaCl, the duplexes of both cationic ana-
logues (1a and 1b) with fully complementary DNA (A14) were
more stable than the corresponding DNA–DNA duplex, as indi-
cated by the differences in melting temperatures (DTm 9 8C
and 17 8C, respectively ; Table 1, entry 3; melting curves shown
in Figure 2, solid lines). The cationic 14-mers 1a and 1b con-
tained 13 non-native internucleoside linkages (“modifications”,
mod.), so these results were equivalent to DTm/mod. values of
+0.7 8C (1a) and +1.3 8C (1b), respectively.
Subsequently, we studied the base-specificity of duplex for-
mation of 1a and 1b with partially mismatched DNA strands.
Upon introduction of a single base mismatch (C, G, or T in-
stead of A in the middle of the DNA sequence), sigmoidal UV
melting curves with 1a and 1b were observed, indicating
duplex formation (Figures S3 and S4, Supporting Information).
Remarkably, both cationic oligomers 1a and 1b showed nearly
retained duplex stability upon incorporation of this single mis-
match (Table 1, entries 5–7 vs. entry 3). In contrast, the corre-
sponding DNA–DNA duplexes encountered the expected
destabilization of approximately 13 8C. This led to DTm values
(difference from the corresponding single mismatched native
DNA duplex) of up to around 30 8C. In the case of T-C and T-G
mismatches, isomer 1a furnished slightly more stable duplexes
with the single-mismatched DNA than with the fully comple-
mentary A14 strand. For the same base mismatches, the 1b–
DNA duplexes were slightly destabilized relative to the fully
complementary analogues (Table 1, entries 5 and 6 vs. entry 3).
Overall, the (6’R)-configured NAA linkage (1b) furnished more
stable duplexes than the (6’S)-configured congener in the case
of the fully matched sequence and of the T-T mismatch
(Table 1, entries 3 and 7, 1b vs. 1a). Remarkably, 1b shows
some preference for fully complementary DNA, resulting in Tm
values that are 0.3–4.1 8C lower with the single mismatched
counterstrands.
These results indicate that oligonucleotide analogues 1a
and 1b were relatively insensitive to single base mismatches in
the DNA counterstrand. Hence, we aimed to probe whether
Watson–Crick base pairing contributes to duplex formation, or
if hybridization merely results from electrostatic attraction of
the two backbones (oligocation 1a,b with oligoanionic DNA).
Therefore, melting curves were recorded for equimolar mix-
tures of thymidine-derived oligomers 1a or 1b with a fully
mismatched 14-mer DNA (G6TTG6, Figure 2, Table 1, entry 8).
The resultant curves indicate no specific melting process, that
is, no defined transition between an aggregated and a non-ag-
gregated state was observed (Figure 2B, C, dashed lines). How-
ever, 1a in particular and also 1b to some extent showed con-
siderable hyperchromicity with G6TTG6 upon heating (up to
Figure 2. Melting curves (average of triplicates) for A) native DNA oligonucleotide T14, B) cationic oligonucleotide analogue 1a (6’S), and C) cationic oligonu-
cleotide analogue 1b (6’R) with native complementary DNA (A14, solid lines), as well as with native fully mismatched DNA (G6TTG6, dashed lines).
Table 1. Tm values (in 8C:SD)
[a] of cationic oligonucleotide analogues 1a
and 1b (as well as the T14 DNA reference) with native DNA strands.
NaCl T14 ref. 1a (6’S) 1b (6’R)
DNA[b] [mm] Tm Tm DTm
[c] Tm DTm
[d]
1 A14 50 n.d.
[e] 53.6:0.9 – n.d. –
2 A14 75 n.d. 51.1:0.6 – n.d. –
3 A14 100 36.4:0.6 45.1:0.9 +9 53.8:0.4 +17
4 A14 125 n.d. 43.1:0.4 – n.d. –
5 A7CA6 100 23.8:0.3 49.8:0.3 +26 49.7:0.5 +26
6 A7GA6 100 23.7:0.2 50.0:0.3 +26 50.3:1.4 +27
7 A7TA6 100 23.1:1.5 45.9:0.0 +23 53.5:0.3 +30
8 G6TTG6 100 –
[f] –[f] –[f] –[f] –[f]
[a] In aqueous 10 mm NaH2PO4 (pH 7.4) and NaCl. [b] Base mismatches
underlined and in bold. [c] Tm(1a–DNA)-Tm(DNA–DNA); Tm(DNA–DNA): Tm
value of the corresponding native DNA–DNA duplex. [d] Tm(1b–DNA)-
Tm(DNA–DNA). [e] n.d.=not determined. [f] No sigmoidal melting curve
was observed.
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&25% for 1a+G6TTG6 and &15% for 1b+G6TTG6), whereas
the DNA–DNA reference T14+G6TTG6 only displays a moderate
hyperchromicity of up to &5%, steadily rising over the tem-
perature range 20–90 8C (Figure 2A, dashed line). In contrast,
the hyperchromicity of the mixture 1a+G6TTG6 starts to in-
crease at around 35 8C, but this is less pronounced for 1b+
G6TTG6, setting in at approximately 70 8C. A possible explana-
tion for this behavior is a charge-mediated unspecific forma-
tion of aggregates at lower temperatures for both 1a and 1b
with fully mismatched DNA. Elevated temperatures can then
be expected to induce the disassembly of these structures. An
additional indication of the presence of charge-mediated un-
specific interactions are the less defined transitions in the melt-
ing curves of 1a and 1b with the fully matched A14 DNA coun-
terstrand (Figure 2B, C, solid lines). These duplexes appear to
undergo complex temperature-induced transitions, with sever-
al changes in UV absorbance in addition to the main transition
(that is, melting of the duplex). In comparison, the native
DNA–DNA (T14-A14) reference duplex (Figure 2A, solid line)
shows a sharp transition.
To obtain insights into the structural properties of cationic
oligomers 1a and 1b and the resultant duplexes, we per-
formed circular dichroism (CD) spectroscopy. Initially, the
single-stranded oligonucleotides were investigated (Figure 3A),
including the corresponding native DNA (T14, black) and com-
plementary native DNA (A14, grey). A comparison of their CD
spectra reveals differences between all oligomeric thymidine
analogues (T14, 1a and 1b). Notably, the spectra of native T14
(black) and cationic 1a (blue) are more similar in comparison
to 1b (orange), which differs particularly at lower wavelengths.
This indicates substantial structural differences between both
cationic oligomers in their single-stranded form (note that 1a
and 1b are diastereomers).
Subsequently, duplexes of both cationic oligomers (1a and
1b) and of native DNA (T14) with complementary DNA (A14)
were investigated (Figure 3B). The CD spectrum of the 1a-A14
duplex (blue) shows resemblance to the CD signals of the
native T14-A14 DNA–DNA duplex
[17] (black, Figure 3B). On the
other hand, differences are observed for the 1b-A14 duplex
(orange, Figure 3B): although the pattern of signals for l<
260 nm is rather similar to that of the native duplex, it signifi-
cantly differs for l>260 nm. Instead of a single maximum at
approximately 275 nm, 1b-A14 exhibits two maxima at around
260 nm and 300 nm, respectively. Overall, the similarities in the
CD spectra suggest that binding of both isomers 1a and 1b to
complementary DNA probably furnished duplexes with mainly
DNA-like helical topologies. However, 1b (which, remarkably,
formed the most stable duplex with A14) displayed the most
pronounced deviations both in its single-stranded form and in
its complex with complementary native DNA A14.
We then studied the CD spectra of equimolar mixtures of
oligomers 1a or 1b with fully mismatched 14-mer DNA
(G6TTG6, Figure 4). For the (6’S)-configured oligomer 1a, the
CD spectrum of the mixture with mismatched DNA (Figure 4A,
solid line) does not show any signal pattern indicative of a heli-
cal duplex structure (as compared with that of the correspond-
ing matched duplex, Figure 3B). To assess the possibility of
nonspecific interactions between both single strands in this
mixture, we determined the CD spectrum of G6TTG6 alone (Fig-
ure S5, Supporting Information) and added it to the spectrum
of single-stranded 1a. This combined spectrum (Figure 4A,
dashed line) differs significantly from the experimentally ob-
tained spectrum of the mixture. This suggests Watson–Crick-in-
dependent nonspecific interactions between 1a and fully mis-
matched G6TTG6 at ambient temperature, and is in line with
the aforementioned melting behavior (Figure 2). Similar results
were obtained for the mixture of (6’R)-configured oligomer 1b
with fully mismatched DNA (Figure 4B).
Conclusion
We report the synthesis of a novel amide-linked cationic oligo-
nucleotide analogue based on NAA internucleoside linkages.
Two cationic oligomers (1a and 1b, 6’-epimers) were synthe-
Figure 3. A) CD spectra of single-stranded cationic oligonucleotides 1a (6’S),
1b (6’R), and of native single-stranded DNA oligonucleotides T14 and A14.
B) CD spectra of the aggregates 1a (6’S)-A14 and 1b (6’R)-A14 and of the
native DNA–DNA reference duplex (T14-A14).
Figure 4. A) CD spectrum of the mixture of oligomer 1a (6’S) with fully mis-
matched native DNA (G6TTG6, solid line) and calculated superposition of the
CD spectra of both single strands (dashed line). B) CD spectrum of the mix-
ture of oligomer 1b (6’R) with fully mismatched native DNA (G6TTG6, solid
line) and calculated superposition of the CD spectra of both single strands
(dashed line).
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sized and investigated by UV melting studies and CD spectros-
copy. Both oligomers form very stable, presumably helical, du-
plexes with native complementary DNA strands. The high
duplex stability (compared with the native DNA–DNA duplex)
resembles that of some previously reported cationic oligomers,
in particular Bruice’s guanidine-linked oligonucleotides.[11] No-
tably, hybridization of 1a and 1b with DNA was insensitive to
single base mismatches, thus indicating robustness of hybridi-
zation toward limited local perturbations within the duplex.
However, duplex formation was not detected in the case of a
fully mismatched DNA counterstrand, demonstrating Watson–
Crick base pairing to be a requirement for hybridization and
the occurrence of a defined topology. The most likely explana-
tion for our observations is that electrostatic attraction can
compensate for single base mismatches, but is not sufficient
to foster the formation of a defined structure in the absence of
Watson–Crick base pairing. In the latter case, sequence-unspe-
cific charge-mediated aggregation phenomena occur. This be-
havior is in sharp contrast to the pronounced mismatch sensi-
tivity of partially zwitterionic oligonucleotides containing up to
four NAA linkages.[14a]
Interestingly, both isomers differ moderately in their DNA-
binding affinity as well as selectivity, and on the basis of their
CD spectra, also in their structural topology. Apparently, the
(6’R)-configuration in 1b is slightly more beneficial for hybridi-
zation. Notably, an analogous behavior had also been observed
for previously reported partially zwitterionic NAA-modified oli-
gonucleotides.[14a] Both isomers 1a and 1b appear to adopt
different structures in their single-stranded form. Furthermore,
the CD spectrum of duplex 1b-A14 reveals a maximum at ap-
proximately 300 nm, which is unusual for fully helical oligonu-
cleotide duplexes.
Overall, our findings will contribute to the future design of
oligonucleotides for potential biomedical applications. The fa-
vorable properties of cationic cell-penetrating peptides
(CPPs)[9] indicate that the introduction of positive charges into
the oligonucleotide backbone might be beneficial for their
therapeutic or diagnostic use, in particular with respect to cel-
lular uptake. However, as demonstrated in this work, fully cat-
ionic (in contrast to partially zwitterionic) oligonucleotides can
suffer from impaired base pairing fidelity and unspecific aggre-
gation in the absence of Watson–Crick base pairing. In our
future work, we will therefore study how the ratio of negative-
ly and positively charged linkages impacts base-pairing fidelity.
In addition, more detailed structural studies will be performed,
with the long-term goal of obtaining a thorough understand-
ing of the interplay of conformation, base pairing, and electro-




The syntheses of starting materials 5 and 6 and of phosphonate 7
are described in the Supporting Information. All other chemicals
were purchased from standard suppliers. Reactions involving
oxygen- and/or moisture-sensitive reagents were performed under
an atmosphere of argon using anhydrous solvents. Anhydrous sol-
vents were obtained in the following manner: THF was dried over
sodium/benzophenone and distilled, CH2Cl2 was dried over CaH2
and distilled, MeOH was dried over activated molecular sieves (3 a)
and degassed, MeCN was dried over P2O5 and distilled, pyridine
was dried over CaH2 and distilled, toluene was dried over sodium/
benzophenone and distilled. The thus-obtained solvents were
stored over molecular sieves (4 a; in case of MeOH and MeCN,
3 a). All other solvents were of technical quality and distilled prior
to use, and deionized water was used throughout. Column chro-
matography was performed on silica gel 60 (0.040–0.063 mm, 230–
400 mesh ASTM, VWR) under flash conditions unless otherwise in-
dicated. TLC was performed on aluminum plates precoated with
silica gel 60 F254 (VWR). Visualization of the spots was achieved
using UV light (254 nm) and/or staining under heating (H2SO4
staining solution: 4 g vanillin, 25 mL conc. H2SO4, 80 mL AcOH, and
680 mL MeOH; KMnO4 staining solution: 1 g KMnO4, 6 g K2CO3,
and 1.5 mL NaOH (1.25m) solution, all dissolved in 100 mL H2O;
ninhydrin staining solution: 0.3 g ninhydrin, 3 mL AcOH, and
100 mL 1-butanol). Analytical chiral HPLC was performed on a
Jasco system equipped with a pu 2080 Plus pump, an AS 2055 Plus
autosampler, an MD 2010 Plus multiwavelength detector, and an IB
ChiralpakTM column (0.8V27.5 cm) purchased from Diacel. Method:
isocratic eluent 70:30 n-hexane-EtOAc; flow 0.8 mLmin@1; injection
volume 10 mL (c&4 mgmL@1 in EtOAc). Preparative chiral HPLC
was performed on a Jasco system equipped with a pu 2080 Plus
pump, an MD 2010 Plus multiwavelength detector, and an IB Chir-
alpakTM column (1.5V28 cm) purchased from Diacel. Method: iso-
cratic eluent 73:27 n-hexane-EtOAc; flow 5 mLmin@1; injection
volume 100 mL (c&100 mgmL@1 in EtOAc). 300 MHz- and 500 MHz-
1H, 75 MHz- and 126 MHz-13C, and 121 MHz-31P NMR spectra were
recorded on Varian MERCURY 300, UNITY 300, INOVA 500, and
INOVA 600 spectrometers. All 13C NMR spectra were H-decoupled.
All spectra were recorded at room temperature unless indicated
otherwise, and were referenced internally to solvent reference fre-
quencies. For calibration of 31P NMR signals, 85% phosphoric acid
was used as an external standard. Chemical shifts (d) are quoted in
ppm and coupling constants (J) are reported in Hz. Signals were
assigned by using H,H-COSY, HSQC, and HMBC spectra obtained
on the spectrometers detailed above. Mass spectra of small mole-
cules were measured on a Finnigan LCQ ion-trap mass spectrome-
ter or on a Bruker microTOF spectrometer. For ESI measurements
in the negative mode, solutions of the compounds in pure MeOH
were used, whereas for measurements in the positive mode, solu-
tions in MeOH containing 0.1% formic acid were employed. High-
resolution spectra were measured on a Bruker 7 Tesla Fourier trans-
form ion cyclotron resonance (FTICR) mass spectrometer. Melting
points (m.p.) were measured on a Bechi instrument and were not
corrected. Optical rotations were recorded on a PerkinElmer polar-
imeter 241 with a Na source using a 10 cm cell. Solutions of the
compounds (&10 mg) in CHCl3 or pyridine (1 mL) were used, and
concentrations are given in g/100 mL. Infrared (IR) spectroscopy
was performed on a PerkinElmer Vektor 22 spectrometer with
solids measured as KBr pills or on a Jasco FT/IR-4100 spectrometer
equipped with an integrated ATR unit (GladiATRQ, PIKE Technolo-
gies). Wavenumbers (n) are quoted in cm@1. UV spectroscopy of
small molecules was performed on a PerkinElmer Lambda 2 spec-
trometer. Measurements were performed with solutions of approxi-
mately 0.1 mg of the compound in 10 mL MeCN and in the range
190–500 nm. Wavelengths of maximum absorption (lmax) are re-
ported in nm with the corresponding logarithmic molar extinction
coefficient (log e) given in parentheses (e in dm3 mol@1cm@1).
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Syntheses and characterization data
6’-N-Boc-3’-N-Fmoc-amino-3’-deoxy-(S)-thymidinyl amino acid
(S)-2 : Pd-black (1.28 g, 12.0 mmol) and n-butylamine (1.80 g,
2.43 mL, 24.2 mmol) were added to a solution of diastereomerically
pure NAA (S)-11 (vide infra, 900 mg, 1.21 mmol) in MeOH (28 mL).
The resultant suspension was stirred for 24 h under a hydrogen at-
mosphere (1 bar). It was then filtered and the filter cake was
washed with MeOH (3V10 mL). The combined filtrates were
evaporated and the residue was coevaporated with pyridine (3V
4 mL). The solid thus obtained was used for the subsequent Fmoc
protection without further purification.
Na2CO3 (115 mg, 1.09 mmol) and Fmoc-OSu (368 mg, 1.09 mmol)
were added to a solution of the obtained product (435 mg,
1.09 mmol) in a mixture of acetone and water (1:1, 3 mL). The reac-
tion mixture was stirred for 1 h at RT. It was then acidified to pH 2
with 2m HCl and partitioned between a mixture of CH2Cl2 (15 mL)
and brine (15 mL). The aqueous layer was extracted with CH2Cl2
(3V10 mL). The combined organics were dried over Na2SO4, fil-
tered, and evaporated. The resultant crude product was purified
by column chromatography (9:1 CH2Cl2-MeOH, 0.5% AcOH). The
obtained product was coevaporated with toluene (3V5 mL) to
give (S)-2 as a fine white powder (393 mg, 58% over two steps
from (S)-11). M.p. decomposition >110 8C; TLC: Rf=0.26 (9:1
CH2Cl2-MeOH); a½ A
20
D = +39.7 (c=1.2, CHCl3) ;
1H NMR (500 MHz,
CD3OD): d=1.44 (s, 9H, C(CH3)3), 1.93 (s, 3H, 7-H), 2.06–2.16 (m,
1H, 5’-Ha), 2.21–2.39 (m, 3H, 2’-Ha, 2’-Hb, 5’-Hb), 3.89–3.97 (m, 1H,
4’-H), 4.05–4.14 (m, 1H, 3’-H), 4.18–4.27 (m, 2H, Fmoc-CH2), 4.32–
4.48 (m, 3H, 9’’-H, 6’-H, 6’-NH), 6.08–6.15 (m, 1H, 1’-H), 7.31 (dd,
J=7.3, 7.3 Hz, 2H, 2’’-H, 7’’-H), 7.34 (dd, J=7.3, 7.3 Hz, 2H, 3’’-H,
6’’-H), 7.53 (brs, 1H, 6-H), 7.65 (d, J=7.3 Hz, 2H, 4’’-H, 5’’-H),
7.79 ppm (d, J=7.3 Hz, 2H, 1’’-H, 8’’-H); 13C NMR (126 MHz,
CD3OD): d=11.1 (C-7), 27.3 (C(CH3)3), 35.3 (C-5’), 36.8 (C-2’), 46.8
(Fmoc-CH2), 51.3 (C-6’), 54.2 (C-3’), 66.4 (C-9’’), 79.2 (C(CH3)3), 81.0
(C-4’), 84.4 (C-1’), 110.5 (C-5), 119.5 (C-1’’, C-8’’), 124.7, 124.8 (C-4’’,
C-5’’), 126.8, 127.4 (C-2’’, C-7’’), 127.8, 128.5 (C-3’’, C-6’’), 136.4 (C-6),
141.3 (C-8’’a, C-9’’a), 143.9 (C-4’’a, C-4’’b), 150.8 (C-2), 156.3 (Boc-
C=O), 156.3 (Fmoc-C=O), 165.0 (C-4), 174.4 ppm (COOH); IR (ATR):
ñ=1680, 1519, 1447, 1250, 1161, 1050, 1022, 759, 736 cm@1; UV
(MeCN): lmax (log e)=206 (4.95), 264 nm (4.65); HRMS (ESI) calcd
for C32H36N4NaO9 : 643.2374; found: 643.2368 [M+Na]
+ .
6’-N-Boc-3’-N-Fmoc-amino-3’-deoxy-(R)-thymidinyl amino acid
(R)-2 : The synthesis of (6’R)-configured NAA (R)-2 was performed
according to the procedure for the synthesis of (6’S)-configured
NAA (S)-2 with diastereomerically pure NAA (R)-11 (vide infra,
370 mg, 0.498 mmol), Pd-black (528 mg, 4.98 mmol), n-butylamine
(731 mg, 1.00 mL, 10.0 mmol), MeOH (12 mL), Na2CO3 (53 mg,
0.50 mmol), Fmoc-OSu (169 mg, 0.502 mmol), and acetone/water
(1:1, 1.4 mL). The crude product was purified by column chroma-
tography (9:1 CH2Cl2-MeOH, 0.5% AcOH). The obtained product
was coevaporated with toluene (3V5 mL) to give (R)-2 as a fine
white powder (150 mg, 48% over two steps from (R)-11). M.p. de-
composition >110 8C; TLC: Rf=0.26 (9:1 CH2Cl2-MeOH); a½ A
20
D =
+23.5 (c 1.1, CHCl3) ;
1H NMR (500 MHz, CD3OD): d=1.44 (s, 9H,
C(CH3)3), 1.93 (s, 3H, 7-H), 2.03–2.14 (m, 1H, 5’-Ha), 2.14–2.24 (m,
1H, 5’-Hb), 2.24–2.32 (m, 1H, 2’-Ha), 2.32–2.42 (m, 1H, 2’-Hb), 3.84–
3.91 (m, 1H, 4’-H), 4.03–4.11 (m, 1H, 3’-H), 4.19–4.26 (m, 2H, Fmoc-
CH2), 4.26–4.35 (m, 1H, 6’-H), 4.38–4.48 (m, 2H, 9’’-H, 6’-NH), 6.14–
6.21 (m, 1H, 1’-H), 7.33 (dd, J=7.3, 7.3 Hz, 2H, 2’’-H, 7’’-H), 7.40
(dd, J=7.3, 7.3 Hz, 2H, 3’’-H, 6’’-H), 7.50 (brs, 1H, 6-H), 7.66 (d, J=
7.3 Hz, 2H, 4’’-H, 5’’-H), 7.80 ppm (d, J=7.3 Hz, 2H, 1’’-H, 8’’-H);
13C NMR (126 MHz, CD3OD): d=11.0 (C-7), 27.3 (C(CH3)3), 35.4 (C-5’),
36.5 (C-2’), 46.8 (Fmoc-CH2), 51.3 (C-6’), 54.4 (C-3’), 66.3 (C-9’’), 79.2
(C(CH3)3), 80.6 (C-4’), 84.7 (C-1’), 110.6 (C-5), 119.5 (C-1’’, C-8’’),
124.7, 124.9 (C-4’’, C-5’’), 126.8, 127.4 (C-2’’, C-7’’), 127.8, 128.5 (C-
3’’, C-6’’), 136.4 (C-6), 141.3 (C-8’’a, C-9’’a), 143.9 (C-4’’a, C-4’’b),
150.8 (C-2), 156.7 (Boc-C=O), 157.0 (Fmoc-C=O), 164.9 (C-4),
174.8 ppm (COOH); IR (ATR): ñ=1685, 1519, 1447, 1255, 1161,
1070, 1050, 1022, 759, 736 cm@1; UV (MeCN): lmax (log e)=206
(4.58), 264 nm (4.25); HRMS (ESI) calcd for C32H36N4NaO9 : 643.2374;
found: 643.2373 [M+Na]+ .
3-N-BOM-3’-azido-3’-deoxythymidine-5’-aldehyde 3 : IBX (3.15 g,
11.2 mmol) was added to a solution of 3-N-BOM-3’-azido-3’-deoxy-
thymidine 5 (1.74 g, 4.49 mmol) in MeCN (43 mL), and the reaction
mixture was stirred for 45 min under reflux. It was then cooled to
RT and filtered. The filter cake was washed with EtOAc (3V20 mL),
and the combined filtrates were evaporated under reduced pres-
sure. The resultant residue was kept under high vacuum to remove
remaining volatiles to give 3 as a colorless foam (1.72 g, 99%).
With respect to its limited stability, 3 was only characterized by
NMR spectroscopy and then used directly in the next reaction.
1H NMR (500 MHz, CDCl3): d=1.94 (d, J=1.2 Hz, 3H, 7-H), 2.35–
2.45 (m, 1H, 2’-Ha), 2.43 (ddd, J=14.1, 6.7, 4.0 Hz, 1H, 2’-Hb), 4.42
(d, J=3.4 Hz, 1H, 4’-H), 4.60 (ddd, J=7.0, 3.5, 3.4 Hz, 1H, 3’-H), 4.68
(s, 2H, 2’’-H), 5.46 (s, 2H, 1’’-H), 6.00 (dd, J=6.7, 6.6 Hz, 1H, 1’-H),
7.23–7.35 ppm (m, 6H, 6-H, aryl-H); 13C NMR (126 MHz, CDCl3): d=
13.1 (C-7), 36.6 (C-2’), 61.7 (C-3’), 70.6 (C-2’’), 72.4 (C-1’’), 88.6 (C-1’),
90.4 (C-4’), 110.7 (C-5), 127.6 (C-6’’), 127.7 (C-4’’, C-8’’), 128.3 (C-5’’,
C-7’’), 135.3 (C-6), 137.9 (C-3’’), 150.7 (C-2), 163.2 (C-4), 198.3 ppm
(C-5’).
3-N-BOM-3’-N-Cbz-amino-3’-deoxythymidine-5’-aldehyde 4 : IBX
(2.07 g, 7.38 mmol) was added to a solution of 3-N-BOM-3’-N-Cbz-
amino-3’-deoxythymidine 6 (1.46 g, 2.95 mmol) in MeCN (28 mL),
and the reaction mixture was stirred for 45 min under reflux. It was
then cooled to RT and filtered. The filter cake was washed with
EtOAc (3V15 mL), and the combined filtrates were evaporated
under reduced pressure. The resultant residue was kept under
high vacuum to remove remaining volatiles to give 4 as a colorless
foam (1.45 g, quant.). With respect to its limited stability, 4 was
only characterized by NMR spectroscopy and then used directly in
the next reaction. 1H NMR (500 MHz, CDCl3): d=1.96 (s, 3H, H-7),
2.06–2.16 (m, 1H, 2’-Ha), 2.38–2.47 (m, 1H, 2’-Hb), 4.40 (m, 1H, 3’-
H), 4.53–4.59 (m, 1H, 4’-H), 4.65 (s, 2H, 1’’-H), 5.04–5.14 (m, 2H, 1’’’-
H), 5.45 (s, 2H, 2’’-H), 5.81–5.89 (m, 1H, 3’-NH), 6.25–6.35 (m, 1H,
1’-H), 7.20–7.39 (m, 10H, aryl-H), 7.64 (s, 1H, 6-H), 9.71 ppm (s, 1H,
5’-H); 13C NMR (126 MHz, CDCl3): d=13.3 (C-7), 36.5 (C-2’), 52.0 (C-
3’), 67.3 (C-1’’’), 70.6 (C-1’’), 72.3 (C-2’’), 87.7 (C-1’), 88.5 (C-4’), 110.9
(C-5), 127.7, 127.7, 128.2, 128.3, 128.3, 128.7 (aryl-C), 134.7 (C-6),
135.7, 135.8 (C-3’’, C-2’’’), 137.9 (Cbz-C=O), 151.0 (C-2), 163.3 (C-4),
198.0 ppm (C-5’) ; HRMS (ESI) calcd for C26H26N3O7: 492.1776; found:
492.1780 [M@H]@ .
(Z)-6’-N-Boc-3-N-BOM-3’-azido-5’,6’-didehydro-3’-deoxythymidin-
yl amino acid benzyl ester 8 : A solution of phosphonate 7
(1.67 g, 4.49 mmol) in THF (34 mL) was added to a precooled
(@78 8C) solution of KOtBu (504 mg, 4.49 mmol) in THF (43 mL) at
@78 8C. The resultant solution was stirred for 5 min at @78 8C. Sub-
sequently, a solution of aldehyde 3 (1.45 g, 2.95 mmol) in THF
(18 mL) was added. The reaction mixture was stirred for 16 h and
was allowed to warm slowly to RT during this time period. The re-
sultant suspension was cooled to 0 8C and MeOH (5 mL) was
added, after which the solution was diluted with EtOAc (200 mL). It
was then washed with water (1V100 mL) and brine (1V100 mL),
dried over Na2SO4, filtered, and evaporated under reduced pres-
sure. The resultant crude product was purified by column chroma-
tography (3:2 iso-hexanes-EtOAc) to give 8 as a colorless foam
(2.06 g, 73%, diastereomeric mixture Z/E 93:7). As described befor-
e,[14,15a,b,16c] the stereochemical assignment (Z/E) was based on the
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empirical rules for NMR data established by Mazurkiewicz et al.[18]
Z-8 : TLC: Rf=0.62 (2:3 iso-hexanes-EtOAc);
1H NMR (500 MHz,
CDCl3): d=1.48 (s, 9H, C(CH3)3), 1.83 (d, J=1.2 Hz, 3H, 7-H), 2.24
(ddd, J=13.9, 7.4, 6.6 Hz, 1H, 2’-Ha), 2.49 (ddd, J=13.9, 5.9, 2.9 Hz,
1H, 2’-Hb), 4.35 (ddd, J=6.0, 3.0, 3.0 Hz, 1H, 3’-H), 4.69 (s, 2H, 2’’-
H), 4.86 (dd, J=8.4, 2.8 Hz, 1H, 6’-H), 5.22 (d, J=12.2 Hz, 2H, 1’’’-
Ha), 5.27 (d, J=12.2 Hz, 2H, 1’’’-Hb), 5.46 (d, J=9.7 Hz, 1H, 1’’-Ha),
5.48 (d, J=9.7 Hz, 1H, 1’’-Hb), 6.07 (dd, J=7.4, 6.0 Hz, 1H, 1’-H),
6.31 (d, J=8.4 Hz, 1H, 5’-H), 6.60 (s, 1H, 6’-NH), 7.09 (q, J=1.2 Hz,
1H, 6-H), 7.22–7.26 (m, 1H, aryl-H), 7.28–7.33 (m, 2H, aryl-H), 7.34–
7.39 ppm (m, 7H, aryl-H); 13C NMR (126 MHz, CDCl3): d=13.2 (C-7),
28.1 (C(CH3)3), 37.4 (C-2’), 65.0 (C-3’), 68.1 (C-1’’’), 70.6 (C-1’’), 72.3
(C-2’’), 81.9 (C-6’), 87.7 (C-1’), 110.4 (C-5), 125.3 (C-5’), 127.6, 128.3,
128.5, 128.7, 128.7, 134.0 (aryl-C), 134.9 (C-6), 138.4 (aryl-C), 150.7
(C-2), 153.1 (Boc-C=O), 163.2 (C-4), 163.9 ppm (ester-C=O); IR (KBr):
ñ=2101, 1708, 1652, 1242, 1151, 1065, 1027, 769, 736, 693 cm@1;
UV (MeCN): lmax (log e)=206 (4.56), 261 nm (4.17); HRMS (ESI)
calcd for C32H36N6NaO8 : 655.2492; found: 655.2487 [M+Na]
+ .
(Z)-6’-N-Boc-3-N-BOM-3’-N-Cbz-amino-5’,6’-didehydro-3’-deoxy-
thymidinyl amino acid benzyl ester 9 : A solution of phosphonate
7 (1.21 g, 3.25 mmol) in THF (25 mL) was added to a precooled
(@78 8C) solution of KOtBu (330 mg, 2.95 mmol) in THF (28 mL) at
@78 8C. The resultant solution was stirred for 5 min at @78 8C. Sub-
sequently, a solution of aldehyde 4 (1.45 g, 2.95 mmol) in THF
(12 mL) was added. The reaction mixture was stirred for 16 h and
was allowed to warm slowly to RT during this time period. The re-
sultant suspension was cooled to 0 8C and MeOH (3 mL) was
added, after which the solution was diluted with EtOAc (150 mL). It
was then washed with water (1V80 mL) and brine (1V80 mL),
dried over Na2SO4, filtered, and evaporated under reduced pres-
sure. The resultant crude product was purified by column chroma-
tography (3:2 iso-hexanes-EtOAc) to give 9 as a colorless foam
(1.48 g, 68%, diastereomeric mixture Z/E 91:9). As described befor-
e,[14,15a,b,16c] the stereochemical assignment (Z/E) was based on the
empirical rules for NMR data established by Mazurkiewicz et al.[18]
Z-9 : TLC:=Rf 0.31 (1:1 iso-hexanes-EtOAc);
1H NMR (500 MHz,
CDCl3, 50 8C): d=1.46 (s, 9H, C(CH3)3), 1.88 (d, J=1.1 Hz, 3H, 7-H),
2.40 (ddd, J=13.9, 7.0, 7.0 Hz, 1H, 2’-Ha), 2.44 (ddd, J=13.9, 8.0,
6.2 Hz, 1H, 2’-Hb), 4.06–4.13 (m, 1H, 3’-H), 4.69 (s, 2H, 1’’-H), 4.79
(dd, J=8.4, 6.4 Hz, 1H, 4’-H), 5.11 (d, J=12.7 Hz, 1H, 1’’’-Ha), 5.13
(d, J=12.7 Hz, 1H, 1’’’-Hb), 5.23 (d, J=12.6 Hz, 1H, 1
iv-Ha), 5.26 (d,
J=12.6 Hz, 1H, 1iv-Hb), 5.47 (d, J=9.7 Hz, 1H, 2’’-Ha), 5.49 (d, J=
9.7 Hz, 1H, 2’’-Hb), 5.95–6.01 (m, 1H, 3’-NH), 6.20 (dd, J=6.2,
6.2 Hz, 1H, 1’-H), 6.31 (d, J=8.4 Hz, 1H, 5’-H), 6.85 (s, 1H, 6’-NH),
7.09 (s, 1H, 6-H), 7.21–7.40 ppm (m, 15H, aryl-H); 13C NMR
(126 MHz, CDCl3, 50 8C): d=13.1 (C-7), 28.1 (C(CH3)), 38.7 (C-2’),
55.9 (C-3’), 67.0 (C-1’’’), 68.0 (C-1iv), 70.7 (C-1’’), 72.3 (C-2’’), 79.4 (C-
4’), 81.8 (C(CH3)3), 85.8 (C-1’), 125.5 (C-5’), 127.5, 127.6, 128.0, 128.1,
128.2, 128.5, 128.5, 128.6 (aryl-C), 128.6 (C-6’), 133.5 (C-6), 135.1,
136.3, 138.1 (C-3’’, C-2’’’, C-2iv), 150.9 (C-2), 153.4 (Boc-C=O), 156.3
(Cbz-C=O), 163.1 (C-4), 164.0 ppm (ester-C=O); IR (ATR): ñ=1704,
1648, 1452, 1250, 1151, 1065, 1027, 774, 736, 698 cm@1; UV (MeCN):
lmax (log e)=206 (4.53), 260 nm (4.03); HRMS (ESI) calcd for
C40H44N4NaO10 : 763.2955; found: 763.2953 [M+Na]
+ .
6’-N-Boc-3-N-BOM-3’-azido-3’-deoxy-(S)-thymidinyl amino acid
benzyl ester (S)-10 : The reaction was performed under strict exclu-
sion of oxygen. Nitrogen was bubbled through a solution of olefin
8 (Z/E 93:7, 950 mg, 1.50 mmol) in MeOH (50 mL) for 15 min. Sub-
sequently, the catalyst (S,S)-Me-DuPHOS-Rh (19 mg, 32 mmol) was
added and the reaction was stirred for three days at RT under a hy-
drogen atmosphere (1 bar). A further portion of the catalyst
(19 mg, 32 mmol) was added and the reaction was stirred further
under a hydrogen atmosphere (1 bar) at RT for four days. Silica
(approx. 1/3 of the solvent volume) was added to the solution and
the solvent was removed under reduced pressure. The resultant
crude product was purified by column chromatography (3:2 iso-
hexanes-EtOAc) to give (S)-10 as a colorless foam (800 mg, 84%,
diastereomeric mixture 6’S/6’R 85:15). As described before,[14,15a,b]
the stereochemical assignment (6’S/6’R) was based on the catalyst-
controlled nature of the reaction and on an X-ray crystal structure
of a nucleosyl amino acid derivative.[15b] (S)-10 : TLC Rf=0.62 (1:1
iso-hexanes-EtOAc); 1H NMR (300 MHz, C6D6, 70 8C): d=1.39 (s, 9H,
C(CH3)3), 1.68 (ddd, J=13.8, 8.0, 6.0 Hz, 1H, 2’-Ha), 1.76–1.84 (m,
2H, 2’-Hb, 5’-Ha), 1.88 (d, J=1.1 Hz, 3H, 7-H), 2.01 (ddd, J=14.4,
6.6, 4.0 Hz, 1H, 5’-Hb), 3.28 (ddd, J=7.4, 6.0, 6.0 Hz, 1H, 3’-H), 3.64
(ddd, J=8.7, 6.2, 4.0 Hz, 1H, 4’-H), 4.50–4.58 (m, 1H, 6’-H), 4.70 (s,
2H, 2’’-H), 4.90 (d, J=12.3 Hz, 1H, 1’’’-Ha), 4.93 (d, J=12.3 Hz, 1H,
1’’’-Hb), 5.11 (d, J=7.4 Hz, 1H, 6’-NH), 5.51 (s, 2H, 1’’-H), 5.68 (dd,
J=6.0, 6.0 Hz, 1H, 1’-H), 6.75 (brs, 1H, 6-H), 7.00–7.13 (m, 8H, aryl-
H), 7.31–7.34 ppm (m, 2H, aryl-H); 13C NMR (126 MHz, C6D6, 70 8C):
d=12.6 (C-7), 28.0 (C(CH3)3), 35.6 (C-5’), 36.4 (C-2’), 51.1 (C-6’), 62.8
(C-3’), 66.8 (C-1’’’), 70.6 (C-1’’), 72.2 (C-2’’), 79.6 (C(CH3)3), 80.1 (C-4’),
85.9 (C-1’), 110.1 (C-5), 133.7 (C-6), 127.1, 127.9, 127.9, 128.0, 128.2,
128.3 (aryl-C), 135.4 (C-3’’), 138.7 (C-2’’’), 150.4 (Boc-C=O), 154.9 (C-
2), 162.5 (C-4), 171.1 ppm (ester-C=O); IR (KBr): ñ=2101, 1704,
1652, 1452, 1250, 1156, 1070, 774, 736, 698 cm@1; UV (MeCN): lmax
(log e)=206 (4.65), 266 nm (4.19); HRMS (ESI) calcd for C32H37N6O8 :
633.2678; found: 633.2675 [M@H]@ .
6’-N-Boc-3-N-BOM-3’-azido-3’-deoxy-(R)-thymidinyl amino acid
benzyl ester (R)-10 : The synthesis of (R)-10 was performed accord-
ing to the procedure for the synthesis of (S)-10 with olefin 8 (Z/E
93:7, 950 mg, 1.50 mmol), (R,R)-Me-DuPHOS-Rh (38 mg, 64 mmol),
MeOH (50 mL), and a reaction time of 14 days to give (R)-10 as a
colorless foam (541 mg, 54%, diastereomeric mixture 6’R/6’S 95:5).
As described before,[14, 15a,b] the stereochemical assignment (6’S/6’R)
was based on the catalyst-controlled nature of the reaction and on
an X-ray crystal structure of a nucleosyl amino acid derivative.[15b]
(R)-10 : TLC: Rf=0.62 (1:1 iso-hexanes-EtOAc);
1H NMR (300 MHz,
C6D6, 70 8C): d=1.39 (s, 9H, C(CH3)3), 1.72–1.85 (m, 3H, 2’-Ha, 2’-Hb,
5’-Ha), 1.78 (d, J=1.2 Hz, 3H, 7-H), 1.86–1.95 (m, 1H, 5’-Hb), 3.27–
3.34 (m, 1H, 3’-H), 3.61 (ddd, J=9.4, 6.4, 3.2 Hz, 1H, 4’-H), 4.50–
4.58 (m, 1H, 6’-H), 4.70 (s, 2H, 2’’-H), 4.89 (d, J=12.3 Hz, 1H, 1’’’-
Ha), 5.00 (d, J=12.3 Hz, 1H, 1’’’-Hb), 5.01–5.06 (m, 1H, 6’-NH), 5.44
(dd, J=6.8, 5.4 Hz, 1H, 1’-H), 5.45 (d, J=9.3 Hz, 2H, 1’’-Ha), 5.50 (d,
J=9.3 Hz, 2H, 1’’-Hb), 6.44–6.47 (m, 1H, 6-H), 7.02–7.16 (m, 8H,
aryl-H), 7.31–7.34 ppm (m, 2H, aryl-H); 13C NMR (126 MHz, C6D6,
70 8C): d=12.7 (C-7), 28.0 (C(CH3)3), 35.5 (C-5’), 36.4 (C-2’), 51.8 (C-
6’), 63.1 (C-3’), 66.8 (C-1’’’), 70.6 (C-1’’), 72.2 (C-2’’), 79.5 (C(CH3)3),
80.5 (C-4’), 86.8 (C-1’), 109.8 (C-5), 127.2, 127.3, 127.7, 128.0, 128.1,
128.3 (aryl-C), 133.9 (C-6), 135.6 (C-3’’), 138.7 (C-2’’’), 150.3 (Boc-
C=O), 155.1 (C-2), 162.4 (C-4), 171.3 ppm (ester-C=O); IR (ATR): ñ=
2101, 1704, 1652, 1455, 1270, 1250, 1156, 1075, 736, 698 cm@1; UV
(MeCN): lmax (log e)=267 nm (3.99); HRMS (ESI) calcd for
C32H37N6O8 : 633.2678; found: 633.2679 [M@H]
@ .
6’-N-Boc-3-N-BOM-3’-N-Cbz-amino-3’-deoxy-(S)-thymidinyl amino
acid benzyl ester (S)-11: The reaction was performed under strict
exclusion of oxygen. Nitrogen was bubbled through a solution of
olefin 9 (Z/E 91:9, 1.00 g, 1.35 mmol) in MeOH (49 mL) for 15 min.
Subsequently, the catalyst (S,S)-Me-DuPHOS-Rh (16 mg, 27 mmol)
was added and the reaction was stirred for four days at RT under a
hydrogen atmosphere (1 bar). Silica (approx. 1/3 of the solvent
volume) was added to the solution and the solvent was removed
under reduced pressure. The resultant crude product was purified
by column chromatography (3:2 iso-hexanes-EtOAc) to give (S)-11
as a colorless foam (918 mg, 92%, diastereomeric mixture 6’S/6’R
91:9). The diastereomers were separated by preparative chiral
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HPLC to give the pure (6’S)-diastereomer (S)-11 (900 mg from
1.00 g of diastereomeric mixture, obtained from several reactions).
As described before,[14, 15a,b] the stereochemical assignment (6’S/6’R)
was based on the catalyst-controlled nature of the reaction and on
an X-ray crystal structure of a nucleosyl amino acid derivative.[15b]
(S)-11: M.p. 69 8C; TLC: Rf=0.31 (3:2 iso-hexanes-EtOAc); HPLC (an-
alytical): tR=30.5 min; HPLC (preparative): tR=32.0 min; a½ A
20
D =
+34.4 (c 1.1, CHCl3) ;
1H NMR (500 MHz, C6D6, 50 8C): d=1.39 (s,
9H, C(CH3)3), 1.68 (ddd, J=13.9, 6.9, 6.9 Hz, 1H, 2’-Ha), 1.74 (ddd,
J=13.9, 8.4, 5.9 Hz, 1H, 2’-Hb), 1.88 (s, 3H, 7-H), 1.95 (ddd, J=14.4,
7.3, 7.2 Hz, 1H, 5’-Ha), 2.17–2.26 (m, 1H, 5’-Hb), 3.59 (ddd, J=7.3,
4.2, 4.2 Hz, 1H, 4’-H), 3.83–3.94 (m, 1H, 3’-H), 4.63–4.75 (m, 1H, 6’-
H), 4.71 (s, 2H, 1’’-H), 4.91 (d, J=12.5 Hz, 1H, 1’’’-Ha), 4.95 (d, J=
12.5 Hz, 1H, 1’’’-Hb), 5.01 (d, J=12.3 Hz, 1H, 1
iv-H), 5.06 (d, J=
12.3 Hz, 1H, Bn-CH2), 5.41–5.49 (m, 1H, 6’-NH), 5.51 (s, 2H, 2’’-H),
5.97 (dd, J=5.9, 5.9 Hz, 1H, 1’-H), 6.93 (brs, 1H, 6-H), 6.99–7.19 (m,
11H, aryl-H), 7.23–7.27 (m, 2H, aryl-H), 7.33–7.37 ppm (m, 2H, aryl-
H); 13C NMR (126 MHz, C6D6, 50 8C): d=12.8 (C-7), 28.0 (C(CH3)3),
35.6 (C-5’), 37.3 (C-2’), 51.2 (C-6’), 54.1 (C-3’), 66.8 (C-1’’’), 70.6 (C-
1’’), 72.1 (C-2’’), 79.5 (C(CH3)3), 80.8 (C-4’), 84.7 (C-1’), 110.3 (C-5),
127.2, 127.5, 127.7, 127.9, 128.0, 128.1, 128.1, 128.3, 128.4 (aryl-C),
133.4 (C-6), 135.6, 136.7, 138.7 (C-3’’, C-2’’’, C-2iv), 150.7 (C-2), 155.2
(Boc-C=O), 155.7 (Cbz-C=O), 162.7 (C-4), 171.5 ppm (ester-C=O); IR
(ATR): ñ=1709, 1647, 1528, 1270, 1237, 1212, 1161, 1022, 736,
693 cm@1; UV (MeCN): lmax (log e)=206 (4.66), 261 nm (4.27); HRMS
(ESI) calcd for C40H45N4O10 : 741.3141; found: 741.3144 [M@H]
@ .
6’-N-Boc-3-N-BOM-3’-N-Cbz-amino-3’-deoxy-(R)-thymidinyl
amino acid benzyl ester (R)-11: The synthesis of (R)-11 was per-
formed according to the procedure for the synthesis of (S)-11 with
olefin 9 (Z/E 91:9, 300 mg, 0.405 mmol), (R,R)-Me-DuPHOS-Rh
(10 mg, 16 mmol), MeOH (15 mL), and a reaction time of 14 days to
give (R)-11 as a colorless foam (220 mg, 73%, diastereomeric mix-
ture 6’R/6’S 88:12). The diastereomers were separated by prepara-
tive chiral HPLC to give the pure (6’R)-diastereomer (R)-11 (370 mg
from 430 mg of diastereomeric mixture, obtained from several re-
actions). As described before,[14, 15a,b] the stereochemical assignment
(6’S/6’R) was based on the catalyst-controlled nature of the reac-
tion and on an X-ray crystal structure of a nucleosyl amino acid de-
rivative.[15b] (R)-11: M.p. 64 8C; TLC: Rf=0.31 (3:2 iso-hexanes-
EtOAc); HPLC (analytical): tR=37.5 min; HPLC (preparative): tR=
39.0 min; a½ A20D = +39.1 (c 0.87, CHCl3) ;
1H NMR (500 MHz, C6D6,
50 8C): d=1.38 (s, 9H, C(CH3)3), 1.60–1.69 (m, 1H, 2’-Ha), 1.70–1.80
(m, 1H, 2’-Hb), 1.76 (s, 3H, 7-H), 1.88–2.00 (m, 1H, 5’-Ha), 2.00–2.09
(m, 1H, 5’-Hb), 3.52–3.59 (m, 1H, 4’-H), 3.77–3.87 (m, 1H, 3’-H),
4.60–4.70 (m, 1H, 6’-H), 4.71 (s, 2H, 1’’-H), 4.89 (d, J=12.2 Hz, 1H,
1’’’-Ha), 4.97–5.04 (m, 1H, 1’’’-Hb), 5.01 (d, J=12.5 Hz, 1H, 1
iv-Ha),
5.06 (d, J=12.5 Hz, 1H, 1iv-Hb), 5.19–5.29 (m, 1H, 6’-NH), 5.48 (d,
J=9.5 Hz, 1H, 2’’-Ha), 5.51 (d, J=9.5 Hz, 1H, 2’’-Hb), 5.75–5.85 (m,
1H, 1’-H), 6.93 (brs, 1H, 6-H), 7.00–7.19 (m, 11H, aryl-H), 7.23–7.27
(m, 2H, aryl-H), 7.33–7.37 ppm (m, 2H, aryl-H); 13C NMR (126 MHz,
C6D6, 50 8C): d=12.9 (C-7), 28.0 (C(CH3)3), 35.7 (C-5’), 37.3 (C-2’),
52.0 (C-6’), 54.5 (C-3’), 66.7 (C-1’’’), 70.6 (C-1’’), 72.1 (C-2’’), 79.5
(C(CH3)3), 80.9 (C-4’), 85.3 (C-1’), 110.1 (C-5), 127.3, 127.5, 127.7,
127.9, 128.1, 128.1, 128.2, 128.4, 128.4 (aryl-C), 133.2 (C-6), 135.8,
136.6, 138.7 (C-3’’, C-2’’’, C-2iv), 150.6 (C-2), 155.4 (Boc-C=O), 155.6
(Cbz-C=O), 162.6 (C-4), 171.8 ppm (ester-C=O); IR (ATR): ñ=1700,
1642, 1452, 1255, 1156, 1075, 1022, 736, 698 cm@1; UV (MeCN): lmax
(log e)=204 (4.60), 266 nm (3.94); HRMS (ESI) calcd for C40H45N4O10 :
741.3141; found: 741.3139 [M@H]@ .
Synthesis of oligonucleotide analogues 1a and 1b
The synthesis of fully cationic oligonucleotide analogues was per-
formed manually on NovaSynSTGR resin (Merck KGaA) according
to standard Fmoc-based solid-phase peptide synthesis (SPPS).[19]
The building blocks were coupled using three equivalents of
Fmoc-protected building blocks relative to the initial Fmoc loading
of the resin. The building blocks were mixed with three equivalents
of benzotriazol-1-yl-oxy-tris-pyrrolidino-phosphonium hexafluoro-
phosphate (PyBOP) and six equivalents of N,N-diisopropylethyla-
mine (DIPEA) in N-methyl-2-pyrrolidone (NMP), and twice incubat-
ed with the resin for 1 h. Fmoc deprotection was performed with
25% piperidine in NMP for 15 min. After each double-coupling
step, unreacted amines were blocked with NMP/DIPEA/acetic anhy-
dride (10:1:1; capping solution) for 10 min. For the final N-terminal
modification, the fully cationic oligonucleotide analogues were de-
protected as mentioned above, and reacted twice for 10 min with
capping solution for acetylation. The fully cationic oligonucleotide
analogues were finally cleaved from the resin applying TFA/water/
1,2-ethanedithiol/triisopropylsilane (94:2.5:2.5:1) for 4 h, and pre-
cipitated with Et2O at @20 8C. After this final cleavage, crude prod-
ucts were dissolved in water/MeCN (7:3) and purified by RP-HPLC
using a Nucleodur C18 reverse-phase column (10V125 mm, 110 a,
particle size 5 mm, Macherey–Nagel; solvent A: water+0.1% TFA,
solvent B: MeCN+0.1% TFA; flow rate: 6 mLmin@1). The thus-ob-
tained pure product fractions were combined, frozen in liquid ni-
trogen, and lyophilized with a Heto PowerDryTM LL1500 freeze-
drying system (Thermo Scientific). Analytical data of oligonucleo-
tide analogues 1a and 1b are given in Table S1 and Figure S1
(Supporting Information).
Melting temperature experiments
Melting temperatures (Tm values) were determined in phosphate
buffer at pH 7.4 (10 mm NaH2PO4) with varying NaCl concentrations
(50 mm, 75 mm, 100 mm, 125 mm). The final oligonucleotide
duplex concentration was 1 mm. Prior to the measurement, the
samples were heated to 90 8C for 2 min and subsequently cooled
to 20 8C. Afterwards, the changes in absorption at l=260 nm were
detected with a CARY-100 Bio UV/Vis Spectrophotometer (Varian),
applying a temperature increase from 20 8C to 90 8C and a temper-
ature decrease from 90 8C to 20 8C four times each with a heating
rate of 1.0 8Cmin@1, respectively, and a data interval of 0.5 8C (band-
width: 1.0 nm). The Tm values correspond to the maximum of the
first derivation of the melting curves and are the average of at
least three measurements.
CD spectroscopy
CD spectra were recorded with a J-715 CD spectrometer (Jasco)
and a quartz cuvette (path length: 0.1 cm; Hellma). The samples
were dissolved in a buffer composed of 10 mm NaH2PO4 and
100 mm NaCl (pH 7.4) to a final concentration of 20 mm. Five CD
spectra between wavelengths of l=190 and 320 nm were record-
ed in continuous scanning mode at 20 8C and averaged (sensitivity:
10 mdeg, resolution: 1.0 nm, response: 1.0 s, bandwidth: 1.0 nm,
scanning speed: 50 nmmin@1). Background correction was per-
formed prior to data evaluation and the CD spectra were smooth-
ed by applying an FFT filter. CD data are presented as the mean re-
sidual ellipticity (V) in degreescm2dmol@1.
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Towards Zwitterionic Oligonucleotides with Improved
Properties: the NAA/LNA-Gapmer Approach
Melissa Wojtyniak,[a] Boris Schmidtgall,[b] Philine Kirsch,[a] and Christian Ducho*[a, b]
In memory of Professor Thomas C. Bruice (1925–2019).
Oligonucleotides (ON) are promising therapeutic candidates, for
instance by blocking endogenous mRNA (antisense mecha-
nism). However, ON usually require structural modifications of
the native nucleic acid backbone to ensure satisfying pharma-
cokinetic properties. One such strategy to design novel
antisense oligonucleotides is to replace native phosphate
diester units by positively charged artificial linkages, thus
leading to (partially) zwitterionic backbone structures. Herein,
we report a “gapmer” architecture comprised of one zwitter-
ionic central segment (“gap”) containing nucleosyl amino acid
(NAA) modifications and two outer segments of locked nucleic
acid (LNA). This NAA/LNA-gapmer approach furnished a parti-
ally zwitterionic ON with optimised properties: i) the formation
of stable ON-RNA duplexes with base-pairing fidelity and
superior target selectivity at 37 °C; and ii) excellent stability in
complex biological media. Overall, the NAA/LNA-gapmer ap-
proach is thus established as a strategy to design partially
zwitterionic ON for the future development of novel antisense
agents.
Introduction
Oligonucleotides (ON) represent attractive candidates for novel
therapeutic agents due to their unique binding mode, that is,
hybridisation with complementary endogenous nucleic acids.
Hence, they enable interference with protein biosynthesis
through several modes of action: i) the antisense mechanism;[1]
ii) the antigene mechanism;[2] and iii) the RNA interference
mechanism.[3] These unique interaction pathways have already
been proven to be clinically useful. For instance, fomivirsen, an
antiviral antisense oligonucleotide used against cytomegalovi-
rus retinitis, was approved by the FDA as the very first antisense
drug on the market in 1998.[4a] In the following years, a few
other ON were approved for clinical use, such as mipomersen
for the treatment of familial hypercholesterolemia,[4b] nusinersen
against spinal muscular atrophy[4c] and eteplirsen to treat
Duchenne muscular dystrophy.[4d] However, the development of
ON into pharmaceuticals is significantly hampered due to
several characteristics of their phosphate diester backbone.
First, its dense negative charge results in restrained cell
permeability. Second, the native phosphate diester linkage is
labile towards nuclease-mediated hydrolysis.
In order to overcome these hurdles, a large toolbox of
various backbone modifications has been established over the
past decades. According artificial backbone structures can be:
i) the sole substitution of single atoms within the phosphate
diester unit, for example, methylphosphonates[5] or the broadly
used phosphorothioates;[6] ii) replacement of the phosphate
diester with electroneutral groups, for instance with amides[7] or
sulfones;[8] iii) a complete replacement of the native sugar-
phosphate backbone, such as in peptide nucleic acids (PNA).[9]
Furthermore, modifications of the (2’-deoxy)ribose units can
also furnish improved properties of ON analogues. For instance,
Wengel and co-workers have developed unnatural locked
nucleic acids (LNA) to alter the native ON characteristics
(Figure 1A).[10] The LNA modification is characterised by an
additional bridging bond, linking the 2’-oxygen of the ribose
with the 4’-position, thus locking it in the 3’-endo conformation.
Insertion of this rigid sugar significantly increases binding
affinity towards RNA, due to a reduced entropic penalty upon
hybridisation. In addition, the LNA modification was shown to
significantly enhance stability against nuclease-mediated degra-
dation, thereby improving the overall stability in biological
media. As a result, LNA-modified ON have found pronounced
attention as potential biomedical agents.[10c] Yet, the improved
affinity for duplex formation was also shown to be accompa-
nied by limited sensitivity towards base mismatches and thus,
by decreased binding selectivity. Furthermore, the high melting
temperatures of LNA-ON in complex with their RNA targets
have been shown to be correlated to increased cytotoxicity
resulting from elevated off-target effects, as well as increased
hepatotoxic risks.[11a] To elucidate this toxic potential, Die-
ckmann et al. have developed an in vitro approach to evaluate
the hybridisation-dependent toxicity of high-affinity ON, which
confirmed a correlation of high melting temperatures (Tm
values) and undesired toxic effects.[11b]
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An alternative strategy in the development of backbone-
modified ON involves the replacement of the anionic
phosphate diester unit with artificial, positively charged linkers,
thus creating an either partially zwitterionic[12] or fully cationic[13]
ON. This approach significantly differs from the introduction of
positive charges by modification of the 2’-hydroxy groups (in
RNA) or nucleobases, while leaving the phosphate diester
backbone unchanged. Such strategies also afford zwitterionic
structures, but result in densely charged oligonucleotides.[14] In
contrast, cationic replacements of the anionic phosphate diester
enable the synthesis of artificial ON with a reduced net charge
due to the compensation for adjacent phosphates. This
substitution has been shown to have a positive effect on the
ability to penetrate biological barriers such as cellular
membranes.[15] So far, four suitable types of unnatural cationic
linkers have been reported: i) Letsinger’s phosphoramidate
linkages[16] that carry a positively charged head group con-
nected to the phosphate by an alkyl chain; ii) the guanidine[17]
and iii) S-methylthiourea[18] modifications, both first described
by Bruice et al.; and the iv) nucleosyl amino acid (NAA)
modification (Figure 1A), an amide-derived cationic backbone
motif previously reported by our group.[12,13b,c,19]
The NAA internucleoside structure has been formally
derived from the “high-carbon” nucleoside core unit of naturally
occurring muraymycin antibiotics and their synthetic
analogues.[12,20] In terms of conformational flexibility, the NAA-
linkage is somewhat intermediate to the rather flexible
phosphoramidates and the rigid guanidines and S-meth-
ylthioureas. Its peptide-like structure features a primary amino
group carrying a positive charge at physiological pH. This unit
can be attached with a specific spatial orientation, that is, with
stereoselectivity at the 6’-position of the adjacent “high-carbon”
nucleoside.[12,13b,c] Partially zwitterionic ON including up to four
NAA-modifications in an otherwise anionic (i. e., phosphate-
based) backbone had previously been proven to form stable
helical duplexes with complementary DNA. They were also
shown to preserve excellent base-pairing fidelity, as demon-
strated by decreasing melting temperatures due to base
mismatches in the DNA counterstrand. For hybrid duplexes of
NAA-containing DNA-ON with RNA, however, a fairly significant
loss in thermal stability was observed (ΔTm up to ~4.0 °C/
modification). In this context, the 6’S-configured NAA linkage
seemed to exert a slightly greater destabilising effect than the
6’R-configured congener.[12a] The biological in vitro evaluation of
NAA-modified DNA-ON confirmed high stability against cleav-
age by 3’!5’- and 5’!3’-exonucleases as well as in more
complex biological media (human plasma, whole cell lysate).[19]
For the future development of NAA-containing partially
zwitterionic ON towards potential biomedical agents, one major
issue was the undesired decrease in thermal stability for
duplexes with complementary RNA strands (as these would
represent the drug targets in antisense applications). Hence, we
have envisioned to overcome this hurdle by using a “gapmer”
approach,[21] that is, a hybrid structure with different internu-
cleoside linkages in the middle of the ON than at its ends. The
overall goal was to obtain a chimeric, partially zwitterionic NAA-
containing ON that exerts high affinity towards its target RNA,
while still showing excellent base-pairing fidelity. LNA units
facilitate the formation of thermally highly stable DNA/RNA
heteroduplexes (vide supra). Hence, it was planned to exploit
this feature for the design of according NAA-containing
gapmers. We have therefore designed a partially zwitterionic
gapmer-ON consisting of LNA segments at the 3’- and the 5’-
ends and a block of 6’R-configured NAA-modified DNA filling
the “gap” in the central section (Figure 1A).
In this work, we report the synthesis of the novel NAA/LNA-
gapmer 1 (with a partially zwitterionic backbone) and its
properties in comparison with DNA/LNA-gapmer 2 (as a
reference ON with a fully anionic backbone, Figure 1B). The
identical base sequence of 1 and 2 has been artificially
designed in order to study the fundamental principles of a
zwitterionic gapmer construct such as 1, that is, its sequence is
not (yet) designed to target a specific biologically relevant RNA
sequence. The choice of this sequence was based on synthetic
considerations and the goal to obtain an ON containing all four
canonical bases, while having a reasonable G-C content. The
reported results strongly indicate that the NAA/LNA-gapmer
approach is a useful strategy to design partially zwitterionic ON
with improved properties.
Results
Synthesis of gapmer ON 1and 2
It was envisioned to prepare both target ON 1 and 2 (Figure 1)
by modified automated solid-phase-supported ON synthesis
using phosphoramidite methodology. To synthesise the NAA/
LNA-gapmer 1, a “dimeric” CxT NAA phosphoramidite (with
Figure 1. A) Schematic representation of the NAA/LNA-gapmer approach.
B=nucleobase, L=LNA-modification, x=NAA-modification. B) Sequences of
novel NAA/LNA-gapmer 1 and DNA/LNA-gapmer 2 (as reference ON). All






























































6’R-configuration in the NAA linkage) had to be prepared.[12]
Thus, the aforementioned goal to obtain a gapmer ON with
reasonable G-C content could be reached, as the only
previously reported “dimeric” NAA phosphoramidites had been
TxT[12a] and AxT,[12b] respectively (with “x” representing the NAA
linkage, cf. Figure 1). The synthesis of this novel CxT-NAA
phosphoramidite required the preparation of a suitably pro-
tected 3’-amino-2’,3’-dideoxycytidine building block (Scheme 1).
Different synthetic routes towards such a 3’-aminodeoxycyti-
dine building block had been described before.[22] With respect
to its elegance and high stereoselectivity, our synthetic strategy
was mainly based on the procedure reported by Richert and co-
workers.[22d]
Thus, 2’-deoxycytidine 3 was N-benzoylated at the nucleo-
base using a standard transient protection protocol,[23] furnish-
ing N-benzoyl-2’-deoxycytidine 4 in 96% yield (Scheme 1). In
contrast to the recrystallisation procedure described by Ti et al.,
compound 4 was purified by column chromatography to
remove excess benzoic acid. This was followed by a sequence
of two Mitsunobu reactions, with the first one leading to 5’-(p-
bromobenzoyl) protection and the second one enabling ring
closure of the cytosin-2-O and C-3’, to give cyclised product 5 in
39% yield. Nucleophilic substitution (SN2) at C-3’ with sodium
azide then furnished 3’-azidonucleoside 6 in 66% yield. After
saponification of the p-bromobenzoyl ester, silylation gave 5’-O-
TBDMS-protected derivative 7 in 85% yield over two steps from
6. Finally, reduction of the azido group by transfer
hydrogenation[24] afforded the desired protected 3’-amino-2’,3’-
dideoxycytidine derivative 8 in 96% yield (Scheme 1).
Based on our stereoselective route for the synthesis of
uridine-derived nucleosyl amino acids,[25] we had previously
developed the preparation of according thymidine
derivatives.[12,13b] Hence, this reported protocol was used to
prepare protected nucleosyl amino acid 9 (Scheme 2, reactions
not shown).[12] Thymidine derivative 9 underwent amide
coupling with 3’-aminonucleoside 8 to furnish the bis-silylated
NAA-linked C-T dimer 10 in 78% yield. Fluoride-mediated
desilylation gave diol 11 in a moderate yield of 53%. Attempts
to improve this deprotection protocol for the TBDMS ethers
were not successful, as changes in the reaction conditions
always led to more side reactions or even complete decom-
position of starting material 10. Regioselective 5’-O-dimeth-
oxytritylation afforded 5’-O-DMTr-protected NAA-linked dimer
12 (64% yield), which was then phosphitylated (using diamidite
reagent 13) to give the dimeric NAA-linked C-T phosphorami-
dite 14 in 78% yield (Scheme 2).
With the NAA-linked C-T phosphoramidite 14 in hand, both
gapmers 1 and 2 (Figure 1) were assembled on the DNA
synthesiser. Standard protocols were slightly adjusted (see the
Supporting Information for details). In general, coupling times
for LNA and NAA phosphoramidites were prolonged relative to
their commercially available, unmodified DNA congeners, and
the number of couplings was increased to enhance the step-to-
step yield. With respect to the activator for phosphoramidite
coupling, it was found that benzylmercaptotetrazole (BMT) was
superior to 4,5-dicyanoimidazole (DCI) as it gave higher yields,
in particular when the NAA-linked building block 14 was
coupled. Apart from this, standard solvents and reagents for
solid-phase-supported DNA synthesis and the usual basic work-
up procedure were used. Purification of gapmers 1 and 2 was
achieved by polyacrylamide gel electrophoresis (PAGE) with
urea as chaotropic component. The identities of gapmers ON 1
and 2 were confirmed by high resolution mass spectrometry
(see the Supporting Information).
NAA/LNA-gapmer 1shows superior hybridisation properties
at physiologically relevant temperature
One main goal of the reported gapmer approach was to
enhance the stability of NAA-containing DNA-RNA hybrid
duplexes, while retaining base-pairing fidelity. Therefore, melt-
ing temperature experiments with fully complementary strands
as well as with mismatched RNA-ON X (base mismatch opposite
of one of the LNA segments: 5’-AAUCUAGAGAGAGACCU-3’)
and mismatched RNA-ON Y (base mismatch opposite of the






























































central NAA gap: 5’-AAUCUAGAGGGAGAUCU-3’) were per-
formed. To eliminate the temperature dependency of the
extinction coefficient ɛ, αTm values were calculated and used to
describe the melting temperature of all studied duplexes.
Furthermore, αT37°C values were calculated to investigate the
hybridisation at a physiologically relevant temperature of 37 °C
(for more details see the Supporting Information). The obtained
results are given in Table 1, with selected melting curves shown
in Figure 2.
Satisfactorily, the duplex stability of the NAA/LNA-gapmer 1
(Figure 1) with fully complementary DNA was equal to the
according native DNA/DNA duplex (αTm=48.5 °C, entries 9 vs. 1,
Table 1), whereas control gapmer 2 furnished an even higher
value (ΔαTm= +4.5 °C, entry 5). This was also the case for the
2-RNA duplex, for which an even stronger increase in melting
temperature was observed (ΔαTm= +17.0 °C, entry 6). This was
anticipated as the LNA segments in gapmer 2 were supposed
to stabilise duplexes with native RNA.[10] However, for the
hybridisation of the complementary RNA strand with NAA-
Scheme 2. Synthesis of the “dimeric” NAA-linked C T phosphoramidite 14 for automated ON synthesis.
Table 1. αTm values [°C] of native DNA (entries 1–4), DNA/LNA-gapmer 2 (entries 5–8) and NAA/LNA-gapmer 1 (entries 9–12) in complex with either
complementary DNA, complementary RNA, mismatched RNA X, and mismatched RNA Y, respectively. L=LNA modification, x=NAA modification (Figure 1).
All unlabelled linkages are native phosphate diesters. Mismatches in RNA-ON X and Y are highlighted in bold and underlined.






1 DNA+DNA 48.5 – 0.97 97 3
2 DNA+RNA 55.5 – 1.00 100 0
3 DNA+X 50.0 – 0.97 97 3
4 DNA+Y 52.0 – 0.98 98 2
5 gapmer 2+DNA 53.0 4.5 0.98 98 2
6 gapmer 2+RNA 72.5 17.0 1.00 100 0
7 gapmer 2+X 62.5 12.5 1.00 100 0
8 gapmer 2+Y 68.5 16.5 1.01 100 0
9 gapmer 1+DNA 48.5 0.0 0.96 96 4
10 gapmer 1+RNA 49.5  6.0 0.98 98 2
11 gapmer 1+X 37.0  13.0 0.51 51 49
12 gapmer 1+Y 43.0  9.0 0.86 86 14






























































containing gapmer 1, this overall stabilising effect was not
found. Instead, a slight decrease in the melting temperature
was observed (ΔαTm= 6.0 °C, entry 10). This decrease in
duplex stability is equivalent to about  5.8 °C per NAA
modification (entry 10 vs. entry 6), which is similar to the
previously described destabilising effect of the NAA modifica-
tion on DNA-RNA hybrid duplexes (~3.5 °C per NAA modifica-
tion for a comparable type of sequence).[12a] The presence of the
stabilising LNA units then limits the overall destabilisation of
the 1-RNA duplex to a formal value of  1.5 °C per NAA
modification (entry 10 vs. entry 2). Therefore, the results
obtained with ON 1 demonstrated that the gapmer architecture
with two flanking LNA segments indeed furnished an improved
duplex stability for hybridisation with RNA.
For a more detailed analysis of the hybridisation properties
of gapmer 1, we considered the overall ratio of hybrid duplex
to free single strands at physiological human body temperature
(37 °C), as this property is decisive for any potential in vivo
application of antisense ON. Thus, the y values of the α-curve
for T=37 °C were determined for every thermal denaturation
experiment (αT37°C values, Table 1, see also the Supporting
Information for the exact procedure). These values correspond
to the amount of duplex present at this given temperature and
can therefore also be expressed as a percentage of hybridised
(i. e., bound) ON (αT37°C values in %). Correspondingly, the term
1 αT37°C provides the unbound, single-stranded ON fraction
(Table 1). It was found that hybridisation of native DNA and
RNA of the given sequence occurred with 100% at 37 °C
(entry 2, Table 1). This was also the case for the mixture of
reference gapmer 2 and complementary RNA under these
conditions (entry 6). For the NAA/LNA-gapmer 1 and comple-
mentary RNA, almost quantitative (98%) hybridisation at 37 °C
was determined, with only ~2% single-stranded fraction
(entry 10). This demonstrated the possibility to achieve excel-
lent target engagement by such an NAA-containing gapmer
under physiologically relevant conditions.
We then studied the base-pairing fidelity of NAA/LNA-
gapmer 1, that is, its hybridisation properties with RNA-ON
containing a single base mismatch. Therefore, gapmer 1 as well
as both reference ON (2 and native DNA, respectively) were
investigated for duplex formation with two different mis-
matched RNA-ON: i) the aforementioned RNA strand X having a
mismatching base opposite one of the LNA segments of 1; ii)
the aforementioned RNA strand Y having the mismatch
opposite the zwitterionic NAA-modified gap of 1. In all resultant
cases (i. e., with gapmers 1 and 2 as well as with native DNA), a
decrease in thermal duplex stability due to the introduction of
base mismatches was observed (entries 3 and 4 vs. entry 2;
entries 7 and 8 vs. entry 6; entries 11 and 12 vs. entry 10,
Table 1; also see Figure S7 in the Supporting Information).
Furthermore, in all of these experiments, the mismatch-
mediated destabilisation of duplex structures was most pro-
nounced when the mismatched base was placed opposite the
LNA segment, that is, with RNA-ON X as counterstrand
(entries 3, 7, and 11). Interestingly, NAA/LNA-gapmer 1 proved
to be highly sensitive towards both mismatched RNA-ON X and
Y (entries 11 and 12 vs. entry 10). In this case, mismatch
recognition was found to be even better than for the native
DNA strand (entries 3 and 4 vs. entry 2), as expressed by a
stronger mismatch-induced destabilisation of the duplex struc-
tures. Again, the duplex-to-single strand ratio at 37 °C was
determined from the melting curve data (vide supra). Both
reference ON (gapmer 2 and native DNA) showed a large
percentage of duplex structures at 37 °C (αT37°C=97–100%),
both with X and Y as counterstrands (entries 3, 4, 7, and 8).
Only the NAA/LNA-gapmer 1 was partially dissociated from the
mismatched RNA-ON under these conditions (entries 11 and
12). In the presence of Y, 14% of gapmer 1 was not bound to
the RNA-ON, and with X, the unbound fraction of the gapmer
was even ~50%. This selectivity in RNA binding led to the
conclusion that the hybridisation properties of NAA/LNA-
gapmer 1 are superior relative to both the reference gapmer 2
and to native DNA (vide infra), even though the presence of the
NAA-modification furnished a moderate decrease of thermal
duplex stability.
Circular dichroism spectra of both gapmers in complex with
DNA or RNA demonstrate structural resemblance to a
DNA-RNA heteroduplex
In order to elucidate the structural properties of the partially
zwitterionic NAA/LNA-gapmer 1, circular dichroism (CD) spectra
of duplexes of 1 either with complementary DNA (Figure 3A) or
RNA (Figure 3B) were recorded and compared to the respective
Figure 2. A) Melting curves of native DNA, DNA/LNA-gapmer 2, and NAA/
LNA-gapmer 1 in complex with complementary DNA. B) Melting curves of
native DNA, DNA/LNA-gapmer 2, and NAA/LNA-gapmer 1 in complex with































































spectra of DNA/LNA-gapmer 2 with complementary counter-
strands.
For the duplexes of either gapmers 1 or 2 with DNA, CD
signals indicated more resemblance between both gapmer-
containing duplexes than to the unmodified DNA–DNA duplex
of the same sequence (Figure 3A). In particular regarding the
distinct negative signal at 210 nm and the following positive
amplitude at 225 nm – which were almost nonexistent for the
DNA-DNA reference duplex – duplexes containing gapmers 1
and 2 showed pronounced similarities. This hints towards
substantial structural differences in the conformation of both
gapmer-DNA duplexes as compared to the native DNA-DNA
helix. However, when according duplexes with a complemen-
tary RNA counterstrand were studied, striking similarities to the
unmodified DNA-RNA congener were observed (Figure 3B). In
this case, the CD signals of the 1-RNA duplex almost perfectly
superposed with the native DNA-RNA duplex. This was also the
case for reference gapmer 2, with the slight difference that the
negative signal at 210 nm was stronger than for the other two
duplexes. Furthermore, the CD spectra of the 1-RNA and 2-RNA
duplexes show some resemblance to the spectra of the 1-DNA
and 2-DNA congeners, respectively (Figure 3B vs. A). Overall,
these results therefore demonstrate that both gapmers 1 and 2,
either in complex with DNA or RNA, furnish duplexes with
topologies similar to a DNA-RNA heteroduplex. Remarkably, this
finding was independent of the charge pattern in the ON
backbone, that is, the partially zwitterionic nature of gapmer 1.
Both gapmer ON show excellent stability in biological media
Stability in biological media is crucial for any potential in vivo
application of antisense ON. Therefore, we tested the stability
of both gapmers 1 and 2 in pooled human plasma (HP;
Figure 4A) as well as in whole cell lysate (WCL) of the human
U937 cell line (Figure 4B). Unmodified DNA served as the
positive (i. e., degradable) control in both assays.
We had previously reported that NAA-modified ON have
potentially excellent stabilities in such media, dependent on the
position of the cationic NAA-linkage.[19] LNA-modified ON are
also known to show an improved stability against nuclease-
mediated degradation[26a] and also in human serum, relative to
unmodified controls.[26b] In this work, we have aimed to verify
the thus anticipated stability of gapmers 1 and 2 in the
aforementioned biological media. Analysis by urea-PAGE dem-
onstrated that both gapmers 1 and 2 show excellent stability
against cleavage in HP (Figure 4A) as well as in WCL (Figure 4B)
over a time course of eight hours, whereas an unmodified DNA-
ON of the same sequence was completely cleaved.
Duplex formation of NAA/LNA-gapmer 1with complementary
RNA results in moderate activation of RNase H
In order to determine whether NAA/LNA-gapmer 1 is capable of
triggering RNase H-mediated cleavage of complementary RNA,
an assay employing a 5’-32P-labelled RNA strand was used.[27]
Duplexes of native DNA as well as of DNA/LNA-gapmer 2,
respectively, with this RNA strand served as controls, with the
Figure 3. CD spectra of native DNA, DNA/LNA-gapmer 2, and NAA/LNA-
gapmer 1 in complex with complementary A) DNA and B) RNA. All depicted
curves are the average of technical triplicates.
Figure 4. Effect of A) human plasma (HP) and B) human whole-cell lysate
(WCL) on native DNA as well as on gapmers 1 and 2, respectively, over a






























































DNA-RNA heteroduplex representing a positive control, that is,
a system furnishing RNase H-catalysed RNA degradation.
Figure 5A shows the results of the incubation of the labelled
RNA with all three aforementioned strands, respectively, and
RNase H over a time course of 60 min. Furthermore, the bottom
panel depicts the influence of RNase H on the 32P-labelled RNA
strand without the presence of any counterstrand as an
additional control experiment. Analyses of the assay mixtures
were carried out by urea-PAGE and autoradiography. As
anticipated,[28] DNA/LNA-gapmer 2 induced the activation of
RNase H and led to complete degradation of the parent RNA
strand within the first 5 min of incubation (Figure 5A, degrada-
tion product label b). The timepoint of 0 min shows the intact
RNA (Figure 5A, label a) as well as a band of the 2-RNA duplex
(label x) which was still present despite the addition of urea as
chaotropic agent. Similar observations were made for unmodi-
fied DNA that likewise triggered rapid degradation after 5 min,
but led to the formation of an additional degradation product.
In contrast, single-stranded RNA without a complementary
counterstrand remained stable against RNase H over the
observed timeframe. Interestingly, NAA/LNA-gapmer 1 also
induced RNase H-mediated cleavage of the target RNA,
although no uniform phosphate diester backbone was present
in its structure. However, the rate of degradation appeared to
be significantly slower than for reference gapmer 2.
We therefore performed a second set of experiments to
observe RNase H-mediated degradation over an extended time
period (Figure 5B). After 24 h, degradation of the labelled RNA
was clearly detectable in the assay mixture containing NAA/
LNA-gapmer 1, yet nearly the exact same outcome was
observed without the presence of 1. To rule out general
instability of the chosen RNA sequence over such an extended
time period, another control experiment was included: 32P-
labelled RNA was incubated over the full time period (i. e., up to
24 h) in the absence of both a counterstrand and RNase H.
However, no RNA cleavage was detected under these con-
ditions (Figure 5B). It has to be noted that the degradation
signals observed for the duplex of 1 and 32P-labelled RNA after
30 and 60 min (Figure 5A) could not be visualised in the
prolonged incubation experiment (Figure 5B) due to differences
in signal intensity.
Discussion
In previous studies,[12a,19] we reported the generally favourable
properties of ON with partially zwitterionic NAA-modified back-
bone structures, that is, their formation of stable, helical
duplexes with complementary DNA, their retention of base-
pairing fidelity and their high stability in biological media.
However, duplex formation with RNA had been observed to be
moderately hampered, that is, decreased thermal stabilities (up
to  4.0 °C/NAA-modification[12a]) had been observed. Thus, we
have now aspired to modify such zwitterionic NAA-ON in a way
that furnishes satisfactory binding affinity towards RNA without
compromising base-pairing fidelity, hence potentially enabling
an efficient and selective target engagement with endogenous
RNA. These considerations have led to the design of NAA/LNA-
gapmer 1, in which strongly RNA-binding LNA segments were
combined with a zwitterionic NAA-modified gap unit.
Following the successful synthesis of 1 (and an according
DNA/LNA-gapmer 2 as a reference with a uniformly anionic
backbone), UV-monitored thermal melting studies revealed an
improved binding affinity to complementary RNA, relative to
previously studied NAA-modified ON (formally  1.5 °C/NAA-
modification due to the stabilising effect of the LNA units). As a
Figure 5. A) RNase H-mediated degradation of 32P-labelled RNA upon hybridisation with 1, 2, native DNA, and without any counterstrand over 60 min (urea-
PAGE). B) RNase H-mediated degradation of 32P-labelled RNA with 1, without any counterstrand, and without either counterstrand or RNase H over 24 h (urea-






























































result, almost quantitative formation of the 1-RNA duplex at
physiologically relevant 37 °C could be demonstrated. Further-
more, gapmer 1 was shown to be sensitive towards single base
mismatches in the counterstrand at 37 °C. Experiments with
mismatched RNA X resulted in only 50% formation of the 1-
RNA duplex at this temperature. With a different mismatched
RNA Y, 14% single-stranded gapmer 1 was determined (cf.
Table 1). Interestingly, this selectivity was not observed with the
DNA/LNA-gapmer 2 (i. e., the polyanionic reference ON) that
showed no sensitivity towards base mismatches in the RNA
counterstrand at 37 °C. The same was true for unmodified DNA.
Binding to RNA off-targets with sequences similar to the actual
target mRNA can lead to potential side effects in the
pharmaceutical application of antisense ON.[29] It is therefore of
great relevance that backbone-modified ON structures show
some sequence selectivity in their hybridisation properties
under physiologically relevant conditions (i. e., at 37 °C). With
respect to this consideration, the hybridisation properties of
NAA/LNA-gapmer 1 are superior relative to those of both the
reference gapmer 2 and native DNA, even though the presence
of the NAA-modification furnished a decrease of thermal duplex
stability. Furthermore, these results give rise to the general
question if Tm values might be overrated in the evaluation of
hybridisation properties of backbone-modified ON with respect
to their potential application as antisense agents. We present
herein an alternative parameter for such an evaluation: the
target selectivity of the investigated ON (with a suitable length
for an antisense agent) at 37 °C. This appears to be superior to a
“the more stable, the better” approach for studying the
physicochemical hybridisation properties with RNA counter-
strands. This hypothesis is also supported by recent findings by
Dieckmann et al. who could demonstrate a direct correlation of
high Tm values and the hepatotoxic potential of high-affinity ON
due to enhanced off-target effects.[11b] Of course, such an
improved target selectivity due to decreased duplex stability
can in principle also be achieved by alternative means, for
example, designing a shorter sequence of the antisense ON or a
lower number of LNA units. However, herein we demonstrate
that the NAA-modification is a useful addition to the toolbox of
ON modifications to achieve this goal.
CD-spectroscopic analyses confirmed helical topologies for
the gapmers 1 and 2, respectively, in complex with comple-
mentary DNA or RNA, with the resultant helical structures being
similar to a DNA-RNA heteroduplex in all cases. This uniform
topological preference was obviously caused by the presence of
the LNA segments in the gapmer sequences.[30] Notably, the
partially zwitterionic backbone structure of 1 had no distorting
influence on the topologies of its duplexes formed with either
DNA or RNA counterstrands. In addition, high stability against
degradation of the gapmers in human plasma and whole cell
lysate was observed.
The activation of RNase H generally represents a desirable
(though not essential feature) of antisense ON, and the NAA/
LNA-gapmer 1 was therefore investigated with respect to this
property. In a first set of experiments, the RNase H-mediated
cleavage of a complementary 32P-labelled RNA counterstrand
was studied over a period of 60 min. Within this time, the two
reference ON (i. e., gapmer 2 and unmodified DNA) both
induced rapid degradation of the target RNA by RNase H.
Surprisingly, some degradation of the labelled RNA (albeit
rather slowly) was also detected in presence of NAA/LNA-
gapmer 1, although 1 possesses no uniform phosphate diester
backbone (cf. Figure 5). This suggested a very moderate
activation of RNase H due to the presence of 1 in the assay
mixture. In order to further study this effect, the assay was then
performed again with a significantly extended incubation
period (up to 24 h). Even though this led to stronger signals for
the RNA degradation products with gapmer 1, this result could
not solely be linked to the influence of the partially zwitterionic
gapmer: the same experimental setup with the absence of 1
resulted in a rather similar outcome. To exclude a general
instability of the radiolabelled RNA strand, an additional control
containing only the target RNA without RNase H was also
incubated for 24 h, but no degradation was recorded. This
demonstrated that the employed preparation of RNase H
displayed some sort of unspecific nuclease activity. Overall, it
was concluded that the aforementioned very moderate activa-
tion of RNase H by gapmer 1 became indistinguishable from
background reactions over longer incubation periods. This
suggests that an NAA/LNA-gapmer of type 1 might exert a
potential antisense effect by “steric block” (i. e., binding to
endogenous RNA) rather than by “catalytic” RNA degradation,
as the latter would probably require a more efficient activation
of RNase H. It should also be noted that this part of the
reported work generally proves the high relevance of a rigorous
set of control experiments in RNase H assays. Otherwise, it is
unclear if the described alleged activation of RNase H was
genuine or actually resulted (at least partially) from unspecific
nuclease activity. This actually might be the case for several
reports on ’RNAse H activation’ by modified ON structures in
the literature.
Conclusion
In summary, we report the synthesis and properties of a new
type of gapmer oligonucleotide architecture featuring a parti-
ally zwitterionic backbone structure. This NAA/LNA-gapmer
approach furnished a zwitterionic ON 1 with optimised
characteristics: gapmer 1 showed superior hybridisation proper-
ties with RNA at physiologically relevant 37 °C as well as
excellent stability in biological media. In a cellular setting, a
gapmer of type 1 might then mainly exert biological activity via
a ’steric block’ mechanism, even though 1 apparently activated
RNase H-mediated RNA degradation on a very moderate level.
Overall, the NAA/LNA-gapmer approach is thus established as a
strategy to design partially zwitterionic ON for the future
development of novel antisense agents with a reduced overall
charge in the backbone. This is anticipated to furnish improved
pharmacokinetic properties of according ON-based drug candi-
dates. Based on the favourable characteristics of 1, the stage is
now set for the development of synthetic methodology for the
efficient preparation of zwitterionic gapmers of type 1 with






























































studies on their antisense efficacy in cellulo, with the goal to
establish zwitterionic backbone architectures of oligonucleotide
analogues as a viable strategy for the development of novel
antisense agents.
Experimental Section
Synthesis of oligonucleotides: Based on our previous syntheses of
NAA-modified ON,[12] gapmer ON 1 and 2 were assembled by
automated solid phase-supported DNA synthesis. This required the
chemical synthesis of “dimeric” NAA-linked phosphoramidite 14
(see the Supporting Information for detailed synthetic procedures).
Unmodified DNA phosphoramidites (Glen Research) and LNA
phosphoramidites (QIAGEN) were commercially purchased. After
completion of ON synthesis and basic workup under standard
conditions, purification of 1 and 2 was achieved by urea
polyacrylamide gel electrophoresis (urea-PAGE, Figure S1, see the
Supporting Information for detailed procedures). The identities of
both gapmers 1 and 2 were confirmed by high resolution mass
spectrometry (Table S1, Figures S2 and S3). All other oligonucleo-
tides were commercially purchased (Sigma-Aldrich).
Melting temperature experiments: To determine the binding
affinity of the NAA/LNA-gapmer 1 towards complementary DNA (5’-
AATCTAGAGAGAGATCT-3’) and RNA (5’-AAUCUAGAGAGAGAUCU-
3’), a 1 μM solution of the gapmer/counterstrand duplex in
phosphate buffer (10 mM NaH2PO4, pH 7.4, containing 100 mM
NaCl) was prepared. Prior to measurements, the solution was
heated to 90 °C and subsequently cooled down to RT to enable
duplex formation. Then, three heating and cooling cycles ranging
from 25 to 90 °C with a heating rate of 0.7 °C/min were performed
and changes in the absorption at λ=260 nm were recorded using a
Cary 100 UV/Vis spectrometer (Agilent Technologies). Hyperchro-
micity was plotted against temperature to obtain melting curves,
and Tm values were calculated as the maximum of the first
derivative. To eliminate the temperature dependency of the
extinction coefficient ɛ, αTm values were calculated and used to
describe the melting temperature of all studied duplexes. Further-
more, αT37°C values were calculated to investigate the hybridisation
at a physiologically relevant temperature of 37 °C. Details on the
method for the compilation of the α-curves are provided in the
Supporting Information (Figures S4 to S6). A similar protocol was
used for studies on mismatch sensitivity. Therefore, base mis-
matches were introduced in the RNA counterstrand opposite of
either one of the LNA segment (5’-AAUCUAGAGAGAGACCU-3’,
mismatched RNA-ON X) or the NAA gap (5’-AAUCUAGAGGGAGAU-
CU-3’, mismatched RNA-ON Y, mismatches are highlighted in bold
and are underlined in the sequences, also see Figure S7). To obtain
reference Tm values, according melting temperature experiments
were conducted with DNA/LNA-gapmer 2 and a native DNA-ON
with the same sequence (5’-AGATCTCTCTCTAGATT-3’).
CD-spectroscopic analysis of duplex structures: Circular dichroism
(CD) spectra of duplexes containing the NAA/LNA-gapmer 1 were
recorded in phosphate buffer (10 mM NaH2PO4, pH 7.4, containing
100 mM NaCl) on a Jasco 715 spectropolarimeter. The final
concentration of the duplex was 1 μM. All measurements were
performed at 25 °C in a cuvette with a length of 1 cm and a
wavelength range of 200–320 nm. Every sample was scanned
10 times with a scanning speed of 200 nm/min, a bandwidth of
5 nm, response time of 2 s and a data pitch of 0.5 nm. Prior to data
analysis, a background correction was performed. Spectra were
obtained by plotting the mean residual ellipticity Θ against the
recording wavelength λ. Reference spectra were recorded using the
same protocol and duplexes containing either the DNA/LNA-
gapmer 2 or a native DNA-ON with the same sequence (5’-
AGATCTCTCTCTAGATT-3’).
Stability assays in biological media: The stabilities of both gapmer
ON 1 and 2 in biological media was studied using pooled human
plasma and whole-cell lysate of the U937 cell line as described
before.[19] As a positive control for the degradation of ON in these
media, a native DNA-ON with the same sequence (5’-
AGATCTCTCTCTAGATT-3’) was used. In contrast to the previously
reported protocol,[19] incubation times for both ON were increased
to a total of 8 h. Samples were taken at the time points shown in
Figure 4 (vide supra). Pooled human plasma was obtained from
BIOTREND Chemikalien GmbH. U937 cells were purchased from
Sigma-Aldrich and the whole-cell lysate was prepared as
reported.[19]
RNase H assays: An RNA-ON with a sequence (5’-AAUCUAGAGAGA-
GAUCU-3’) complementary to the gapmer sequence was radio-
labelled at the 5’-end using γ-32P-ATP (Hartmann Analytics, 500 μCi).
The phosphorylation reaction was catalysed by T4 polynucleotide
kinase according to the manufacturer‘s protocol (kit for DNA/RNA
5’-end labelling, Thermo Scientific). The resultant 5’-radiolabelled
RNA was purified on an illustra NAP-5 gravity flow column (GE
Healthcare) using water (Milli-Q) as eluent. The solvent was
evaporated under reduced pressure and the dry 5’-32P-labelled RNA
was redissolved in water to a final concentration of 10 μM. The
labelled RNA (2.5 pmol) was then combined with the NAA/LNA-
gapmer 1 (5 pmol), diluted with 10x Reaction Buffer (Thermo
Scientific) to a total volume of 25 μL and incubated at 37 °C for
15 min to allow formation of the hybrid duplex. Subsequently,
RNase H from E. coli MRE-600 cells (Thermo Scientific, 1 μL, 10 U)
was added and the mixture was incubated at 37 °C. Samples were
taken at the time points shown in Figure 5 (vide supra) and the
reaction was quenched by addition of stop-mix (50 mM EDTA, 90%
formamide, 5 mg bromophenol blue). The resultant final samples
were analysed on a urea-PAGE gel[19] and bands were visualised
using a Typhoon 9410 phosphoimager (GE Healthcare, Figure 5).
DNA/LNA-gapmer 2 and a native DNA-ON with the same sequence
(5’-AGATCTCTCTCTAGATT-3’) were used as positive controls. Fur-
thermore, two negative controls were included: i) incubation under
the conditions described above, but lacking the gapmer strand, to
determine the influence of the activating strand; ii) incubation
under the conditions described above, but lacking both the gapmer
strand and RNase H, to elucidate potential unspecific RNase activity
of the RNase H preparation.
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4. Final Discussion  
A continuously rising number of concepts on how to transform ONs into agents that are 
suitable for therapeutic use have been presented over the last five decades.[146] Still, 
despite the large number of studies that have been devoted to this subject, a satisfactory 
solution in all respects has yet to been found. Nonetheless, the immense potential of ON 
drugs, together with the constant need for novel druggable targets, must not allow an 
innovation gap in this field. Consequently, the work presented in this thesis aimed at the 
validation and improvement of the NAA-linkage, a novel cationic backbone modification 
conceptualized by Ducho et al.[143,144] Since essential insights regarding the duplex 
formation and mismatch recognition properties of partially NAA-modified oligomers have 
already been described,[143] it was now aspired to gain a more detailed understanding of 
the potential of this positively charged system. Firstly, the impact of the NAA-linkage on 
the overall biological stability of partially modified sequences should be evaluated. 
Secondly, fully NAA-modified and thus completely cationic oligomers should be synthesized 
and the consequences for hybridization and base-pairing fidelity should be assessed. 
Finally, it was envisioned to create an NAA/LNA-gapmer structure to improve the binding 
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4.1 Evaluation of the Biological Stability of Partially Zwitterionic 
NAA-Modified Oligomers (Manuscript A) 
The surface of most nucleases is covered with a large number of basic residues to efficiently 
bind the negatively charged nucleic acid backbone and enable successful cleavage.[147] 
Considering this mechanism, the replacement of the anionic phosphodiester linkage by 
cationic units appears to be an elegant method to increase an ON's biological stability. 
However, only limited information on the stability of (partially) cationic nucleic acids in the 
presence of nucleases are available. Some insights concerning simple nuclease stability 
assays are provided e.g. by Letsinger et al. [148] and Bruice et al. [149,150]. Still, more in-depth 
studies that also cover the influence of more complex biological media remained elusive. 
Thus, the study published in Manuscript A was divided into a systematic analysis of the 
effect of position and configuration of the cationic NAA-modification on the ON-cleavage 
by either 3'- or 5'-exonucleases as well as a more detailed investigation of the influence of 
human plasma and whole cell lysate (WCL). Based on the results of Bruice and Letsinger, 
the resistance of the NAA-modification to nuclease-mediated degradation was assumed. 
Therefore, the focus was on how the presence of the positive charge would impact the 
stability of the remaining sequence. In a first set of experiments with 3'→5' snake venom 
phosphodiesterase (SVP)[151–153] and 5'→3' bovine spleen phosphodiesterase (BSP)[151,152], 
both terminally modified ONs (Manuscript A, Figure 1) showed remarkable stability when 
the end carrying the positive charge was attacked (Manuscript A, Figure 2a and 2b). In fact, 
no degradation was detectable whereas the unmodified full-length control was cleaved 
within minutes. It has to be noted that, due to the method of synthesis, the NAA-
modification is not completely terminal, but both the 3'- and the 5'-modified variants carry 
an additional unit linked by a phosphodiester at the 3'- and 5'-end, respectively. Since the 
available amounts of NAA-ON were not sufficient for mass spectrometry, an analysis 
method using a high-resolution sequencing PAGE was applied to detect possible single-
nucleotide cleavage. Here, it was shown that in both terminally modified sequences the 
single phosphodiester-linked nucleoside was indeed cleaved (Manuscript A, Figure 2c), 
raising the hypothesis that the positively charged NAA-modification serves as a 'stopper' 
for nuclease activity. This theory was slightly adjusted through the significantly slowed 
degradation of the single terminally NAA-modified ONs upon exonuclease attack from the 
respective unaltered end, compared to the native control sequence (Manuscript A, Figure 
 
4. Final Discussion 85 
 
2a and 2b). Here, although cleavage was not fully prevented, the considerable deceleration 
suggests a general stabilizing effect that can act across multiple nucleotides. This might 
either be a result of charge-mediated repulsion hindering nuclease activity or the formation 
of (possibly transient) intra-strand structures of the NAA-ON due to electrostatic attraction 
between the oppositely charged backbone segments. However, the stabilizing effect could 
also be confirmed for internally NAA-modified sequences (Manuscript A, Figure 1) whereas 
an influence of the configuration of the NAA-modification could not be verified 
(Manuscript A, Figure 3). Subsequently, the impact of less artificial media was evaluated. 
Thereby, compared to the native control, incubation of an internally modified NAA-ON with 
human plasma resulted in a significantly slowed degradation, which came to a halt when 
the modification was reached (Manuscript A, Figure 4a). Accordingly, a decelerating long-
distance effect of the positive charge towards nuclease activity can be concluded in this 
environment as well. Similarly slow cleavage was observed for the 5'-modified sequence, 
whereas the 3'-modified ON showed high stability after initial minimal degradation, which 
probably resulted from the terminally unmodified nucleotide (Manuscript A, Figure 4b). 
This suggests that 3'-exonuclease activity is higher in human plasma and alteration of the 
corresponding sequence end with the cationic NAA-linkage can drastically increase the 
ON's half-life. Comparable observations were made for the experiments with WCL, with 
the difference that in this model system the terminal 5'-NAA-modification protected the 
downstream sequence over the complete incubation period (Manuscript A, Figure 4c and 
4d). 
The findings obtained from these stability studies point towards great potential of the 
positively charged NAA-backbone modification. Together with the previously verified 
beneficial properties of NAA-containing systems[143], these results justify a closer 
investigation of this artificial backbone linkage. 
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4.2 Analysis of the Hybridization Properties of Cationic Fully 
NAA-Modified Oligomers (Manuscript B) 
As noted above, partially zwitterionic NAA-modified ONs have been proven to possess 
characteristics that are useful for the development of potential biomedical agents.[143,154] 
However, more detailed insights regarding a fully cationic NAA-structure were not yet 
available. Thus, the focus of Manuscript B was set on the synthesis of an all-NAA-modified 
oligomer and on how the completely cationic backbone structure might affect fundamental 
properties of nucleic acids. Since a completely cationic backbone is not accessible using the 
dimeric phosphoramidite building blocks designed for zwitterionic ONs[143–145], the 
synthetic route was adapted to the monomeric building blocks B-(S)-2 and B-(R)-2 in 
analogy to solid-phase peptide synthesis (Manuscript B, Figure 1, Scheme 1 and Supporting 
Information). The resulting amide-linked fully cationic thymidinyl amino acids (6’-all-(S)-14-
mer B-1a and 6’-all-(R)-14-mer B-1b, Manuscript B, Figure 1) showed considerably 
increased thermal stability in melting experiments with complementary DNA compared to 
a native DNA-DNA duplex (Manuscript B, Table 1). These results are in good agreement 
with former studies on fully cationic ONs by Letsinger et al.[148,151] and Bruice et al.[155,156], 
who also reported about extremely stable duplexes between fully cationic ONs and their 
DNA counterstrands due to electrostatic attraction of the oppositely charged backbones. 
Regarding the structural hybridization behavior of the two positively charged DNA 
congeners, circular dichroism (CD) spectroscopy could confirm the formation of helical 
duplexes with complementary DNA, showing only a slight signal shift for the duplex 
containing (6'R)-configured B-1b (Manuscript B, Figure 3). A further analogy to the findings 
reported by Letsinger and Bruice was a destabilization of the NAA-ON/DNA duplex with 
increasing ionic strength as a result of salt-mediated shielding of the backbone charges 
(Manuscript B, Table 1). However, in contrast to the fully cationic oligomers synthesized by 
Bruice et al.[157,158], which have been found to recognize single-base mismatches, both all-
NAA-ONs were nearly insensitive towards single mismatched counterstrands (Manuscript 
B, Table 1). So, in this case, the attraction between the two backbones appeared to overrule 
Watson-Crick base pairing. Yet, it has to be mentioned that the sequence of B-1a and B-1b 
was significantly longer than the positively charged systems investigated by Bruice et al., 
which might most probably have an impact on the sensitivity towards single mismatching 
bases. Still, in melting studies with a completely mismatches DNA sequence, no duplex 
 
4. Final Discussion 87 
 
formation could be confirmed. Yet, a distinct increase in hyperchromicity was still 
observable (Manuscript B, Figure 2). This may be a result of unspecific, charge-mediated 
aggregation of the two oppositely charged strands that again slowly dissociates due to the 
rising temperature. Additional insights supporting this theory were provided by CD 
spectroscopic analysis of the interactions of B-1a and B-1b with the fully mismatched DNA 
sequence that gave no signals that would support the formation of a helical duplex 
structure (Manuscript B, Figure 4).  
As shown on the example of the two fully NAA-modified oligomers, the application of 
cationic DNA mimics has to be planned and assessed with great care. Although Watson-
Crick base pairing still seemed to play a role in counterstrand recognition and duplex 
formation, it was strongly hampered by charge-mediated attraction between the native 
and cationic backbones. Thus, the resulting influence on specific target recognition is not 
compatible with the requirements for applicable antisense agents and is also in strong 
contrast to the results obtained for partially zwitterionic NAA-ONs.[143] Nonetheless the 
studies conducted in Manuscript B provide valuable insights regarding the influence of a 
reversely charged backbone on fundamental nucleic acid properties and will contribute to 
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4.3 Synthesis and Evaluation of an NAA/LNA-Gapmer Structure 
(Manuscript C) 
Partially NAA-modified oligomers selectively discriminate between matched and 
mismatched strands[143] while displaying excellent resistance towards nuclease-mediated 
cleavage (Manuscript A). Yet, duplexes with DNA and RNA showed slight to moderate 
destabilization compared to native controls. Application of fully cationic NAA-ONs, on the 
other hand, drastically enhanced counterstrand binding, but also diminished base-pairing 
fidelity and thus specific target recognition (Manuscript B). Consequently, the work 
described in Manuscript C was aimed at the creation of an NAA/LNA-gapmer (Figure 4.1) 
to combine the advantageous properties of the cationic NAA-linkage with the high affinity 
of the LNA sugar modification towards RNA.[82,85,159] 
 
Figure 4.1. Concept of an NAA/LNA-gapmer structure: Simplified illustration of an NAA/LNA-gapmer with 
focus on position and type of the incorporated backbone modifications. LNA: Flank region consisting of 
anionic LNA-modified DNA. NAA: Gap region with a zwitterionic NAA-backbone. 
Therefore, gapmer C-1 and control C-2 (Manuscript C, Figure 1B) were assembled using 
automated DNA synthesis (Manuscript C, Supporting Information) and compared regarding 
their biophysical and biochemical properties. CD-spectroscopic analysis of both C-1 and C-
2 with complementary DNA (Manuscript C, Figure 3A) and RNA (Manuscript C, Figure 3B) 
confirmed the formation of helical duplexes with a topology comparable to a DNA-RNA 
hybrid duplex. Subsequent melting experiments with complementary RNA uncovered a 
slight destabilization of the C-1-RNA duplex, which was in strong contrast to the extremely 
stable structure formed with  C-2 (Manuscript C, Table 1 and Figure 2B). However, since 
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the measured Tm values did not reflect physiological conditions, the single-strand-to-
duplex-ratio at 37 °C was calculated for RNA duplexes containing either native DNA, C-1 or 
C-2 as counterstrand (Manuscript C, Table 1). Here, nearly quantitative duplex formation 
was verified for all three systems, demonstrating excellent target binding of C-1 at 
physiological temperature. Also, calculations for duplexes containing either an internally or 
peripherally located single mismatch unveiled a significant drop in duplex formation for the 
C-1-RNA combination (Manuscript C, Table 1). It has to be noted that the base mismatch 
opposite of the LNA-flank induced a more pronounced decrease in stability than the one 
placed opposite of the NAA-gap. This supported the hypothesis that the LNA-modification 
was indeed crucial for RNA binding of C-1. However, a comparable sensitivity for single 
mismatches could neither be confirmed for the native DNA-RNA, nor for the C-2-RNA 
duplex (Manuscript C, Table 1). With respect to the increased cytotoxic potential arising 
from off-target binding[96,159], these findings underline the great potential of chimeric ONs 
such as C-1 relative to other LNA-modified systems. The biochemical evaluation of C-1 
proved excellent stability of the whole gapmer towards degradation in human plasma and 
WCL (Manuscript C, Figure 4). Further, a moderate activation of RNase H-induced RNA 
cleavage was confirmed (Manuscript C, Figure 5). This finding was unexpected, since RNA 
degradation by RNase H was shown to require at least five adjacent DNA nucleosides.[18] 
However, as cleavage only occurred on a very moderate level, it can be assumed that the 
main potential antisense activity of a gapmer such as C-1 would result from a steric block 
of ribosomal translation.  
In summary, the interplay between the high-affinity LNA- and the mismatch-sensitive NAA-
linkage yielded a scaffold for possible antisense agents with remarkable capabilities 
concerning target recognition, target affinity and selectivity. The latter has only scarcely 
been discussed in the literature before. As the zwitterionic character of the NAA/LNA-
gapmer architecture is also assumed to improve the overall pharmacokinetic behavior of 
ONs, subsequent work should be focused on the cellular uptake as well as the antisense 
activity of such oligomers in cellulo. It is anticipated that the partially zwitterionic character 
of C-1 and the resultant masking of some negative charges might improve permeation over 
the lipophilic cellular membrane. Furthermore, considering the beneficial characteristics of 
cationic CPPs[160], an advantageous effect of the positively charged NAA-modification on 
cellular uptake might be possible. 
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4.4 Conclusion and Outlook 
Overall, the results obtained in this work revealed further valuable characteristics of the 
cationic NAA-modification and highlight the concept of a partially zwitterionic NAA/LNA-
gapmer structure as a promising template for potential antisense applications. 
Nonetheless, in subsequent studies, the influence of the zwitterionic NAA-linkage on 
cellular uptake still has to be verified. For this purpose, the synthesis of a fluorophore-
labeled version of C-1 might be useful to not only evaluate the cellular uptake but also 
potential endosomal release of the DNA analogue. Additionally, first antisense experiments 
should be considered. Therefore, a gapmer suitable for hybridization to a distinct cellular 
target should be synthesized and evaluated regarding its influence on protein expression. 
A third approach to gain further insights into the potential of the NAA-linkage might be the 
implementation of new synthetic routes for the assembly of further NAA-building blocks, 
suitable for automated DNA synthesis. This would facilitate the construction of partially 
zwitterionic ONs with arbitrary sequences and hence enable access to a larger panel of 
cellular targets.  
In summary, the insights obtained within this thesis underline the great value of the NAA-
linkage as 'tool' for the synthesis of artificial antisense ONs and will serve as a guideline for 
future studies on this positively charged backbone modification. 
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6. Appendix 
6.1 Studies on the Cellular Uptake of the Partially Zwitterionic 
NAA/LNA-Gapmer  
Insufficient cellular uptake represents one of the main obstacles hampering the efficacy of 
ONs as biomedical agents.[161] Due to their anionic backbone structure, in combination with 
their hydrophilic sugar units, native ONs represent extremely polar oligomers. 
Consequently, diffusion over lipophilic cellular membranes is strongly hindered what again 
prohibits interaction with intracellular targets. In recent years, many attempts have been 
made to overcome this issue.[162] The most prominent approaches include (i) the transport 
of ONs in macromolecular vesicles, like cationic lipids[163] or cyclodextrins[164], (ii) formation 
of ON-conjugates with e.g. cholesterol[165] or CPPs[166,167] at the 3'- or 5'-end and (iii) the 
chemical modification of the overall ON structure to yield artificial DNA congeners with 
improved uptake properties, as in PNA[168], PMOs[169] or for deoxyribonucleic guanidines 
(DNGs)[170]. However, a detailed overview of the above-named strategies would be beyond 
the scope of this work. Therefore, a brief summary regarding DNG-modified oligomers is 
provided, as their backbone charge pattern is comparable with the cationic NAA-
modification.[171] In this context, a successful approach demonstrating the enhanced 
cellular uptake of a DNG ON was reported by Mirkin and co-workers.[170] They explored a 
new synthetic procedure for the preparation of completely cationic DNG ONs, first 
conceptualized by Bruice et al.,[172,173] and subsequently evaluated their cellular uptake. 
Interestingly, Mirkin et al. were able to show that a fully cationic DNG 10-mer surpasses 
the lipophilic membrane of human C166 cells significantly better than a native DNA ON of 
the same sequence.[170] A possible explanation for the increased uptake of the positively 
charged DNG might be the mimicry of arginine-rich CPPs.[160]  In any case, this concept 
showed great similarity, in terms of the backbone charge pattern, to the idea of the NAA-
modification. Still, the efficient use of completely cationic systems as antisense agents 
remains questionable, especially with respect to the results obtained for fully NAA-
modified ONs (Manuscript B). Here, although a drastic increase of counterstrand affinity 
was confirmed, a significant loss in mismatch sensitivity could be observed. Thus, the focus 
of the cellular uptake studies on NAA-modified oligomers was set on the partially 
zwitterionic gapmer structure C-1, which was proven to possess extremely beneficial 
 
6. Appendix 109 
 
properties regarding its biological stability, target recognition and mismatch sensitivity 
(Manuscript C). Consequently, it was aspired to synthesize gapmer A (Figure 6.1 B), a 
5'-fluorophore labeled version of C-1, to examine the effect of the zwitterionic gap on 
lipophilicity and membrane penetration. Furthermore, it was planned to construct a 
fluorophore-labeled version of the anionic DNA/LNA-gapmer C-2 (gapmer B, Figure 6.1 B), 
to obtain a directly comparable control to the zwitterionic NAA/LNA-chimera. As 
fluorophore for the tracking of the cellular uptake process, cyanine 5 (Cy5, Figure 6.1 B) 
was chosen. This was the case because attachment of a fluorophore phosphoramidite to 
the 5'-end of the gapmer would result in an additional phosphodiester bond and thus, in 
another negative charge. Cy5, however, possesses a permanently cationic moiety, which 
can compensate for the additional negative backbone linkage. Furthermore, Cy5 
represents a rather small fluorescent unit. It was therefore anticipated to create an 
intracellularly trackable compound without too much alteration of the structure and 
charge pattern of the actual gapmer. The synthesis and evaluation of gapmers A and B are 
described in the following chapters. 
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6.1.1 Synthesis of the Fluorophore-Labeled NAA/LNA- and DNA/LNA-
Gapmers 
The synthesis of the Cy5-labeled gapmers A and B (Figure 6.1 B) was performed following 
a protocol very similar to that of the non-fluorescent gapmers C-1 and C-2 described in 
Manuscript C. Like for C-1, the dimeric CxT-phosphoramidite building block (NAA (x)-
Building Block, Figure 6.1 A) was assembled starting from thymidine and 2'-deoxycytidine, 
respectively. With this building block in hand, automated DNA synthesis was performed to 
furnish gapmers A and B. The CxT-module (for A), commercially available DNA 
phosphoramidites in case of gapmer B, LNA phosphoramidites as well as the 4-
monomethoxytrityl (MMTr)-protected Cy5-phosphoramidite (Figure 6.1 A) were used for 
the automated synthesis. Prior to synthesis, the CxT-building block was dissolved in a 1:1 
mixture of dry MeCN/CH2Cl2 to a final concentration of 0.05 M. It has to be noted that 
higher concentrations of the CxT-phosphoramidite always led to precipitation on the 
synthesizer and thus, had to be avoided. DNA synthesis was performed in the usual 3'- to 
5'-direction, with the Cy5-fluorophore being the last phosphoramidite to be coupled. 
Different coupling protocols, depending on the applied phosphoramidite, were used. In 
case of gapmer B, coupling times for the DNA phosphoramidites placed in the gap region 
of the ON were set to 2 min. The LNA phosphoramidites positioned in the flanks of the 
sequence were coupled for 5 min. Concerning the NAA CxT-building block used for gapmer 
A, a triple-coupling procedure was utilized. Therefore, the phosphoramidite/activator mix 
was flushed over the column and coupled for 90 seconds. Subsequently, the mixture was 
replaced by a fresh amount of CxT/activator mix, which was again coupled for another 90 
seconds. Lastly, fresh mixture was once more flushed over to column and coupled for 
3 min. Consequently, the three coupling steps added up to a total coupling time of 6 min 
for the NAA-building block. The same procedure was applied for the Cy5-fluorophore 
building block. Unreacted 5'-OH groups were capped by typical acetylation procedure. The 
oxidation step to furnish the phosphodiester backbone was performed by addition of 
iodine solution. The efficiency of every coupling step was observed via trityl monitoring. It 
has to be noted that the efficiency of the coupling of the Cy5-phosphoramidite could not 
be determined by this procedure for two reasons: (i) the Cy5-label possesses a strong blue 
color, which interfered with the detection method and (ii) the Cy5-building block carried a 
MMTr-protection group instead of a DMTr-unit, which requires a different wavelength 
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region. Hence, trityl monitoring constantly recorded poor yields for the last coupling step 
(diagram not shown).  
 
Figure 6.1. Cy5-labeled gapmers for studies on cellular uptake. A: Building blocks required for the 
automated DNA synthesis of gapmers A and B. B: Base sequence and modification pattern of gapmers A 
and B. L = LNA-modification, x = NAA-modification, Cy5 = Cyanine 5 fluorophore label. 
Following these conditions, gapmers A and B were assembled. Thereby, the same 
sequences as used for C-1 and C-2 were chosen, with the additional introduction of the 5'-
fluorophore label (Figure 6.1). After completion of all synthetic cycles, gapmers A and B 
were globally deprotected and cleaved from the CPG resin. Therefore, standard conditions 
(NH3(25%)/EtOH 3:1, 55 °C, 22 h) were first tested on gapmer B, with the addition of 
aluminum foil wrapped around the Eppendorf tube to protect the fluorophore label against 
light-mediated degradation. Here, with regard to the small quantities that were available 
of both gapmers, this established protocol was chosen to obtain efficient global 
deprotection. Subsequent ureaPAGE (not shown) and mass spectrometry analysis (Table 
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6.1) of B showed satisfying cleavage of all remaining protection groups as well as high 
stability of the Cy5-label towards the basic conditions. Thus, no adjustments regarding the 
newly introduced Cy5-fluorophore were made. After cleavage of both gapmers from the 
CPG resin, the obtained crude ONs were purified and desalted using the ureaPAGE protocol 
also used for gapmers C-1 and C-2 in Manuscript C. The identity of each gapmer was then 
confirmed via high resolution mass spectrometry (HRMS). Considering the large size of the 
ONs, in combination with the limited available amounts, both gapmers were directly 
injected into the ion source. For better comparability, the expected masses of A and B were 
calculated from their chemical structures, respectively. Masses found were deconvoluted 
and compared to the predicted masses. The resulting data are given in Table 6.1.  
Table 6.1. High resolution mass data of gapmer A and B. Calculated values correspond to the exact masses 
of A and B, found values refer to the respective deconvoluted mass spectra. 
Gapmer Sequence 5'→3' Chemical Formula Calculated Found 
A: Cy5-ALGLALTLCxTCxTCxTCxTALGLALTLT C213H260N66Na2O103P13
+ 5838.3515 5838.3442 
B: Cy5-ALGLALTLCTCTCTCTALGLALTLT C205H250N58O115P17
+ 5890.1031 5890.1029 
 
Satisfactorily, the masses for both gapmers were found and could be confirmed through 
the calculated values. Concerning gapmer A, the mass with the highest abundance was a 
positively charged species incorporating two sodium ions (Table 6.1). Regarding B, the 
cationic parental mass without sodium was primarily detectable (Table 6.1).  
Following the successful synthesis of A and B, the capability of both gapmeric structures to 
surpass lipophilic barriers was evaluated. Therefore, two different methods were applied 
to monitor the cellular uptake of the Cy5-gapmers into living cells: (i) fluorescence-
activated cell sorting (FACS) and (ii) entrance-tracking through confocal microscopy. 
Thereby, FACS analysis should be used to provide information about the approximate 
amount of the intracellularly accumulated partially zwitterionic gapmer A relative to 
anionic  B. On the other hand, the confocal microscopy experiments were chosen to gain 
insights regarding the intracellular distribution of both gapmers. Here, the focus was set on 
the question whether the Cy5-ONs remain in endosomes after passing through the cell 
membrane or appear freely in the cytosol. The respective experiments as well as the 
according results are described in the following sections.  
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6.1.2 Evaluation of the Fluorophore-Labeled NAA/LNA- and DNA/LNA-
Gapmers 
The experiments described in section 6.1.2.1 were performed in cooperation with the 
group of Prof. A. K. Kiemer at the Department of Pharmacy, Pharmaceutical Biology, 
Saarland University, and conducted by Dr. J. Hoppstädter. Experiments described in section 
6.1.2.2 were performed in cooperation with the group of Prof. C.-M. Lehr, at the Helmholtz 
Institute for Pharmaceutical Research Saarland, and supervised by Dr. B. Loretz. 
6.1.2.1 Fluorescence-Activated Cell Sorting (FACS) Analysis 
For FACS analysis of the cellular uptake of the gapmer structures A and B, A549 cells were 
utilized. This cell line was chosen based on recent studies regarding the uptake of antisense 
ONs by Ross and co-workers.[174] In their work, Ross reviewed a broad spectrum of different 
cell lines and cell types with respect to their permeability for antisense ONs. In this context, 
A549 cells were shown to have a well-balanced uptake behavior, meaning that neither too 
much nor too little of the ON was absorbed. Thus, they represented a suitable module 
system.  
Two different assay setups were designed to investigate the cellular uptake of A and B. In 
a first set of experiments, it was envisioned to gain insights regarding the required amounts 
of the Cy5 fluorophore-labeled gapmers to produce a sufficiently strong signal. 
Furthermore, the expected concentration-dependent uptake behavior of A and B should 
be confirmed (Figure 6.2 A). Therefore, the A549 cells were treated with three different 
concentrations of A and B (100 nM, 300 nM, 500 nM). The initial incubation time was set to 
1 h. Satisfactorily, a robust signal could already be achieved for the lowest tested amount 
of 100  nM. Hence, this concentration was also applied for the second, subsequent study. 
These following experiments concerned the influence of the incubation time on cellular 
uptake. Here the contact time with the A549 cells was set to be either 1 h, 4 h or 8 h (Figure 
6.2 B). For both setups, every data point represents the mean value of technical triplicates. 
The resulting data after FACS analysis were normalized against the average mean area 
(APC-A) of the measured fluorescent signal of either B (100 nM, Figure 6.2 A) or B (1 h, 
Figure 6.2 B), to obtain easily comparable results. 
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Figure 6.2. Tracking of the cellular uptake of the fluorophore-labeled gapmers A and B through FACS 
analysis. A: Cellular uptake of A and B as a function of the applied concentration (100, 300 and 500 nM). All 
values were obtained after 1 h of incubation and normalized to the APC-A value measured for B (100 nM). 
B: Cellular uptake of A and B as a function of the incubation time (1, 4 and 8 h). All values were obtained 
after incubation with 100 nM of either A or B, respectively, and normalized to the APC-A value measured 
for B (1 h). 
Interestingly, neither in the concentration- (Figure 6.2 A) nor in the time-dependent assay 
setup (Figure 6.2 B) cellular uptake of A was observed to be superior to B. This was 
unexpected, since former studies had reported an improved uptake of ONs carrying 
positively charged segments.[162] A possible explanation might be that, due to the 
alternating charge pattern in the central gap,  A adopts a coiled topology, which then 
hampers uptake into the cell. Nevertheless, the data shown for the FACS analysis are only 
preliminary and further experiments, including the usage other cell types, have to be 
performed in order to make substantiated statements regarding the cellular uptake of A. 
6.1.3.2 Confocal Microscopy  
For tracing of the cellular uptake of A and B via confocal microscopy, a protocol utilizing 
three different dyes was applied. Staining of the actin filaments was achieved using A488 – 
phalloidin and cell nuclei were visualized through application of 4',6-diamidino-2-
phenylindole (DAPI) staining solution. Finally, the two gapmers were made visible through 
their attached Cy5-fluorophore. To obtain results comparable to those of the FACS analysis 
experiments, A549 cells were also used for the confocal microscopy-monitored uptake 
studies on gapmers A and B. To obtain an initial overview regarding the required amounts 
of Cy5-labeled gapmer to generate an adequate fluorescence signal, three different 
concentrations of A and B were chosen (50 nM, 100 nM, 500 nM). Additionally, to achieve a 
first impression about the cellular uptake of the two gapmer structures, the incubation 
time was set to 1 h. This rather short time frame was selected with the aim to reduce the 
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overall stress put on the cells and hence, to increase the chance of recording preliminary, 
informative results. As positive control, two different amounts of the NAA/LNA-gapmer A 
(500 nM and 50 nM, Figure 6.3) were transfected into the A549 cells to mimic cellular uptake 
and thus, the signals that can be expected after successful permeation of the ONs over the 




Figure 6.3. Results of the first confocal microscopy analysis of the cellular uptake of gapmers A and B. The 
upper panel shows the merged images of the negative control (left) and the two positive controls 
containing 500 nM and 50 nM of A, respectively. Actin filaments appear in green, nuclei in blue and 
gapmers in red. The second panel depicts the merged, as well as the individual signals recorded for A (left) 
and B (right). 
The results achieved for this initial experiment are given in Figure 6.3. All panels depicted 
in Figure 6.3 demonstrate the successful staining of the cellular cytoskeleton (green) as well 
as an effective DAPI-staining of the nuclei (blue). Furthermore, the two positive controls, 
as seen in the upper row, show satisfying signals corresponding to the transfected gapmer 
A at both 500 nM and 50 nM (red). However, with respect to the untransfected cells, none 
of the applied amounts of either A or B resulted in observable fluorescence signals (bottom 
row, Figure 6.3), which again means that no cellular uptake had taken place. Here, it has to 
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be noted that, due to a combination of undesirable events, the number of remaining cells 
on the chamber slides after the fixation and staining procedure was extremely low. A 
possible explanation for the loss of most of the cells is the uncoated surface of the used 
chamber slides, which prevented sufficient support of the A549 cells. Furthermore, some 
of the numerous washing steps might have been too harsh for the loosely attached cells. 
As a result, many cells might have been lost due to the PBS washing circles. Thus, it should 
be emphasized that the preliminary data shown in Figure 6.3 cannot be considered as 
representative for the uptake of the two gapmers. 
In summary, the results obtained from this study are only preliminary and the overall 
procedure still requires some improvement. For instance, future confocal measurements 
should be carried out with the cells attached to another type of chamber slides, preferably 
with a rougher surface structure. As described above, the slides used during this first 
analysis were non-coated and did not support an adherent growth of the A549 cells, which 
again led to loss of most of the cells due to the required washing steps.  Consequently, no 
signals implicating the cellular entrance of neither gapmer A nor B could be confirmed. 
Furthermore, the remaining cells were shown to have adapted a rather roundish shape, 
which is not representative for alveolar epithelial cells. Thus, for subsequent experiments 
a fresh batch of A549 should be used. Also, to achieve an additional boost in signal intensity, 
it might be beneficial to enhance the incubation time when applying the Cy5 gapmers. In 
the aforementioned procedure, a time frame of 1 h was chosen to gain a first impression 
of the uptake of A and B. However, with respect to the results obtained by Mirkin and co-
workers,[170] it might be appropriate to enhance the duration of incubation to at least 2.5 h 
to ensure the emergence of robust signals. Nonetheless, both positive controls 
incorporating concentrations of either 500 nM or 50 nM of the transfected Cy5-labeled 
NAA/LNA-gapmer A resulted in nicely detectable signals. This confirmed that a sufficient 
signal can be obtained by utilizing small concentrations of ON, which is an important insight 
regarding compound sustainability. Altogether, it can be concluded that the first attempt 
to visualize the cellular uptake of the two Cy5-labeled gapmers did not provide any reliable 
information regarding the improved capability of gapmer A to surpass lipophilic barriers. 
However, valuable insights concerning the overall setup of future confocal microscopy 
studies could be obtained and thus, will be useful in the design of upcoming experiments.  
 
6. Appendix 117 
 
6.1.3 Experimental Section 
6.1.3.1 Synthesis of Cy5-labeled Gapmers A and B 
Gapmers A and B were synthesized using a H-8 standard synthesizer (K&A) from 3'→5' 
direction under strict exclusion of oxygen (argon atmosphere) on columns with nucleoside-
loaded CPG resin (200 nmol of 5'-O-DMTr-nucleoside/g matrix, K&A). Unmodified DNA 
phosphoramidites (Glen Research), LNA phosphoramidites (QIAGEN) and MMTr-protected 
Cyanine 5 phosphoramidite (Sigma Aldrich) were purchased and prepared according to the 
manufacturers' protocol. Before usage, the CxT phosphoramidite was dissolved in a 
mixture of MeCN/CH2Cl2 (1:1) to a final concentration of 0.05 M. Cleavage of the 5'-DMTr 
protection group of the CPG-bound nucleoside through 3% trichloroacetic acid (TCA) in 
CH2Cl2 started the first reaction cycle. Subsequent flushing of the column with MeCN and 
argon removed excess of acid. Then, a mixture of activator and phosphoramidite 
(benzylmercaptotetrazole (BMT), 0.25 M, EMP Biotech) were flushed on the column. 
Coupling times varied depending on the applied phosphoramidite: unmodified DNA 
phosphoramidites (2 min), LNA phosphoramidites (5 min), CxT phosphoramidite and Cy5 
phosphoramidite (triple coupling: 2 x 90 s, 1 x 3 min). After every coupling step excess of 
reagents was removed with MeCN and argon. Unreacted 5'-OH groups were deactivated 
through a capping step ('Cap A', acetic anhydride, 2,6-dimethylpyridine, THF, Sigma Aldrich 
and 'Cap B', 1-methylimidazole, THF, Sigma Aldrich). Subsequent oxidation with 0.1 M 
iodine solution (iodine, THF, Sigma Aldrich) furnished the final phosphate diester backbone. 
Lastly, application of 3% TCA in CH2Cl2 caused deprotection of the new 5'-end and started 
the next reaction cycle. Trityl monitoring was used to measure the coupling efficiency. ON 
cleavage and global deprotection were achieved through application of the standard 
deprotection protocol (NH3(25%)-EtOH, 3:1, 55 °C, 22 h) in an aluminum foil wrapped 
Eppendorf tube. After incubation, the remaining CPG resin was removed through 
centrifugation and washed three times with 50 μL ultrapure water. The resulting solvent 
mixture was removed in vacuo and the residual crude solid was dissolved in ultrapure water 
(100 μL). A NanoDrop 2000 Spectrophotometer (Thermo Scientific) was used to define the 
amount of crude ON mixture before further purification. Crude ON concentration before 
UreaPAGE (assuming hypothetical purity): Gapmer A: 92 nmol, Gapmer B: 61 nmol.   
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6.1.3.2 Purification of Gapmers A and B 
For purification of gapmers A and B electrophoresis with a sequencing ureaPAGE gel was 
used (1.5 mm thickness, 28 cm isolating distance, 20% polyacrylamide, 7 M urea). The crude 
ON mixture was mixed with loading buffer (90% formamide, 10% glycerol, bromophenol 
blue) (2:1), applied on the gel (20 nmol per well) and run in 0.5 x TBE buffer for 2.5 h at 
35 W (10 x TBE-running buffer: 890 mM Tris, 890 mM boric acid, 20 mM EDTA, pH 8.3). 
Position of the Cy5-labeled gapmers was visible through the blue color of the Cy5-
fluorophore. Subsequently, the blue band was cut from the gel and incubated two times 
with TEN extraction buffer (300 μL, 0.01 M Tris (pH 8.0), 0.001 M EDTA (pH 8.0), 0.3 M NaCl) 
for 16 h. The resultant mixture was dried in vacuo and the solid was dissolved in ultrapure 
water (300 µL). For desalination, NaOAc solution (30 µL, 3 M, pH 5.2) and EtOH (1.2 mL, 
99%, -25 °C) were added and the mixture was stored at -80 °C for 24 h to initiate 
precipitation. Next, centrifugation (-4 °C, 60 min, 13000 rpm) let to pellet formation. The 
supernatant was removed, the pellet was washed twice with EtOH (95%, -25 °C) and 
subsequently dried under reduced pressure. This yielded 6.2 nmol of gapmer A (3.1% over 
all coupling steps and purification) and 5.1 nmol of gapmer B (2.3% over all coupling steps 
and purification). The identities of A and B were obtained by HRMS (direct injection of 
100 μL, 4 μM). Data were obtained using an Ultimate 3000 system by Thermo Scientific with 
a Dionex UltiMate 3000 UHPLC system in positive mode. The system contained a pump, 
autosampler, column department, diode array detector and a Thermo Scientific Q Exactive 
OrbiTrap.  
 
6.1.3.3 Fluorescence-Activated Cell Sorting (FACS) Analysis 
A549 cells were seeded in 12-well plates using RPMI 1640 medium containing 10% FCS and 
grown for two days until a confluent layer was formed (5% CO2, 37 °C). Next, the medium 
was aspirated, cells were washed with PBS buffer (500 μL per well) and the Cy5-labeled 
gapmers A (concentration-dependent setup: 100 nM, 300 nM, 500 nM of A in PBS, 500 μL 
per well, 60 min, 37 °C; time-dependent setup: 100 nM of A in PBS, 500 μL per well, 
1 h/4 h/8 h, 37 °C) and B (concentration-dependent setup: 100 nM, 300 nM, 500 nM of B in 
PBS, 500 μL per well, 60 min, 37 °C; time-dependent setup: 100 nM of B in PBS, 500 μL per 
well, 1 h/4 h/8 h, 37 °C) were added, respectively. After incubation, gapmer-containing PBS 
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was aspirated and cells were washed twice with PBS (500 μL per well). Then, cells were 
harvested using a cell scraper, collected in FACS tubes and stored on ice until they were 
used. Cells not incubated with the Cy5-gapmers served as negative control and calibration 
standard for the FACS measurements. For every FACS run, 10000 singlet-events were 
recorded. FACS analysis was performed on a BD LRS Fortessa (BD Biosciences). 
 
6.1.3.4 Confocal Microscopy 
A549 cells were seeded in chamber slides (40.000 cells per slide, µ-Slide 8 well, uncoated, 
ibidi) using RPMI 1640 medium containing 10% FCS and grown for two days until a 
confluent layer was formed (5% CO2, 37 °C). Next, the medium was aspirated, cells were 
washed twice with PBS buffer (2 x 200 μL per well) and then fixed using freshly prepared 
paraformaldehyde (PFA) solution (3% in PBS, 200 μL per well, 20 min, RT). Subsequently, 
PFA was removed  through two washing steps with PBS (200 μL per well) and blocking and 
permeabilization (B/P) solution (1% bovine serum albumin (BSA) and 0.05% saponin in PBS, 
150 μL per well, 20 min, RT) were added. For staining of the actin filaments, phalloidin 
(stock of 1000x, Invitrogen, diluted to 1x in PBS, 150 μL per well, 20 min, RT) was added to 
the B/P solution. Afterwards, the staining solution was aspirated and cells were washed 
twice with PBS buffer (200 μL per well) to remove residual dye. DAPI solution (0.5 mg/mL 
in PBS, Sigma, 200 μL per well, 20 min, RT) for staining of the nuclei was applied and the 
cells were again incubated. After aspiration of the DAPI solution and two washing steps 
with PBS (200 μL per well), the gapmers A (50 nM, 100 nM and  500 nM in PBS, 100 μL per 
well, 60 min, RT) and B (50 nM, 100 nM and  500 nM in PBS, 100 μL per well, 60 min, RT) 
were added. As positive control, gapmer A (500 nM and 50 nM, respectively) was 
transfected to the A549 cells using the jetPRIME® in vitro DNA & siRNA transfection reagent 
(Polyplus transfection) according to the manufacturer's protocol. As negative control, cells 
only stained with phalloidin and DAPI were used. All incubation conditions were performed 
as triplicates. After incubation, cells were washed with PBS buffer (2 x 200 μL per well) and 
analyzed under the confocal microscope. The microscope consisted of a confocal laser 
scanning microscope (CLSM) Leica TCS SP8 (Leica Microsystems, Mannheim, Germany) and 
the Leica Application Suite (LAS X) software bundle. As objective a 25x objective lens 
(Fluotar VISIR 25x/0.95 WATER) was used. Channel-settings for 1) Cy5 label: 633 nm laser 
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(3% power); 660-680 nm filter (100% HyD gain), 2) AF488-phalloidin: 488 nm laser (2% 
power); 510-550 nm filter (830 V PMT gain), 3) DAPI: 405 nm laser (5% power); 430-490 nm 
filter (100% HyD gain), 4) transmitted light: 430 V PMT gain, were applied.    
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For the synthesis of starting materials 5 and 6, 5'-O-silylated 3'-azido-3'-deoxythymidine 
S1
S1,S2
 was treated with benzyloxymethyl chloride (BOMCl) to give the N-3-alkylated 
product S2 in quantitative yield (Scheme S1). Acidic desilylation of S2 then furnished 
3'-azido congener 5 in 90% yield. In order to obtain 3'-N-Cbz-amino analogue 6, S1 was first 
reduced to amine S3
S1,S2
 (not displayed), which was then Cbz-protected under non-aqueous 
conditions to afford S4 in 85% yield. Protection of the nucleobase using BOMCl gave S5 in 
80% yield, and acidic desilylation finally led to 6 in 94% yield (Scheme S1). For the synthesis 
of phosphonate 7, saponification of the corresponding methyl ester S6
S3-S6
 was followed by 







 were prepared according to established procedures. 
 
 









A solution of 5'-O-TBDMS-3'-azido-3'-deoxythymidine S1
S1,S2
 (2.04 g, 5.35 mmol) in dry 
DMF (8 mL) was added to a suspension of NaH (231 mg, 60% dispersion in mineral oil, 
9.63 mmol) in dry DMF (15 mL) at -10 °C. The suspension was stirred for 30 min at -3 °C to 
-5 °C, after which benzyl chloromethyl ether (1.00 mL, 1.01 g, 6.42 mmol) was slowly added. 
The reaction mixture was stirred for 3 h at 0 °C. It was then diluted with EtOAc (100 mL), 
and water (30 mL) was slowly added to quench unreacted NaH. The organic layer was 
washed with sat. aq. NH4Cl (50 mL), sat. aq. NaHCO3 (50 mL), water (2 x 50 mL) and brine 
(50 mL). It was then dried over Na2SO4, filtered and evaporated under reduced pressure. The 
resultant slurry was coevaporated with toluene (3 x 50 mL). The thus obtained crude product 
was purified by column chromatography (4:1 iso-hexanes-EtOAc) to give S2 as a colorless 
viscous oil (2.68 g, quant.). TLC: Rf = 0.22 (8:2 iso-hexanes-EtOAc). [𝛼]D20 = +44.4 (c 1.0, 
CHCl3). 
1
H NMR (300 MHz, CDCl3):  = 0.13 (s, 6H, SiCH3), 0.94 (s, 9H, SiC(CH3)3), 1.92 
(d, J = 1.2 Hz, 3H, 7-H), 2.19 (ddd, J = 13.7, 7.0, 6.7 Hz, 1H, 2'-Ha), 2.44 (ddd, J = 13.7, 6.3, 
4.4 Hz, 1H, 2'-Hb), 3.78-3.82 (m, 1H, 5'-Ha), 3.92-3.97 (m, 2H, 4'-H, 5'-Hb), 4.20 (ddd, 
J = 7.0, 4.4, 4.4 Hz, 1H, 3'-H), 4.70 (s, 2H, 2''-H), 5.49 (s, 2H, 1''-H), 6.21 (dd, J = 6.7, 
6.3 Hz, 1 H, 1'-H), 7.23-7.27 (m, 1H, 4''-H), 7.29-7.33 (m, 2H, 3''-H, 5''-H), 7.36-7.38 (m, 2H, 
2''-H, 6''-H), 7.39 (q, J = 1.2 Hz, 1H, 6-H) ppm. 
13
C NMR (75 MHz, CDCl3):  = -5.4 
(SiCH3a), -5.3 (SiCH3b), 13.2 (C-7), 18.4 (SiC(CH3)3), 25.9 (SiC(CH3)3), 38.1 (C-2'), 60.3 
(C-3'), 62.8 (C-5'), 70.6 (C-1''), 72.3 (C-2''), 84.5 (C-4'), 85.2 (C-1'), 110.3 (C-5), 127.6 
(C-6''), 127.6 (C-4'', C-8''), 128.3 (C-5'', C-7''), 133.7 (C-6), 138.1 (C-3''), 150.8 (C-2), 163.4 
S4 
 
(C-4) ppm. IR (ATR):  = 2101, 1709, 1652, 1461, 1256, 1075, 832, 774, 731, 698 cm-1. UV 
(MeCN): λmax (log ε) = 208 (4.36), 267 (4.07) nm. HRMS (ESI): calcd for C24H35N5NaO5Si 






To a precooled (0 °C) solution of 5'-O-TBDMS-3'-amino-3'-deoxythymidine S3
S1,S2
 (6.00 g, 
17.0 mmol) in THF (150 mL) were added DMAP (10 mg, 82 µmol), NEt3 (5.89 mL, 4.30 g, 
42.0 mmol) and benzyl chloroformate (2.66 mL, 3.18 g, 18.7 mmol). The reaction mixture 
was stirred for 30 min at 0 °C. It was then diluted with EtOAc (500 mL) and washed with sat. 
aq. NaHCO3 (2 x 200 mL) and brine (200 mL). The organic layer was dried over Na2SO4, 
filtered and evaporated. The resultant residue was purified by column chromatography (40:1 
CH2Cl2-MeOH) to give S4 as a colorless foam (7.05 g, 85%). Mp 79 °C. TLC: Rf = 0.36 (20:1 
CH2Cl2-MeOH). [𝛼]D20 = -28.8 (c 1.0, CHCl3). 1H NMR (500 MHz, CD3OD, 50 °C):  = 0.09 
(s, 6H, SiCH3), 0.92 (s, 9H, SiC(CH3)3), 1.87 (d, J = 1.0 Hz, 3H, 7-H), 2.29 (dd, J = 6.6, 
6.6 Hz, 2H, 2'-H), 3.77-3.85 (m, 1H, 5'-Ha), 3.88-3.95 (m, 2H, 4'-H, 5'-H), 4.29 (ddd, J = 6.6, 
6.6, 5.5 Hz, 1H, 3'-H), 5.06 (d,  J = 13.0 Hz, 1H, 1''-Ha), 5.10 (d,  J = 13.0 Hz, 1H, 1''-Hb), 
6.17 (dd, J = 6.6 Hz, 1H, 1'-H), 7.22-7.37 (m, 5H, aryl-H), 7.57 (d, J = 1.0 Hz, 1H, 6-H) ppm. 
13
C NMR (126 MHz, CD3OD, 50 °C):  = -5.3 (SiCH3), -5.2 (SiCH3), 12.6 (C-7), 19.3 
(SiC(CH3)3), 26.5 (SiC(CH3)3), 39.3 (C-2'), 52.2 (C-3'), 64.2 (C-5'), 67.7 (C-1''), 86.0 (C-1'), 
86.5 (C-4'), 111.5 (C-5), 128.9 (C-3'',C-7''), 129.0 (C-4'', C-5'', C-6''), 129.5 (C-2''), 137.4 
S5 
 
(C-6), 152.3 (C-2), 166.2 (C-4) ppm. IR (ATR):  = 1680, 1466, 1256, 1123, 1065, 1003, 
831, 774, 698 cm
-1
. UV (MeCN): λmax (log ε) = 207 (4.19), 265 (3.91) nm. HRMS (ESI): 






A solution of 5'-O-TBDMS-3'-N-Cbz-amino-3'-deoxythymidine S4 (6.94 g, 14.2 mmol) in 
dry DMF (22 mL) was added to a suspension of NaH (572 mg, 60% dispersion in mineral oil, 
14.3 mmol) in dry DMF (23 mL) at -10 °C. The suspension was stirred for 30 min at -3 °C to 
-5 °C, after which benzyl chloromethyl ether (2.10 mL, 2.30 g, 14.3 mmol) was slowly added. 
The reaction mixture was stirred for 3 h at 0 °C. It was then diluted with EtOAc (300 mL), 
and water (30 mL) was slowly added to quench unreacted NaH. The organic layer was 
washed with sat. aq. NH4Cl (50 mL), sat. aq. NaHCO3 (150 mL), water (2 x 150 mL) and 
brine (150 mL). It was then dried over Na2SO4, filtered and evaporated under reduced 
pressure. The resultant slurry was coevaporated with toluene (3 x 50 mL). The thus obtained 
crude product was purified by column chromatography (7:3 iso-hexanes-EtOAc) to give S5 as 
a colorless viscous oil (6.94 g, 80%). TLC: Rf = 0.27 (7:3 iso-hexanes-EtOAc). [𝛼]D20 = +6.5 
(c 1.2, CHCl3). 
1
H NMR (500 MHz, CD3OD, 50 °C):  = 0.12 (s, 6H, Si(CH3)2), 0.94 (s, 9H, 
SiC(CH3)3), 1.89 (d, J = 0.8 Hz, 3H, 7-H), 2.26 (ddd, J = 13.8, 7.4, 6.3 Hz, 1H, 2'-Ha), 2.33 
(ddd, J = 13.8, 6.4, 5.8 Hz, 1H, 2'-Hb), 3.80-3.87 (m, 1H, 5'-H), 3.92-3.98 (m, 2H, 4'-H, 5'-H), 
4.29 (ddd, J = 8.0, 5.8, 5.7 Hz, 1H, 3'-H), 4.67 (s, 2H, 1''-H), 5.10 (d, J = 12.5 Hz, 1H, 1'''-Ha), 
S6 
 
5.13 (d, J = 12.5 Hz, 1H, 1'''-Hb), 5.48 (d, J = 9.9 Hz, 1H, 2''-Ha), 5.51 (d, J = 9.9 Hz, 1H, 
2''-Hb), 6.17 (dd, J = 6.4, 6.3 Hz, 1H, 1'-H), 7.21-7.39 (m, 10H, aryl-H), 7.56 (s, 1H, 
6-H) ppm. 
13
C NMR (126 MHz, CD3OD, 50 °C):  = -6.7 (SiCH3), -6.6 (SiCH3), 11.8 (C-7), 
17.9 (SiC(CH3)3), 25.1 (SiC(CH3)3), 38.1 (C-2'), 50.7 (C-3'), 62.8 (C-5'), 66.3 (C-1'''), 70.6 
(C-1'''), 71.9 (C-2'''), 85.3 (C-1'), 85.5 (C-4'), 109.3 (C-5), 126.6, 126.8, 127.1, 127.3, 127.5, 
127.7, 127.9, 128.1 (aryl-C), 134.9 (C-6), 138.3 (Cbz-C=O), 150.9 (C-2), 163.8 (C-4) ppm. 
IR (ATR):  = 1704, 1637, 1255, 1070, 1022, 827, 769, 731, 698 cm-1. UV (MeCN): 
λmax (log ε) = 207 (4.55), 268 (4.08) nm. HRMS (ESI): calcd for C32H43N3NaO7Si 632.2768, 






To a precooled (0 °C) solution of 5'-O-TBDMS-3-N-BOM-3'-azido-3'-deoxythymidine S2 
(2.60 g, 5.19 mmol) in dry MeOH (100 mL), acetyl chloride (202 mg, 183 µL, 2.59 mmol) 
was added under stirring. The solution was brought to rt and then stirred for 1.5 h. 
Subsequently, sat. aq. NaHCO3 (5 mL)  was added and the reaction mixture was stirred for 
further 15 min. The resultant suspension was diluted with EtOAc (150 mL) and washed with 
water (1 x 80 mL) and brine (1 x 80 mL). The organic layer was evaporated under reduced 
pressure. The resultant crude product was purified by column chromatography (3:2 
iso-hexanes-EtOAc) to give 5 as a viscous colorless oil (1.81 g, 90%). TLC: Rf = 0.43 (9:1 
CH2Cl2-MeOH). [𝛼]D20 = +49.1 (c 1.1, CHCl3). 1H NMR (500 MHz, CDCl3):  = 1.90 (d, 
J = 1.2 Hz, 3H, 7-H), 2.36 (ddd, J = 13.8, 6.7, 5.3 Hz, 1H, 2'-Ha), 2.42 (ddd, J = 13.8, 7.4, 
S7 
 
6.2 Hz, 1H, 2'-Hb), 3.75-3.81 (m, 1H, 5'-Ha), 3.91-3.97 (m, 2H, 4'-H, 5'-Hb), 4.33 (ddd, 
J = 7.4, 5.3, 5.3 Hz, 1H, 3'-H), 4.69 (s, 2H, 2''-H), 5.47 (s, 2H, 1''-H), 6.07 (dd, J = 6.4, 
6.4 Hz, 1H, 1'-H), 7.22-7.27 (m, 1H, 6''-H), 7.28-7.32 (m, 2H, 5''-H, 7''-H), 7.33-7.35 (m, 2H, 
4''-H, 8''-H), 7.43 (q, J = 1.2 Hz, 1H, 6-H) ppm. 
13
C NMR (126 MHz, CDCl3):  = 13.2 (C-7), 
37.5 (C-2'), 59.9 (C-3'), 61.9 (C-5'), 70.6 (C-1''), 72.3 (C-2''), 84.5 (C-4'), 86.8 (C-1'), 110.4 
(C-5), 127.6 (C-6''), 127.7 (C-4'', C-8''), 128.3 (C-5'', C-7''), 135.3 (C-6), 137.9 (C-3''), 150.9 
(C-2), 163.4 (C-4) ppm. IR (ATR):  = 2101, 1704, 1637, 1466, 1266, 1093, 1070, 774, 731, 
698 cm
-1
. UV (MeCN): λmax (log ε) = 208 (4.14), 267 (3.89) nm. HRMS (ESI): calcd for 






To a precooled (0 °C) solution of 5'-O-TBDMS-3-N-BOM-3'-N-Cbz-amino-3'-deoxy-
thymidine S5 (6.94 g, 11.5 mmol) in dry MeOH (100 mL), acetyl chloride (180 mg, 164 μL, 
2.23 mmol) was added under stirring. The solution was brought to rt and then stirred for 1.5 h. 
Subsequently, sat. aq. NaHCO3 (5 mL)  was added and the reaction mixture was stirred for 
further 15 min. The resultant suspension was diluted with EtOAc (300 mL) and washed with 
water (1 x 100 mL) and brine (1 x 100 mL). The organic layer was evaporated under reduced 
pressure. The resultant crude product was purified by column chromatography (98:2 CH2Cl2-
MeOH) to give 6 as a viscous colorless foam (5.31 g, 94%). Mp 57 °C. TLC: Rf = 0.28 (1:1 
iso-hexanes-EtOAc). [𝛼]D20 = +25.8 (c 1.0, CHCl3). 1H NMR (500 MHz, CDCl3):  = 1.92 (s, 
S8 
 
3H, 7-H), 2.28-2.38 (m, 2H, 2'-H), 3.74-3.86 (m, 2H, 4'-H, 5'-Ha), 3.91-3.98 (m, 1H, 5'-Hb), 
4.29 (ddd, J = 7.8, 7.8, 7.6 Hz, 1H, 3'-H), 4.68 (s, 2H, 1'''-H), 5.08 (d, J = 12.1 Hz, 1H, 1''-Ha), 
5.13 (d, J = 12.1 Hz, 1H, 1''-Hb), 5.23 (d, J = 7.6 Hz, 1H, 3'-NH), 5.47 (s, 2H, 2''-H), 6.13 (dd, 
J = 5.5, 4.9 Hz, 1H, 1'-H), 7.21-7.38 (m, 10H, aryl-H), 7.63 (s, 1H, 6-H) ppm. 
13
C NMR 
(126 MHz, CDCl3):  = 13.3 (C-7), 38.1 (C-2'), 49.3 (C-3'), 61.3 (C-5'), 67.4 (C-1'''), 70.5 
(C-1'''), 72.3 (C-2'''), 85.0 (C-1'), 85.6 (C-4'), 110.1 (C-5), 127.7, 128.2, 128.3, 128.5, 128.7 
(aryl-C), 134.5 (C-6), 135.8 (aryl-C), 138.0 (Cbz-C=O), 150.9 (C-2), 163.4 (C-4) ppm. 
IR (ATR):  = 1695, 1632, 1452, 1255, 1083, 1065, 1022, 774, 736, 698 cm-1. UV (MeCN): 
λmax (log ε) = 207 (4.43), 268 (4.00) nm. HRMS (ESI): calcd for C26H29N3NaO7 518.1902, 




N-Boc-2-(dimethylphosphoryl)-glycine benzyl ester 7 
 
A solution of methyl ester S6
S3-S6
 (1.77 g, 5.96 mmol) in dioxane (1.35 mL) was cooled to 
15 °C and 2 M aq. NaOH (2.98 mL, 5.96 mmol) was added. The reaction mixture was stirred 
for 30 min at 15 °C. It was then cooled to 0 °C, and precooled (0 °C) 5 M aq. HCl was added 
until the pH was adjusted to 2. The resultant solution was diluted with water (11 mL) and 
EtOAc (20 mL). The aqueous layer was extracted with EtOAc (5 x 10 mL). The combined 
organics were dried over Na2SO4, filtered and evaporated. The resultant residue was kept 
under high vacuum for several hours to remove remaining volatiles and give a colorless solid. 
The thus obtained intermediate carboxylic acid (1.53 g, 5.41 mmol) was coevaporated with 
dry MeCN (3 x 3 mL) and then dissolved in MeCN (3 mL). DBU (823 mg, 807 μL, 
5.41 mmol) was added and the solution was stirred for 5 min at rt. Subsequently, benzyl 
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bromide (971 mg, 671 μL, 5.68 mmol) was added and the reaction mixture was stirred for 2 h. 
It was then diluted with brine (20 mL) and extracted with EtOAc (3 x 10 mL). The combined 
organics were washed with 1 M aq. HCl, dried over Na2SO4, filtered and evaporated. The 
resultant residue was purified by column chromatography (1:1 iso-hexanes-EtOAc) to give 7 
as a colorless oil (1.51 g, 75% over 2 steps from S6). TLC: Rf = 0.33 (30:1 CH2Cl2-MeOH). 
1
H NMR (300 MHz, CDCl3):  = 1.40 (s, 9H, C(CH3)3), 3.68 (d, JHP = 9.5 Hz, 3H, 1''-Ha), 
3.71 (d, JHP = 10.9 Hz, 3H, 1''-Hb), 4.87 (dd, JHP = 22.6 Hz, J = 9.0 Hz, 1H, 2-H), 5.21 (d, 
J = 12.2 Hz, 1H, BnCHHa), 5.27 (d, J = 12.2 Hz, 1H, BnCHHb), 5.43 (d, J = 9.0 Hz, 1H, NH), 
7.26-7.40 (m, 5H, aryl-H) ppm. 
13
C NMR (126 MHz, CDCl3):  = 28.1 (C(CH3)3), 51.9 (d, 
JCP = 148.5 Hz, C-2), 53.9 (d, JCP = 6.6 Hz, Ca-1''), 53.5 (d, JCP = 6.2 Hz, Cb-1''), 68.0 
(BnCH2), 80.9 (C(CH3)3), 128.4 (C-2', C-6'), 128.5 (C-4'), 128.5 (C-3', C-5'), 134.8 (C-1'), 
154.9 (d, JCP = 8.2 Hz, Boc-C=O), 166.81 (d, JCP = 2.9 Hz, C-1) ppm. 
31
P NMR (121 MHz, 
CDCl3):  = 18.84 ppm; IR (KBr):  = 1747, 1709, 1494, 1303, 1250, 1156, 1022, 741, 
698 cm
-1
. UV (MeCN): λmax (log ε) = 205 (3.14) nm. HRMS (ESI): calcd for C13H18NNaO7P 














P NMR spectra of synthesized compounds 
 
1
H NMR spectrum of S2 (300 MHz, CDCl3) 
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H NMR spectrum of S4 (500 MHz, MeOD, 50 °C) 
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H NMR spectrum of S5 (500 MHz, MeOD, 50 °C) 
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H NMR spectrum of (S)-2 (500 MHz, MeOD) 
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H NMR spectrum of (R)-2 (500 MHz, MeOD) 
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H NMR spectrum of 3 (500 MHz, CDCl3) 
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H NMR spectrum of 4 (500 MHz, CDCl3) 
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H NMR spectrum of 5 (500 MHz, CDCl3) 
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H NMR spectrum of 6 (300 MHz, CDCl3) 
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H NMR spectrum of 7 (300 MHz, CDCl3) 
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H NMR spectrum of 8 (500 MHz, CDCl3) 
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H NMR spectrum of 9 (500 MHz, CDCl3) 
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H NMR spectrum of (S)-10 (300 MHz, CDCl3) 
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H NMR spectrum of (R)-10 (300 MHz, CDCl3) 
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H NMR spectrum of (S)-11 (500 MHz, C6D6, 50 °C) 
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H NMR spectrum of (R)-11 (500 MHz, C6D6, 50 °C) 
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C NMR spectrum of (R)-11 (126 MHz, C6D6, 50 °C) 
S27 
 
Analytical data of oligonucleotide analogues 
After SPPS, product identification and purity was assessed using an HPLC/ESI-MS 1200 
system equipped with a Zorbax Eclipse XDB-C18 reverse-phase column (4.6 x 150 mm, 
particle size 5 µm, Agilent Technologies; solvent A: water + 0.1% TFA, solvent B: MeCN + 
0.1% TFA; flow rate: 1 mL min
-1
) connected to a liquid chromatography quadrupole 
Advantage Max (Finnigan™) mass spectrometer. According analytical data are shown in 
Table S1 and Figure S1. High-resolution mass spectrometry (HRMS) using a quadrupole 
linear ion trap Orbitrap mass spectrometer connected to an Accela HPLC system equipped 
with a Hypersyl GOLD column (50 mm x 1 mm, particle size 1.9 µm, Thermo Scientific) was 
also carried out (Figure S1). Oligonucleotide analogues were photometrically quantified using 
a NanoDrop 2000c (Thermo Scientific). The UV absorbance measurement was accomplished 
in water and a molar extinction coefficient at  = 260 nm (260) according to the computing 
program of the enterprise Proligo (nearest-neighbour-method)
S7
 was calculated treating the 
building block as thymidine monomers. 
 
Table S1. Mass spectral data of synthesized oligonucleotide analogues; sequences from 5'- to 
3'-end (corresponds to direction from C- to N-terminus, C-terminal amide (NH2), N-terminal 
acetylation (Ac)), S = (6'S)-configured building block, R = (6'R)-configured building block; 
molecular formula (MF), molecular weight (MW), calculated molecular masses (m/z) for 
charged ions ([M + 2H]
2+




), and found masses (m/z). 
no. sequence MF MW [g/mol] calculated found 
1a 5'-NH2-SSSSSSSSSSSSSS-Ac-3' C170H229N57O57 3983.04 1992.5 (2+) 1994.3 
    1328.7 (3+) 1329.5 
    996.8 (4+) 996.9 
1b 5'-NH2-RRRRRRRRRRRRRR-Ac-3' C170H229N57O57 3983.04 1992.5 (2+) 1994.7 
    1328.7 (3+) 1330.7 






Figure S1. Analytical data of synthesized oligonucleotide analogues. Purity and identity were 
validated by HPLC/ESI-MS showing the eluting peak in the HPLC chromatogram with 
corresponding HRMS data. Retention times in min are denoted. Found and calculated masses 
by HRMS for charged ions ([M + 5H]
5+













Figure S2. Melting curves (triplicates) and smoothed first derivatives for oligonucleotide 






Figure S3. Melting curves (triplicates) and smoothed first derivatives for oligonucleotide 












Figure S4. Melting curves (triplicates) and smoothed first derivatives for oligonucleotide 
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The synthesis of thymidinyl amino acid building block 9 was carried out as reported before 
[S1,S2]. All other chemicals were purchased from standard suppliers. Reactions involving 
oxygen and/or moisture sensitive reagents were carried out under an atmosphere of nitrogen 
or argon using anhydrous solvents. Anhydrous solvents were obtained in the following 
manner: THF, MeCN, CH2Cl2, Et2O and DMF were dried with a solvent purification system 
(MBRAUN MB SPS 800). Pyridine was dried over CaH2 and distilled. MeOH was dried over 
activated molecular sieves (4 Å) and degassed. All other solvents were of technical quality 
and distilled prior to use, and deionised water was used throughout. Column chromatography 
was carried out on silica gel 60 (0.040-0.063 mm, 230-400 mesh ASTM, VWR) under flash 
conditions (with air, in case of phosphoramidite 14 with nitrogen) except where indicated. 
TLC was performed on aluminium plates precoated with silica gel 60 F254 (VWR). 
Visualisation of the spots was carried out using UV light (254 nm) and/or staining under 
heating (H2SO4 staining solution: 4 g vanillin, 25 mL conc. H2SO4, 80 mL AcOH and 680 mL 
MeOH). Analytical RP-HPLC-MS was performed on a Thermo Scientific Spectra System 
consisting of an SN 4000 controller, an SCM 1000 mixer, a P4000 pump system, an AS3000 
autosampler, an UV2000 detector and a Surveryor MSQ Plus ESI mass spectrometer 
(Finnigan) using MeCN-water mixtures (containing 0.1% TFA if needed) as eluents. 
500 MHz-1H, 126 MHz-13C and 202 MHz-31P NMR spectra were recorded on Bruker Avance 
I 500, Avance DRX 500 or Avance III 500 (with TCI cryoprobe) spectrometers. All 13C NMR 
spectra are 1H-decoupled. All spectra were recorded at room temperature except where 
indicated and were referenced internally to solvent reference frequencies wherever possible. 
Chemical shifts () are quoted in ppm and coupling constants (J) are reported in Hz. 
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Assignment of signals was carried out using H,H-COSY, HSQC, and HMBC spectra obtained 
on the spectrometers mentioned above. High resolution mass spectra were measured on a 
Bruker Maxis 4G (UPLC-coupled with Dionex/Thermo Scientific RSLC3000 Ultimate) or on 





2'-Deoxycytidine 3 (7.00 g, 30.8 mmol) was coevaporated with pyridine (40 mL) and pyridine 
(100 mL) was added. Trimethylsilyl chloride (TMSCl, 18.1 g, 167 mmol) was slowly added 
and the mixture was stirred at rt for 60 min, after which benzoyl chloride (23.5 g, 167 mmol) 
was added and the solution was stirred at rt for another 24 h. After cooling to 0 °C, water 
(30 mL) was added and the mixture was stirred at 0 °C for 10 min. Then, aq. NH3 (25%, 
100 mL) was added and the solution was stirred for further 30 min while warming to rt. The 
solvent was evaporated under reduced pressure and the resultant crude product was purified 
by column chromatography (CH2Cl2-MeOH, 9:1) to give 4 (9.80 g, 96%). 
1H NMR 
(500 MHz, DMSO-d6): δ = 2.02-2.09 (m, 1H, 2'-Ha), 2.28-2.34 (m, 1H, 2'-Hb), 3.58 (d, 
J = 10.1 Hz, 1H, 5'-Ha), 3.64 (d, J = 11.8 Hz, 1H, 5'-Hb), 3.88 (ddd, J = 3.7, 3.7, 3.6 Hz, 1H, 
4'-H), 4.21-4.27 (m, 1H, 3'-H), 5.09 (brs, 1H, OH), 5.29 (brs, 1H, OH), 6.14 (dd, J = 6.3, 
6.3 Hz, 1H, 1'-H), 7.30-7.39 (m, 1H, 5-H), 7.46-7.54 (m, 2H, 3''-H, 5''-H), 7.58-7.65 (m, 1H, 
4''-H), 8.00 (dd, J = 8.3, 1.1 Hz, 2H, 2''-H, 6''-H), 8.40 (d, J = 7.6 Hz, 1H, 6-H), 11.25 (brs, 
1H, NH). 13C NMR (126 MHz, DMSO-d6): δ = 40.88 (C-2'), 60.91 (C-5'), 69.88 (C-3'), 86.17 
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(C-1'), 87.91 (C-4'), 96.01 (C-5), 128.41, 129.21, 132.68, 133.18 (aryl-C), 144.89 (C-6), 
156.34 (C-2), 162.89 (C-4), 167.59 (Bz-C=O). HRMS (ESI): calcd. for C16H18N3O5 [M+H]
+ 




4-N-Benzoyl-2'-deoxycytidine 4 (4.75 g, 14.3 mmol) was dissolved in DMF (60 mL) and 
cooled to 0 °C. Triphenylphosphine (7.37 g, 28.1 mmol), 4-bromobenzoic acid (5.63 g, 
28.0 mmol) and diisopropyl azodicarboxylate (DIAD, 5.67 g, 28.0 mmol) were added and the 
reaction mixture was stirred at rt for 1 h. The solution was then cooled to 0 °C, and more 
triphenylphosphine (7.37 g, 28.1 mmol) and DIAD (5.67 g, 28.0 mmol) were added. The 
reaction mixture was stirred for 3 h while warming to rt, cooled to 0 °C again, mixed with 
Et2O (600 mL) and stored at 0 °C for 24 h. The precipitated solid was filtered off and washed 
with Et2O (4 x 50 mL, 0 °C). The solvent of the combined filtrates was evaporated under 
reduced pressure to give 5 (2.77 g, 39%). 1H NMR (500 MHz, DMSO-d6): δ = 2.54-2.60 (m, 
1H, 2'-Ha), 2.65-2.71 (m, 1H, 2'-Hb), 4.38-4.47 (m, 1H, 5'-Ha), 4.53-4.65 (m, 2H, 4'-H, 5'-H), 
5.44-5.50 (m, 1H, 3'-H), 6.00 (d, J = 3.5 Hz, 1H, 1'-H), 6.46 (d, J = 7.4 Hz, 1H, 5-H), 7.42 
(dd, J = 7.5, 7.5 Hz, 2H, 3''-H, 5''-H), 7.51 (t, J = 7.4 Hz, 1H, 4''-H), 7.66 (d, J = 7.4 Hz, 1H, 
6-H), 7.72 (d, J = 8.4 Hz, 2H, 2'''-H, 6'''-H), 7.81 (d, J = 8.5 Hz, 2H, 3'''-H, 5'''-H), 7.91-7.96 
(m, 2H, 2''-H, 6''-H). 13C NMR (126 MHz, DMSO-d6): δ = 32.62 (C-2'), 62.37 (C-5'), 78.00 
(C-3'), 81.89 (C-4'), 87.20 (C-1'), 105.76 (C-5), 127.65 (C-4''), 128.07 (C-2'', C-6''), 128.87 
S5 
 
(C-4'''), 129.20 (C-3'', C-5''), 131.12 (C-3''', C-5'''), 131.54 (C-1''), 131.91 (C-2''', C-6'''), 
136.59 (C-1'''), 139.83 (C-6), 152.91 (C-2), 161.96 (C-4), 164.70 (Bz-C=O), 177.29 (ester-
C=O). HRMS (ESI): calcd. for C23H19BrN3O5 [M+H]
+ 496.0503, found 496.0531. TLC 




Sodium azide (1.42 g, 21.8 mmol) and O-2,3'-anhydro-4-N-benzoyl-5'-O-(p-bromobenzoyl)-
2'-deoxycytidine 5 (2.70 g, 5.44 mmol) were dissolved in DMF (69 mL) and the reaction 
mixture was stirred at 130 °C for 45 min. It was then added to sat. NH4Cl solution (240 mL) 
and extracted with EtOAc (3 x 200 mL). The organic layer was dried over Na2SO4 and the 
solvent was evaporated under reduced pressure. The resultant crude product was purified by 
column chromatography (petroleum ether-EtOAc, 1:6) to give 6 (1.93 g, 66%). 1H NMR 
(500 MHz, CDCl3): δ = 2.46 (ddd, J = 14.1, 7.2, 5.0 Hz, 1H, 2'-Ha), 2.80 (ddd, J = 13.0, 10.2, 
6.3 Hz, 1H, 2'-Hb), 4.22 (dd, J = 12.5, 6.4 Hz, 1H, 3'-H), 4.25-4.31 (m, 1H, 4'-H), 4.60-4.67 
(m, 2H, 5'-H), 6.08-6.15 (m, 1H, 1'-H), 7.44-7.53 (m, 3H, 5-H, 3''-H, 5''-H), 7.55-7.65 (m, 3H, 
4''-H, 2'''-H, 6'''-H), 7.79-7.91 (m, 4H, 2''-H, 6''-H, 3'''-H, 5'''-H), 7.97-8.04 (m, 1H, 6-H). 
13C NMR (126 MHz, CDCl3): δ = 38.96 (C-2'), 60.17 (C-3'), 63.80 (C-5'), 87.86 (C-1'), 97.13 
(C-5), 127.75 (C-4''), 128.06 (C-2'', C-6''), 128.93 (C-4'''), 129.25 (C-3'', C-5''), 131.21 (C-2''', 
C-6'''), 132.28 (C-1'', C-2''', C-6'''), 133.53 (C-1'''), 142.98 (C-6), 153.73 (C-2), 162.47 (C-4), 
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165.53 (Bz-C=O), 175.04 (ester-C=O). HRMS (ESI): calcd. for C23H20BrN6O5 [M+H]
+ 




A solution of 3'-azido-4-N-benzoyl-5'-O-(p-bromobenzoyl)-2',3'-dideoxycytidine 6 (1.45 g, 
2.68 mmol) in THF (17 mL) was cooled to 0 °C. An aqueous solution of LiOH-hydrate (1 M, 
10.7 mL, 10.7 mmol LiOH-hydrate) was added dropwise over 2 h, and the reaction mixture 
was then stirred at 0 °C for 3 h until complete conversion was observed by TLC. The reaction 
mixture was diluted with CH2Cl2 (110 mL) and washed with sat. NH4Cl solution and brine. 
The solvent of the organic layer was evaporated under reduced pressure to give the crude 
5'-alcohol (947 mg). This material (1.23 g, 3.50 mmol, from several reaction batches) was 
then coevaporated with toluene (2 x 10 mL) and dissolved in DMF (6 mL). NEt3 (1.06 g, 
10.5 mmol) and tert-butyldimethylsilyl chloride (TBDMSCl, 1.06 g, 7.00 mmol) were added 
and the reaction mixture was stirred at rt for 16 h. Then, EtOAc (15 mL) was added, the 
solution was washed with brine, dried over Na2SO4 and the solvent was evaporated under 
reduced pressure. The resultant crude product was purified by column chromatography 
(petroleum ether-EtOAc, 2:3) to give 7 (1.39 g, 85% over 2 steps from 6). 1H NMR 
(500 MHz, CDCl3): δ = 0.14 (s, 3H, SiCH3), 0.15 (s, 3H, SiCH3), 0.94 (s, 9H, SiC(CH3)3), 
2.41 (ddd, J = 13.8, 6.9, 4.1 Hz, 1H, 2'-Ha), 2.66 (ddd, J = 13.8, 6.9, 6.9 Hz, 1 H, 2'-Hb), 3.84 
(dd, J = 11.8, 1.9 Hz, 1H, 5'-Ha), 3.98-4.03 (m, 1H, 4'-H), 4.06 (dd, J = 11.8, 2.2 Hz, 1H, 
5'-Hb), 4.19 (ddd, J = 6.9, 6.9, 6.9 Hz, 1H, 3'-H), 6.20 (dd, J = 10.5, 4.9 Hz, 1H, 1'-H), 7.48-
S7 
 
7.56 (m, 3H, 5-H, 3''-H, 5''-H), 7.58-7.64 (m, 1H, 4''-H), 7.89 (d, J = 7.4 Hz, 2H, 2''-H, 6''-H), 
8.43 (d, J = 7.5 Hz, 1 H, 6-H), 8.71 (brs, 1H, NH). 13C NMR (126 MHz, CDCl3): δ = -5.41 
(SiCH3), -5.26 (SiCH3), 18.51 (SiC(CH3)3), 26.02 (SiC(CH3)3), 39.23 (C-2'), 58.51 (C-3'), 
61.91 (C-5'), 85.41 (C-4'), 86.75 (C-1'), 96.20 (C-5), 127.64 (C-4''), 129.21 (C-2'', C-3'', C-5'', 
C-6''), 133.36 (C-1''), 144.66 (C-6), 153.59 (C-2), 162.34 (C-4). HRMS (ESI): calcd. for 
C22H31N6O4Si [M+H]





To a solution of 3'-azido-4-N-benzoyl-5'-O-TBDMS-2',3'-dideoxycytidine 7 (135 mg, 
0.287 mmol) in MeOH (1.5 mL), 1,4-cyclohexadiene (232 mg, 2.90 mmol) and Pd black 
(spatula tip) were added. The reaction was stirred at rt for 1.5 h and monitored by TLC 
(petroleum ether-EtOAc, 3:2). After complete conversion, the solution was filtered and the 
solvent of the filtrate was evaporated under reduced pressure. The resultant crude product was 
purified by column chromatography (CH2Cl2-MeOH, 9:1) to give 8 (125 mg, 98%). 
1H NMR 
(500 MHz, CDCl3): δ = 0.13 (s, 3H, SiCH3), 0.15 (s, 3H, SiCH3), 0.95 (s, 9H, SiC(CH3)3), 
1.51 (brs, 2H, NH2), 2.33-2.39 (m, 2H, 2'-H), 3.58 (dd, J = 15.3, 7.6 Hz, 1H, 3'-H), 3.76 (d, 
J = 7.1 Hz, 1H, 4'-H), 3.88 (dd, J = 11.6, 1.3 Hz, 1H, 5'-Ha), 4.06 (dd, J = 11.5, 2.3 Hz, 1H, 
5'-Hb), 6.19 (dd, J = 9.4, 5.1 Hz, 1H, 1'-H), 7.47-7.55 (m, 3H, 3''-H, 4''-H, 5''-H), 7.60 (dd, 
J = 10.8, 4.0 Hz, 1H, 5-H), 7.90 (d, J = 7.6 Hz, 2''-H, 6''-H), 8.56 (d, J = 7.4 Hz, 1H, 6-H). 
13C NMR (126 MHz, CDCl3): δ = -5.53 (SiCH3), -5.24 (SiCH3), 18.60 (SiC(CH3)3), 26.07 
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(SiC(CH3)3), 43.17 (C-2'), 49.27 (C-3'), 61.57 (C-5'), 86.65 (C-4'), 88.32 (C-1'), 95.98 (C-5), 
127.65 (C-4''), 129.18 (C-2'', C-3'', C-5'', C-6''), 133.27 (C-1''), 145.28 (C-6), 156.90 (C-2), 
162.20 (C-4). HRMS (ESI): calcd. for C22H33N4O4Si [M+H]
+ 445.2266, found 445.2251. 
TLC (CH2Cl2-MeOH, 9:1): Rf = 0.21. 
 
(5''-O-TBDMS-3''-aminocytidinyl)-(6'-N-Fmoc-3'-O-TBDMS)-(R)-thymidinyl amino 
acid amide 10 
 
To a solution of 6'-N-Fmoc-3'-O-TBDMS-(R)-thymidinyl amino acid 9 [S1,S2] (406 mg, 
0.639 mmol) in CH2Cl2 (8 mL), 1-hydroxybenzotriazole (HOBt, 91 mg, 0.67 mmol) and 
1-ethyl-3-(3-dimethylaminopropyl)carbodiimide hydrochloride (EDC, 129 mg, 0.673 mmol) 
were added and the reaction mixture was stirred at rt for 20 min. Then, 3'-amino-4-N-benzoyl-
5'-O-TBDMS-2',3'-dideoxycytidine 8 (301 mg, 0.678 mmol) was added and the reaction 
mixture was stirred at rt for 24 h. The solvent was then evaporated under reduced pressure 
and the resultant crude product was purified by column chromatography (CH2Cl2-MeOH, 
98:2  95:5) to give 10 (533 mg, 78%). 1H NMR (500 MHz, CDCl3): δ = 0.04 (s, 6H, 
SiCH3), 0.17 (s, 6H, SiCH3), 0.84 (s, 9H, SiC(CH3)3), 0.95 (s, 9H, SiC(CH3)3), 1.78 (s, 3H, 
7-H), 1.95-2.07 (m, 3H, 2'-Ha, 5'-Ha, 2''-Ha), 2.25-2.36 (m, 1H, 2''-Hb), 2.58-2.76 (m, 1H, 
5''-Ha), 2.87 (dd, J = 13.6, 5.4 Hz, 1H, 2'-Hb), 3.85-3.92 (m, 1H, 9
iv-H), 3.94-4.02 (m, 4H, 
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4''-H, 5''-Hb, Fmoc-CH2), 4.06-4.15 (m, 2H, 3'-H, 5'-Hb), 4.17-4.23 (m, 1H, 4'-H), 4.51 (dd, 
J = 7.6, 7.6 Hz, 1H, 6'-H), 5.59-5.77 (m, 2H, 3''-H, 6'-NH), 5.86 (d, J = 8.4 Hz, 1H, 3''-NH), 
6.75-6.81 (m, 1H, 1''-H), 6.87-6.97 (m, 1H, 1'-H), 7.15-7.29 (m, 6H, aryl-H), 7.32 (d, 
J = 7.4 Hz, 1H, 6-H), 7.36-7.42 (m, 3H, aryl-H), 7.59 (d, J = 7.5 Hz, 1H, 5'''-H), 7.74 (dd, 
J = 7.5, 2.3 Hz, 2H, aryl-H), 8.02 (d, J = 7.0 Hz, 2H, aryl-H), 8.46 (d, J = 7.5 Hz, 1H, 6'''-H), 
9.97 (brs, 1H, 4'''-NH), 10.37 (s, 1H, 3-NH). 13C NMR (126 MHz, CDCl3): δ = -5.31 (SiCH3), 
-5.24 (SiCH3), -4.50 (SiCH3), 12.46 (C-7), 18.12 (SiC(CH3)3), 18.56 (SiC(CH3)3), 25.89 
(SiC(CH3)3), 26.14 (SiC(CH3)3), 38.23 (C-5'), 38.99 (C-2''), 47.02 (C-9
iv), 52.08 (C-6'), 52.31 
(C-3''), 65.09 (C-5''), 67.31 (Fmoc-CH2), 76.59 (C-3'), 84.67 (C-4'), 87.63 (C-1'), 88.86 
(C-4''), 97.76 (C-5'''), 107.56 (C-5), 120.05 (C-1iv, C-8iv), 125.21, 125.40 (C-2iv, C-7iv), 
127.06, 127.14 (C-3iv, C-6iv), 127.82 (C-4iv, C-5iv), 128.35 (C-2v, C-6v), 128.53 (C-3v, C-5v), 
132.74 (C-4v), 133.56 (C-1v), 137.35 (C-6), 141.29, 141.33 (C-8iva, C-9iva), 143.72 (C-4ivb), 
144.07 (C-4iva), 144.90 (C-6'''), 150.43 (C-2), 156.14 (Fmoc-C=O), 156.41 (3''-amide-C=O), 
163.33 (C-4), 164.51 (C-2'''), 168.01 (C-4'''), 172.43 (Bz-C=O). HRMS (ESI): calcd. for 
C55H72N7O11Si2 [M+H]
+ 1062.4823, found 1062.4827. TLC (CH2Cl2-MeOH, 95:5): Rf = 0.37. 
 




(5''-O-TBDMS-3''-aminocytidinyl)-(6'-N-Fmoc-3'-O-TBDMS)-(R)-thymidinyl amino acid 
amide 10 (350 mg, 0.329 mmol) was dissolved in MeOH (11 mL) and dry NH4F (166 mg, 
4.48 mmol) was added. The reaction was stirred at 60 °C for 6 h and monitored by TLC 
(CH2Cl2-MeOH, 9:1). When too much formation of side products was observed, the reaction 
was quenched by the addition of silica (900 mg). The solvent was evaporated under reduced 
pressure and the resultant crude product (on silica) was purified by column chromatography 
(CH2Cl2-MeOH, 9:1) to give 11 (146 mg, 53%). 
1H NMR (500 MHz, pyridine-d5): δ = 1.98 
(s, 3H, 7-H), 2.56-2.62 (m, 2H, 2'-Ha, 5'-Ha), 2.63-2.69 (m, 2H, 2'-Hb, 5'-Hb), 2.79-2.58 (m, 
1H, 2''-Ha), 3.04 (ddd, J = 12.9, 6.3, 6.3 Hz, 1H, 2''-Hb), 4.20-4.26 (m, 2H, 5''-H), 4.27 (t, J = 
6.8 Hz, 1H, 9iv-H), 4.43-4.48 (m, 2H, 3'-H, 4''-H), 4.54 (dd, J = 10.5, 7.3 Hz, 1H, 4'-H), 4.62-
4.68 (m, 2H, Fmoc-CH2), 5.23 (ddd, J = 13.5, 6.8, 6.8 Hz, 1H, 6'-H), 5.35-5.41 (m, 1H, 3''-H), 
5.71 (brs, 2H, OH), 6.79 (dd, J = 6.7, 6.7 Hz, 1H, 1''-H), 6.85 (dd, J = 5.7, 5.7 Hz, 1H, 1'-H), 
7.24-7.33 (m, 3H, aryl-H), 7.38-7.50 (m, 5H, 6-H, aryl-H), 7.64 (dd, J = 17.4, 7.6 Hz, 2H, 
aryl-H), 7.72 (d, J = 7.4 Hz, 1H, 5'''-H), 7.85 (d, J = 7.6 Hz, 2H, 4iv-H, 5iv-H), 8.26 (d, J = 
7.2 Hz, 2H, 1iv-H, 8iv-H), 8.98 (d, J = 7.5 Hz, 1H, 6'-NH), 9.20 (d, J = 8.3 Hz, 1H, 6'''-H), 
9.88 (d, J = 7.2 Hz,1H, 3''-NH), 11.99 (s, 1H, 4'''-NH), 13.20 (s, 1H, 3-NH). 13C NMR 
(126 MHz, pyridine-d5): δ = 13.24 (C-7), 38.36 (C-5'), 39.07 (C-2''), 40.36 (C-2'), 48.14 
(C-9iv), 50.50 (C-3''), 54.12 (C-6'), 62.28 (C-5'), 67.26 (Fmoc-CH2), 75.07 (C-3'), 84.35 
(C-4''), 86.09 (C-4'), 87.95 (C-1'), 88.12 (C-1''), 97.46 (C-5'''), 111.33 (C-5), 120.86 (C-4iv, 
C-5iv), 124.52 (C-4v), 126.13 (C-1iv, C-8iv), 127.98 (C-2v, C-6v), 128.55 (C-3v, C-5v), 129.26, 
129.48 (C-2iv, C-3iv, C-6iv, C-7iv), 133.12 (C-1v), 136.98 (C-6), 142.11 (C-8iva, C-9ivb), 
144.98, 145.09 (C-4iva, C-4ivb), 145.51 (C-6'''), 150.76 (3''-amide-C=O), 152.14 (C-2), 164.23 
(C-2'''), 165.31 (C-4), 174.12 (Bz-C=O). HRMS (ESI): calcd. for C43H44N7O11 [M+H]
+ 




(5'-O-DMTr-3''-aminocytidinyl)-(6'-N-Fmoc)-(R)-thymidinyl amino acid amide 12 
 
(3''-Aminocytidinyl)-(6'-N-Fmoc)-(R)-thymidinyl amino acid amide 11 (41.5 mg, 49.8 mol) 
was coevaporated with pyridine (3 x 1 mL) and then dissolved in a mixture of pyridine and 
DMF (1:1, 0.4 mL). To this solution, 4-dimethylaminopyridine (DMAP, 0.7 mg, 6 mol) and 
4,4′-dimethoxytrityl chloride (DMTrCl, 18.3 mg, 54.2 mol) were added and the reaction 
mixture was stirred at rt for 16 h. The solvent was then evaporated under reduced pressure 
and the resultant crude product was purified by column chromatography (CH2Cl2-MeOH, 
95:5) to give 12 (36.0 mg, 64%). 1H NMR (500 MHz, pyridine-d5): δ = 1.98 (s, 3H, 7-H), 
2.58-2.63 (m, 2H, 2'-Ha, 5'-Ha), 2.69 (dd, J = 13.4, 8.6 Hz, 2H, 2'-Hb, 5'-Hb), 2.88 (dd, J = 
10.7, 7.2 Hz, 1H, 2''-Ha), 2.93-3.01 (m, 1H, 2''-Hb), 3.70 (dd, J = 8.9, 1.8 Hz, 1H, 5''-Ha), 3.72 
(s, 3H, OMe), 3.74 (s, 3H, OMe), 3.84 (dd, J = 10.9, 3.3 Hz, 1H, 5''-Hb), 4.31 (t, J = 7.1 Hz, 
1H, 9iv-H), 4.42-4.49 (m, 2H, 4'-H, 4''-H), 4.59-4.69 (m, 3H, 3'-H, Fmoc-CH2), 5.24 (dd, J = 
13.7, 8.5 Hz, 1H, 6'-H), 5.47 (dddd, J = 8.2, 8.2, 8.1, 8.1 Hz, 1H, 3''-H), 6.65 (dd, J = 6.5, 
3.4 Hz, 1H, 1''-H), 6.77 (dd, J = 6.8, 6.8 Hz, 1H, 1'-H), 7.07 (d, J = 8.9 Hz, 4H, 3iv-H, 5iv-H), 
7.24-7.31 (m, 3H, aryl-H), 7.39-7.43 (m, 2H, aryl-H), 7.46-7.50 (m, 4H, aryl-H), 7.53 (d, 
J = 7.4 Hz, 1H, 5'''-H), 7.63-7.71 (m, 7H, aryl-H), 7.82 (d, J = 7.4 Hz, 2H, aryl-H), 7.86 (d, 
J = 7.8 Hz, 2H, 1iv-H, 4iv-H), 8.25 (d, J = 7.2 Hz, 2H, 5iv-H, 8iv-H), 8.80 (d, J = 7.5 Hz, 1H, 
6'-NH), 9.30 (d, J = 8.4 Hz, 1H, 6'''-H), 9.65 (d, J = 7.8 Hz, 1H, 3''-NH), 12.19 (s, 1H, 
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4'''-NH), 13.20 (s, 1H, 3-NH). 13C NMR (126 MHz, pyridine-d5): δ = 13.22 (C-7), 38.13 
(C-5'), 40.25 (C-2''), 40.50 (C-2'), 48.17 (C-9iv), 49.07 (C-3''), 54.27 (C-6'), 55.64 (OCH3), 
62.74 (C-5'), 67.27 (Fmoc-CH2), 75.01 (C-3'), 84.24 (DMTr-Cquart), 85.13 (C-4''), 86.23 
(C-4'), 87.29 (C-1'), 87.77 (C-1''), 97.40 (C-5'''), 111.36 (C-5), 114.35 (C-3iv, C-5iv), 120.88 
(C-4iv, C-5iv), 123.53 (C-4v, C-4vii), 124.26, 124.51 (C-1iv, C-8iv), 126.15 (C-2v, C-6v), 128.00 






vii), 131.27 (C-6vii), 133.14 (C-1v), 135.56 (C-6), 136.48, 136.97, 137.11 
(C-3vii, C-5vii, C-1via, C-1
vi
b), 142.12 (C-8
iva, C-9iva), 144.97, 145.09, 145.15 (C-1vii, C-4iva, 
C-4ivb), 145.79 (C-6'''), 150.76 (C-2, C-2'''), 152.12 (3''-amide-C=O), 159.60 (C-4vi), 164.26 
(C-4), 165.30 (C-4'''), 173.98 (Bz-C=O). HRMS (ESI): calcd. for C64H62N7O13 [M+H]
+ 
1136.4400, found 1136.4370. TLC (CH2Cl2-MeOH, 9:1): Rf = 0.20. 
 
(5'-O-DMTr-3''-aminocytidinyl)-(6'-N-Fmoc)-(R)-thymidinyl amino acid phosphor-
amidite 14 
 
(5'-O-DMTr-3''-Aminocytidinyl)-(6'-N-Fmoc)-(R)-thymidinyl amino acid amide 12 (310 mg, 
0.273 mmol) was coevaporated with pyridine (1 x 3 mL), toluene (1 x 3 mL), MeCN 
(1 x 3 mL) and CH2Cl2 (1 x 3 mL). It was then dissolved in CH2Cl2 (3 mL), 4,5-
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dicyanoimidazole (DCI, 32 mg, 0.27 mmol) and 2-cyanoethyl N,N,N',N'-tetraisopropyl 
phosphordiamidite 13 (99 mg, 0.32 mmol) were added to the solution and the reaction 
mixture was stirred at rt for 90 min. The solvent was evaporated under reduced pressure and 
the resultant crude product was purified by column chromatography (CH2Cl2-MeOH, 15:1 + 
0.7% pyridine) under nitrogen atmosphere. The thus obtained solid was dissolved in CH2Cl2 
(2 mL), and this solution was added dropwise to n-hexane (20 mL) at -20 °C, which led to 
precipitation of the product. The mixture was centrifuged at -9 °C and 4500 rpm for 5 min, 
and the resultant pellet was again dissolved in CH2Cl2 (0.5 mL). The solvent was evaporated 
under reduced pressure to give 14 as a mixture (RP/SP) of two diastereomers (285 mg, 78%). 
31P NMR (203 MHz, C6D6): δ = 161.55, 162.10 ppm. HRMS (ESI): calcd. for C73H79N9O14P 












P NMR spectra of synthesised compounds 
 
1H NMR spectrum of 4 (500 MHz, DMSO-d6) 
 




1H NMR spectrum of 5 (500 MHz, DMSO-d6) 
 




1H NMR spectrum of 6 (500 MHz, CDCl3) 
 




1H NMR spectrum of 7 (500 MHz, CDCl3) 
 




1H NMR spectrum of 8 (500 MHz, CDCl3) 
 




1H NMR spectrum of 10 (500 MHz, CDCl3) 
 




1H NMR spectrum of 11 (500 MHz, pyridine-d5) 
 




1H NMR spectrum of 12 (500 MHz, pyridine-d5). 
 












Oligonucleotide synthesis, purification and analytical data 
 
Automated oligonucleotide synthesis 
Synthesis of the gapmer ON 1 and 2 was performed under strict argon atmosphere using an 
H-8 standard synthesiser (K&A) with standard 3'5' synthesis. Unmodified DNA 
phosphoramidites (Glen Research) and LNA phosphoramidites (QIAGEN) were 
commercially purchased and prepared according to manufacturers' protocols prior to their use. 
The 'dimeric' NAA-linked C-T phosphoramidite 14 was dissolved in a MeCN-CH2Cl2 mixture 
(1:1) to a final concentration of 0.05 M. For every ON synthesis, columns with nucleoside-
loaded CPG resin (200 nmol of 5'-O-DMTr-nucleoside/g matrix, K&A) were used. 
For the first reaction cycle, the DMTr protecting group was cleaved off the starting nucleoside 
using 3% trichloroacetic acid (TCA) in CH2Cl2. Excess of acid was removed by flushing the 
column with MeCN and argon. The free 5'-OH functionality was then treated with a mixture 
of phosphoramidite and activator (benzylmercaptotetrazole (BMT), 0.25 M, EMP Biotech). 
Coupling times differed from 2 min for unmodified DNA phosphoramidites to 5 min for LNA 
phosphoramidites. In case of the NAA-modified dimeric phosphoramidite 14, triple couplings 
gave the best results. Therefore, columns were flushed with activated phosphoramidite 14 
three times with a 90 s coupling period between each of the flushes. The final coupling time 
after the last flush was 3 min, resulting in a total coupling time of 6 min for 14. Excess 
reagents were again removed with MeCN and argon. For the capping of unreacted 5'-OH 
groups, capping solution A ('CapA', i.e. acetic anhydride, 2,6-dimethylpyridine, THF, Sigma 
Aldrich) and capping solution B ('CapB', 1-methylimidazole, THF, Sigma Aldrich) were used. 
Oxidation to P(V) was achieved with 0.1 M iodine solution (iodine, THF, Sigma Aldrich). 
This was followed by deprotection of the new 5'-end to start the next reaction cycle. The 
efficacy of each coupling step was determined by trityl monitoring. 
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After completion of all synthetic cycles, treatment of the resin under standard cleavage 
conditions (NH3(25%)-EtOH, 3:1, 55 °C, 22 h) led to cleavage of the Fmoc, -cyanoethyl and 
nucleobase protecting groups as well as cleavage of the ON from the CPG support. 
Remaining solids were removed by centrifugation. The solvent was evaporated under reduced 
pressure and the resultant crude ON were dissolved in ultrapure water (300 L) for further 
purification. Final concentrations of ON were determined using a NanoDrop 2000 
Spectrophotometer (Thermo Scientific). 
 
Oligonucleotide purification 
The crude ON were purified by electrophoresis using a urea-PAGE sequencing gel. 
Therefore, a polyacrylamide gel containing 7 M urea (1.5 mm, 28 cm isolating distance, 20% 
polyacrylamide) was prepared. The crude ON solution (20 nmol/well) was applied to the gel 
and electrophoresis was performed for 2.5 h at 35 W in 0.5 x TBE buffer (10 x TBE-running 
buffer: 890 mM Tris, 890 mM boric acid, 20 mM EDTA, pH 8.3). Visualisation of the 
oligonucleotide bands was achieved by irradiation with UV light (254 nm) after placing the 
gel on a plastic foil-covered TLC plate (aluminum plate precoated with silica gel 60 F254 
(VWR)) as shown in Figure S1. 
 
 
Figure S1. Oligonucleotide purification by urea-PAGE. 
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Segments containing the desired ON products were separated from the gel and incubated 
twice with TEN-extraction buffer (300 L, 0.01 M Tris (pH 8.0), 0.001 M EDTA (pH 8.0), 
0.3 M NaCl) for 16 h. The thus obtained ON fractions were pooled and dried under reduced 
pressure. Subsequently, ON were desalinated by precipitation from EtOH. Therefore, ON 
were dissolved in ultrapure water (300 L) and mixed with NaOAc solution (30 L, 3 M, 
pH 5.2). After the addition of EtOH (99%, 1.2 mL, cooled to -25 °C), standing of the mixture 
in the freezer (-80 °C, 24 h) led to initial precipitation. A pellet was formed by centrifugation 
(-4 °C, 60 min, 13 000 rpm) and washed thoroughly with EtOH (95%, -25 °C) twice. The thus 
obtained pellets were dried under reduced pressure and represented the pure ON. 
 
Analytical data of oligonucleotides 
High resolution mass spectra of ON were obtained using an Ultimate 3000 system by Thermo 
Scientific with a Thermo Scientific Q Exactive OrbiTrap mass spectrometer. For MS 
analyses, ON were dissolved in ultrapure water (100 L, 4 M) and directly injected into the 
ion source. Calculated and found masses are shown in Table S1. For better comparison, 
expected mass spectra were simulated and used for the evaluation of the recorded mass 
spectra. The measured and calculated spectra of the fourfold negatively charged species of 
gapmer 1 as well as its deconvoluted mass spectrum are depicted in Figures S2 A and B, 
respectively. Corresponding data for gapmer 2 are shown in Figure S3. 
 
Table S1: Mass spectral data of synthesized gapmer ON 1 and 2 (x = NAA-modification). 
gapmer sequence calculated found 
5'-ALGLALTLCxTCxTCxTCxTALGLALTLT-3' 1 5261.1312 5261.1395 








Figure S2. A. Mass spectrum of the fourfold negatively charged species of ON 1 (5'-
ALGLALTLCxTCxTCxTCxTALGLALTLT-3'): measured vs. predicted mass. B. Deconvoluted 











Figure S3. A. Mass spectrum of the fourfold negatively charged species of ON 2 (5'-
ALGLALTLCTCTCTCTALGLALTLT-3'): measured vs. predicted mass. B. Deconvoluted mass 







Melting temperature experiments 
 
Compilation of the -curves 
To eliminate the temperature dependency of the extinction coefficient , T-curves were 
calculated for every melting experiment and subsequently, Tm values were determined. 
Therefore, the hyperchromicity h [%] was plotted against the temperature T [°C] to give the 
typical sigmoidal melting curves. Then, the two pseudo-linear sections of the melting curves 
(Figure S4, labelled in red and blue) were extrapolated and the matching linear functions 
(Figure S5, functions o(yo) and u(yu) of type  𝑦 = 𝑚 ∗ 𝑥 + 𝑛) were determined. Next, x and 
y were calculated, where x corresponds to the amount of hybridised duplex and y refers to 
the abundance of single-stranded ON. Thus, x is defined as x = 𝑦𝑜(𝑥) − ℎ(𝑥) and y as y = ℎ(𝑥) − 𝑦𝑢(𝑥). Subsequently, T values were calculated using the formula T =𝑥/(𝑥 + 𝑦) and plotted against the corresponding temperature to give an T-curve as 















Figure S4. Sigmoidal melting curve with highlighted pseudo-linear sections. 
 
 




Figure S6. Determination of Tm values using the T curve with Tm for T = 0.5. 
 
Mismatch melting temperature experiments with gapmers 1 and 2 
 
 
Figure S7. A. Melting curves of DNA/LNA-gapmer 2 in complex with native RNA, 
mismatch RNA X ('2+4'), and mismatch RNA Y ('2+5'). B. Melting curves of NAA/LNA-
gapmer 1 in complex with native RNA, mismatch RNA X ('2+4'), and mismatch RNA Y 
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6.3 Syntheses Appending to Manuscript C 
The following synthetic procedures are based on already established and published 
routes[143,145,175–178] and were not developed in the frame of this thesis. However, in order 
to provide a complete overview of the syntheses performed during this work, the following 
reactions as well as the analysis of the resulting products are listed. 
6.3.1 Synthesis of 2-Iodoxybenzoic Acid 4 
 
2-Iodobenzoic acid (25.0 g, 101 mmol, 1.0 eq.) was added to a solution of oxone 
(2 KHSO5·KHSO4·K2SO4, 186.5 g, 303 mmol, 3.0 eq.) in water (1.0 L) and stirred at 70 °C for 
2 h. The suspension was cooled to 0 °C, filtered and the remaining solid was washed with 
water (6 x 200 mL) and acetone (2 x 200 mL) at 0 °C, respectively. The product was dried 
under reduced pressure for several days. Further purification was not required. 
 
Yield: 28.3 g (101 mmol, 68%) of a white solid. 
 
1H-NMR (500 MHz, DMSO-d6): δ [ppm] = 7.84 (dt, J = 7.4 Hz, J = 1.0 Hz, 1 H, 3-H), 7.97-8.05 
(m, 2 H, 6-H, 4-H), 8.14 (d, J = 7.5 Hz, 1 H, 5-H). 
13C-NMR (126 MHz, DMSO-d6): δ [ppm] = 125.08 (C-3), 130.20 (C-6), 131.51 (C-1), 133.02 
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6.3.2 Synthesis of tert-Butyl Ester Phosphonate 6 
Methyl ester phosphonate 5 
 
Methyl-2-methoxy-N-benzyloxycarbonylglycinate (12.0 g, 47.4 mmol, 1.0 eq.) was 
dissolved in anhydrous toluene (50 mL) and subsequently, phosphorus trichloride (4.64 mL, 
53.0 mmol, 1.12 eq.) was added dropwise. The mixture was heated under reflux and stirred 
for 4 h. Then, trimethyl phosphite (6.33 mL, 53.5 mmol, 1.13 eq.) was added, the reaction 
was stirred under reflux for further 2 h and the solvent was removed under reduced 
pressure. The remaining yellow substance was dissolved in ethyl acetate (300 mL). The 
organic layer was washed using sat. aqueous sodium bicarbonate solution (3 x 100 mL), 
dried over sodium sulfate, filtered and the solvent was removed in vacuo. To the resultant 
colorless liquid, n-hexane (50 mL) was added and the suspension was stirred for 30 min at 
room temperature. The suspension was filtered, washed with cold n-hexane (0 °C, 3 x 
20 mL) and the remaining solid was dried for several days under reduced pressure to afford 
the title compound without further purification. 
Yield: 13.2 g (39.7 mmol, 84%) of a white solid. 
1H-NMR (500 MHz, CDCl3): δ = 3.78 (s, 3 H, 1''-H), 3.82 (s, 3 H, 1''-H), 3.84 (s, 3 H, COOCH3), 
4.92 (dd, 2JPH = 22.5 Hz, J = 8.4 Hz, 1 H, 2-H), 5.12 (d, J = 2.0 Hz, 2 H, 1'-Ha, 1'-Hb), 5.66 (d, J 
= 8.6 Hz, 1 H, NH), 7.25-7.40 (m, 5 H, ArH). 
13C-NMR (126 MHz, CDCl3): δ = 51.91 (d, 1JCP = 148.5 Hz, C-2), 53.48 (COOCH3), 53.51 (d, 2JCP 
= 6.9 Hz, Ca-1''), 53.97 (d, 2JCP = 6.6 Hz, Cb-1''), 67.43 (C-1'), 128.03 (C-5'), 128.19 (C-3', C-7'), 
128.38 (C-4', C-6'), 135.78 (C-2'), 155.1 (d, 3JCP = 8.0 Hz, C(O)ONH), 167.9 (d, 2JCP = 2.9 Hz, C-
1). 
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tert-Butyl ester phosphonate 6 
 
 
The first step of the following reaction sequence was not performed under inert gas 
conditions. N-(Benzyloxycarbonyl)-2-(dimethylphosphinyl)-glycine methyl ester 5 (10.0 g, 
30.2 mmol, 1.0 eq.) was dissolved in dioxane (9 mL) and cooled to 15 °C. An aqueous 
solution of sodium hydroxide (15.7 mL, 31.3 mmol, 2 M, 1.04 eq.) was added dropwise and 
the resulting mixture was stirred for 30 min at 15 °C. The reaction was cooled to 0 °C, 
hydrochloric acid was added until a pH of 2 was reached and  water (45 mL) and ethyl 
acetate (100 mL) were added. The aqueous layer was extracted with ethyl acetate (4 x 
50 mL), the organic layer was dried over Na2SO4 and the solvent was removed under 
reduced pressure.  
For the second step, inert gas conditions were applied. The remaining colorless liquid was 
dissolved in dry dichloromethane (100 mL) and dry tert-butanol (400 mL) and the mixture 
was stirred for 4 h at room temperature under the addition of activated molecular sieve 
(3 Å, 4 Å). N-ethoxycarbonyl-2-ethoxy-1,2-dihydroquinoline (8.96 g, 36.2 mmol, 1.2 eq.) 
was added and the reaction was stirred for 16 h at room temperature. The mixture was 
filtered over Celite®, the Celite® was washed with ethyl acetate (4 x 200 mL) and the solvent 
was removed in vacuo. The resulting light-yellow liquid was dissolved in ethyl acetate 
(500 mL), cooled to 0 °C and washed using hydrochloric acid (3 x 100 mL, 0 °C) and sat. 
aqueous sodium bicarbonate solution (2 x 100 mL, 0 °C). The organic layer was dried over 
sodium sulfate, filtered and the remaining solvent was removed under reduced pressure. 
The crude product was purified by column chromatography (PE/EtOAc, 1:1) yielding the 
title compound. 
Yield: 8.97 g (22.7 mmol, 75%) of a white solid. 
TLC: Rf (PE/EtOAc 3:7) = 0.23. 
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1H-NMR (500 MHz, CDCl3): δ = 1.44 (s, 9 H, C(CH3)3), 3.72 (d, J = 10.7 Hz, 3 H, 1''-Ha), 3.78 
(d, J = 9.6 Hz, 3 H, 1''-Hb), 4.80 (d, J = 22.0 Hz, 1 H, 2-H), 5.09 (d, 3JPH = 12.0 Hz, 1 H, 1'-Ha), 
5.14 (d, J = 12.0 Hz, 1 H, 1'-Hb), 5.68 (d, J = 8.5 Hz, 1 H, NH), 7.21-7.35 (m, 5 H, ArH). 
13C-NMR (126 MHz, CDCl3): δ = 27.79 (C(CH3)3), 52.70 (d, 1JCP = 148.3 Hz, C-2), 53.80 (d, 
2JCP = 6.7 Hz, Ca-1''), 53.82 (d, 2JCP = 6.5 Hz, Cb-1''), 67.60 (C-1'), 83.69 (C(CH3)3), 128.00 (C-
3', C-7'), 128.18 (C-5'), 128.38 (C-4', C-6'), 135.88 (C-2'), 155.49 (d, 3JCP = 7.2 Hz, C(O)ONH), 
165.40 (C-1). 
31P-NMR (203 MHz, CDCl3): δ = 19.34. 
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6.3.3 Synthesis of the T-Building Block 
3',5'-O-Bis-(tert-butyldimethylsilyl)-thymidine 7 
 
Thymidine (4.05 g, 16.7 mmol, 1.0 eq.) was dried under reduced pressure for 3 h to remove 
residual water and then dissolved in dry pyridine (40 mL). Imidazole (3.42 g, 50.2 mmol, 
3.0 eq.) and tert-butyldimethylsilyl chloride (7.57 g, 50.2 mmol, 3.0 eq.) were added and 
the mixture was stirred for 24 h at room temperature. After cooling to 0 °C, water (20 mL) 
was added to quench the reaction and the solvent was removed in vacuo. The remaining 
crude product was dissolved in ethyl acetate (40 mL), the organic layer was washed with 
sat. sodium bicarbonate and sodium chloride solution, dried over sodium sulfate, filtered 
and the solvent was removed under reduced pressure. The title compound was obtained 
after purification by column chromatography (PE/EtOAc, 4:1). 
Yield: 7.93 g (16.3 mmol, 98%) of a white solid. 
TLC: Rf (PE/EtOAc 1:1) = 0.55. 
1H-NMR (500 MHz, CDCl3): δ = 0.07 (s, 3 H, SiCH3), 0.08 (s, 3 H, SiCH3), 0.10 (s, 3 H, SiCH3), 
0.11 (s, 3 H, SiCH3), 0.89 (s, 9 H, SiC(CH3)3), 0.92 (s, 9 H, SiC(CH3)3), 1.91 (d, J = 1.2 Hz, 3 H, 
7-H), 2.00 (ddd, J = 13.2 Hz, J = 11.0 Hz, J = 7.0 Hz, 1 H, 2'-Ha), 2.24 (ddd, J = 13.1 Hz, J = 
5.8 Hz, J = 2.6 Hz, 1 H, 2'-Hb), 3.76 (dd, J = 11.4 Hz, J = 2.4 Hz, 1 H, 5'-Ha), 3.86 (dd, J = 11.4 Hz, 
J = 2.6 Hz, 1 H, 5'-Hb), 3.93 (q, J = 2.5 Hz, J = 2.5 Hz, 1 H, 4'-H), 4.38-4.41 (m, 1 H, 3'-H), 6.33 
(dd, J = 8.0 Hz, J = 5.8 Hz, 1 H, 1'-H), 7.47 (d, J = 1.2 Hz, 1 H, 6-H), 8.63 (brs, 1 H, NH). 
13C-NMR (126 MHz, CDCl3): δ = -5.31 (SiCH3), -5.22 (SiCH3), -4.69 (SiCH3), -4.50 (SiCH3), 12.68 
(C-7), 18.16 (SiC(CH3)3), 18.55 (SiC(CH3)3), 25.89 (SiC(CH3)3), 26.08 (SiC(CH3)3), 41.52 (C-2'), 
63.14 (C-5'), 72.43 (C-3'), 84.98 (C-1'), 87.99 (C-4'), 110.95 (C-5), 135.63 (C-6), 150.28 (C-2), 
163.69 (C-4). 
MS (ESI+): calc. for C22H42N2O5Si2: m/z = 471.72 [M+H+], found: m/z = 471.73 [M+H+] 
 
 




A suspension of sodium hydride (710 mg, 29.7 mmol, 2.0 eq., 60% suspension in mineral 
oil) in DMF (20 mL) was cooled to -10 °C and a solution of  3',5'-O-bis-(tert-
butyldimethylsilyl)- thymidine 7 (7.00 g, 14.9 mmol, 1.0 eq.) in DMF (45 mL) was slowly 
added dropwise and stirred for 30 min at 5 °C. Benzyl chloromethyl ether (3.49 g, 
22.3 mmol, 1.5 eq.) was slowly added and the reaction was stirred at 0 °C for another 3 h. 
The mixture was diluted with ethyl acetate (250 mL) and water was added (80 mL). Then, 
the organic layer was washed with sat. sodium bicarbonate and sodium chloride solution, 
dried over sodium sulfate, filtered and the solvent was removed in vacuo. The title 
compound was purified by column chromatography (PE/EtOAc, 9:1). 
Yield: 7.62 g (12.9 mmol, 87%) of a colorless oil. 
TLC: Rf (PE/EtOAc 4:1) = 0.32. 
1H-NMR (500 MHz, CDCl3): δ = 0.00 (s, 3 H, SiCH3), 0.01 (s, 3 H, SiCH3), 0.04 (s, 3 H, SiCH3), 
0.04 (s, 3 H, SiCH3), 0.82 (s, 9 H, SiC(CH3)3), 0.86 (s, 9H, SiC(CH3)3), 1.85 (d, J = 1.2 Hz, 3 H, 7-
H), 1.87-1.92 (m, 1 H, 2'-Ha), 2.19 (ddd, J = 13.1 Hz, J = 5.8 Hz, J = 2.6 Hz, 1 H, 2'-Hb), 3.69 
(dd, J = 11.4 Hz, J = 2.4 Hz, 1 H, 5'-Ha), 3.79 (dd, J = 11.4 Hz, J = 2.6 Hz, 1 H, 5'-Hb), 3.87 (dd, 
J = 2.5 Hz, J = 2.5 Hz, 1 H, 4'-H), 4.30-4.34 (m, 1 H, 3'-H), 4.63 (s, 2 H, NCH2OCH2), 5.43 (s, 2 
H, NCH2O), 6.28 (dd, J = 7.9 Hz, J = 5.8 Hz, 1 H, 1'-H), 7.16-7.20 (m, 1 H, ArH), 7.22-7.26 (m, 
2 H, ArH), 7.29-7.32 (m, 2 H, ArH), 7.38 (d, J = 1.2 Hz, 1 H, 6-H). 
13C-NMR (126 MHz, CDCl3): δ = -5.31 (SiCH3), -5.23 (SiCH3), -4.70 (SiCH3), -4.49 (SiCH3), 13.38 
(C-7), 18.13 (SiC(CH3)3), 18.53 (SiC(CH3)3), 25.88 (SiC(CH3)3), 26.07 (SiC(CH3)3), 41.57 (C-2'), 
63.11 (C-5'), 70.67 (NCH2O), 72.32 (C-3'), 72.39 (NCH2OCH2), 85.65 (C-1'), 87.96 (C-4'), 
110.23 (C-5'), 127.72 (C-4'), 127.81 (C-3'',C-5''), 128.40 (C-2'', C-6''), 134.33 (C-6), 138.20 (C-
1''), 151.12 (C-2), 163.67 (C-4). 
MS (ESI+): calc. for C30H50N2O6Si2: m/z = 591.33 [M+H+], found: m/z = 591.35 [M+H+] 
 




3',5'-O-Bis-(tert-butyldimethylsilyl)-3-N-(benzyloxymethyl)-thymidine 8 (3.80 g, 
6.43 mmol, 1.0 eq.) was dissolved in abs. methanol (200 mL) and cooled to -10 °C. Acetyl 
chloride (92 µL, 1.3 mmol, 0.2 eq.) was slowly added and the reaction was stirred for 3.5 h 
at 0 °C under TLC control (PE/EtOAc, 1:1). After 2 h more acetyl chloride was added (83 µL, 
1.0 mmol, 0.16 eq.) to achieve better conversion. The reaction was quenched through 
addition of sat. sodium bicarbonate solution (10 mL) and stirring for 15 min at room 
temperature. The mixture was then diluted with ethyl acetate (300 mL), the organic layer 
was washed with sat. sodium bicarbonate solution, water and sodium chloride solution, 
respectively. It was then dried over sodium sulfate, filtered and the solvent was removed 
under reduced pressure. The title compound was obtained through column 
chromatography (PE/EtOAc, 3:2), in which 342 mg of 8 could be recovered. 
Yield: 2.26 g (4.74 mmol, 74%, 81% brsm) of a colorless oil. 
TLC: Rf (PE/EtOAc 4:1) = 0.32. 
1H-NMR (500 MHz, CDCl3): δ = 0.10 (s, 6 H, SiCH3), 0.92 (s, 9 H, SiC(CH3)3), 1.94 (s, 3 H, 7-H), 
2.22-2.35 (m, 2 H, 2'-Ha, 2'-Hb), 3.77 (dd, J = 12.5 Hz, J = 3.6 Hz, 1 H, 5'-Ha), 3.89-3.97 (m, 2 
H, 4'-H, 5'-Hb), 4.46-4.53 (m, 1 H, 3'-H), 4.72 (s, 2 H, NCH2OCH2), 5.51 (s, 2 H, NCH2O), 6.16 
(t, J = 6.7 Hz, J = 6.7 Hz, 1 H, 1'-H), 7.24-7.42 (m, 6 H, 6-H, ArH). 
13C-NMR (126 MHz, CDCl3): δ = -4.71 (SiCH3), -4.54 (SiCH3), 13.40 (C-7), 18.09 (SiC(CH3)3), 
25.85 (SiC(CH3)3), 40.69 (C-2'), 62.26 (C-5'), 70.68 (NCH2O), 71.71 (C-3'), 72.38 (NCH2OCH2), 
87.61 (C-1', C-4'), 110.49 (C-5), 127.76 (C-4''), 127.81 (C-3'', C-5''), 128.42 (C-2'', C-6''), 
135.70 (C-6), 138.13 (C-1''), 151.15 (C-2), 163.54 (C-4). 








To a suspension of 3'-O-TBDMS-3-N-(benzyloxymethyl)-thymidine 9 (2.20 g, 4.61 mmol, 
1.0 eq.) in dry acetonitrile (40 mL), 2-iodoxybenzoic acid 4 (3.23 g, 11.5 mmol, 2.5 eq.) was 
added. The reaction was stirred under reflux conditions (80 °C) for 1 h under TLC control. 
The mixture was then cooled to 0 °C and stirred for another 30 min. The resulting 
suspension was filtered through silica and washed with cold ethyl acetate (160 mL, 0 °C). 
The solvent was removed under reduced pressure to yield title compound 10 without 
further purification.  
Due to the limited stability of aldehyde 10, its identity was only confirmed by 1H-NMR 
spectroscopy, after which it was immediately used in the next reaction. 
Yield: 2.00 g (4.21 mmol, 91%) of a white foam. 
TLC: Rf (PE/EtOAc 1:1) = 0.34. 
1H-NMR (500 MHz, C6D6): δ = 0.01 (s, 3 H, SiCH3), 0.02 (s, 3 H, SiCH3), 0.91 (s, 9 H, SiC(CH3)3), 
1.68-1.75 (m, 1 H, 2'-Ha), 1.77 (d, J = 1.2 Hz, 3 H, 7-H) 1.85-1.90 (m, 1 H, 2'-Hb), 4.44-4.46 
(m, 1 H, 3'-H), 4.68 (s, 2 H, NCH2OCH2), 5.44 (d, J = 2.8 Hz, 2 H, NCH2O), 5.86 (dd, J = 6.7 Hz, 
J = 6.7 Hz, 1 H, 1'-H), 6.69 (d, J = 1.2 Hz, 1 H, 6-H), 7.01-7.06 (m, 1 H, 4''-H), 7.10-7.13 (m, 2 
H, 3''-H, 5''-H), 7.33-7.36 (m, 2 H, 2''-H, 6''-H), 9.31 (s, 1 H, 5'-H). 
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(Z)-3-N-BOM-6'-N-Cbz-O-t-Bu-5',6'-didehydro-3'-O-TBDMS-thymidinyl amino acid 11 
 
Potassium tert-butoxide (50.0 mg, 4.42 mmol, 1.05 eq.) was dissolved in dry 
tetrahydrofuran (40 mL) and the resulting solution was cooled to -78 °C. Then, a cold 
solution of  tert-butyl ester phosphonate 6 (1.76 g, 4.72 mmol, 1.1 eq., -78 °C) in dry 
tetrahydrofuran (35 mL) was added dropwise and the reaction was stirred for 10 min 
at -78 °C. A cold solution of 3'-O-TBDMS-3-N-(benzyloxymethyl)-thymidine-5'-aldehyde 10 
(2.00 g, 4.21 mmol, 1.0 eq., -78 °C) in dry tetrahydrofuran (15 mL) was slowly added over a 
period of 60 min and the resultant mixture was stirred for 17 h during which it was allowed 
to warm to room temperature. After cooling the reaction to 0 °C, methanol (4 mL) was 
added to quench the reaction and ethyl acetate (150 mL) was added. The organic layer was 
washed with brine (150 mL) and water (150 mL) and then dried using sodium sulfate. 
Removal of the organic solvent under reduced pressure gave crude title compound 11, 
which was purified by column chromatography (PE/EtOAc 4:1).  
Yield: 2.36 g (3.27 mmol, 78%) of a white foam. 
TLC: Rf (PE/EtOAc 1:1) = 0.57. 
1H-NMR (500 MHz, CDCl3): δ = 0.01 (s, 3 H, SiCH3), 0.01 (s, 3 H, SiCH3), 0.80 (s, 9 H, SiC(CH3)3), 
1.39 (s, 9 H, t-BuCH3), 1.84 (d, J = 1.0 Hz, 3 H, 7-H), 1.98-2.05 (m, 1 H, 2'-Ha), 2.29 (ddd, J = 
13.5 Hz, J = 6.5 Hz, J = 4.3 Hz, 1 H, 2'-Hb), 4.26 (dd, J = 10.0 Hz, J = 4.2 Hz, 1 H, 3'-H), 4.61 (s, 
2 H, NCH2OCH2), 4.70-4.73 (m, 1 H, 4'-H), 5.05 (d, J = 3.5 Hz, 2 H, CbzCH2), 5.39 (s, 2 H, 
NCH2O), 6.05 (d, J = 7.7 Hz, 1 H, 5'-H), 6.21 (dd, J = 6.5 Hz, J = 6.5 Hz, 1 H, 1'-H), 6.70 (brs, 1 
H, NH), 7.02 (s, 1 H, 6-H), 7.14-7.19 (m, 2 H, ArH), 7.20-7.25 (m, 4 H, ArH), 7.26-7.30 (m, 
4 H, ArH). 
13C-NMR (126 MHz, CDCl3): δ = -4.75 (SiCH3), -4.62 (SiCH3), 13.51 (C-7), 18.04 (SiC(CH3)3), 
25.81 (SiC(CH3)3), 28.02 (OC(CH3)3), 40.71 (C-2'), 67.75 (CbzCH2), 70.68 (NCH2O), 72.39 
(NCH2OCH2), 76.13 (C-3'), 77.16 (OC(CH3)3), 82.85 (C-4'), 87.01 (C-1'), 110.48 (C-5), 124.88 
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(C-5'), 127.77 (C-4''), 127.81 (C-3'', C-5''), 128.40 (C-2'', C-6''), 128.41 (C-4'''), 128.51 (C-3''', 
C-5'''), 128.69 (C-2''', C-6'''), 129.90 (C-6'), 134.19 (C-6), 135.83 (C-1''), 138.13 (C-1'''), 150.88 
(C-2), 153.68 (Cbz-C=O), 162.90 (C-4), 163.47 (ester-C=O). 
MS (ESI+): calc. for C38H51N3O9Si: m/z = 722.35 [M+H+], found: m/z = 722.44 [M+H+] 
 
6'-N-Cbz-O-t-Bu-3-N-BOM-3'-O-TBDMS-(R)-thymidinyl amino acid 12 
 
The following reaction was performed under strict exclusion of oxygen. (Z)-3-N-BOM-6'-N-
Cbz-O-t-Bu-5',6'-didehydro-3'-O-TBDMS-TAA 11 (1.13 g, 1.57 mmol, 1.0 eq) was dissolved 
in dry methanol (10 mL), coevaporated, again dissolved in dry methanol (40 mL) and 
degassed with argon for 10 min. Then, (R,R)-Me-DUPHOS-Rh catalyst (approx. 20 mg, 
approx. 28 μmol) was added and the reaction was again degassed with argon for 10 min. 
The resulting orange mixture was flushed with hydrogen quality (6.0, 1 bar) and stirred for 
21 days at room temperature during which the hydrogen atmosphere was renewed on a 
daily basis. Reaction control using 1H-NMR spectroscopy indicated completion of the 
reaction. The solvent was then removed in vacuo and the resulting orange foam was 
purified by column chromatography (PE/EtOAc 3:2) to yield title compound 12.  
Yield: 1.08 g (1.49 mmol, 95%) of a yellowish foam. 
TLC: Rf (PE/EtOAc 3:2) = 0.35. 
1H-NMR (500 MHz, CDCl3): δ = 0.01 (s, 3 H, SiCH3), 0.02 (s, 3 H, SiCH3), 0.82 (s, 9 H, 
SiC(CH3)3), 1.40 (s, 9 H, t-BuCH3), 1.82 (s, 3 H, 7-H), 1.91-1.97 (m, 1 H, 5'-H'), 1.99-2.03 (m, 
1 H, 5'-Hb) 2.12-2.21 (m, 2 H, 2'-H), 3.72-3.77 (m, 1 H, 4'-H), 3.97-4.02 (m, 1 H, 3'-H), 4.37-
4.44 (m, 1 H, 6'-H), 4.63 (s, 2 H, NCH2OCH2), 5.03 (s, 2 H, CbzCH2), 5.41 (s, 2 H, NCH2O), 5.53 
(d, J = 8.6 Hz, 1 H, NH), 6.08 (t, J = 6.3 Hz, J = 6.3 Hz, 1 H, 1'-H), 7.00 (s, 1 H, 6-H), 7.18-7.32 
(m, 10 H, ArH). 
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13C-NMR (126 MHz, CDCl3): δ = -4.77 (SiCH3), -4.55 (SiCH3), 13.31 (C-7), 17.92 (SiC(CH3)3), 
25.71 (SiC(CH3)3), 28.00 (OC(CH3)3), 35.17 (C-5'), 40.27 (C-2'), 52.73 (C-6'), 66.92 (CbzCH2), 
70.55 (NCH2O), 72.24 (NCH2OCH2), 74.92 (C-3'), 82.44 (OC(CH3)3), 83.42 (C-4'), 86.10 (C-
1'), 110.40 (C-5), 124.61 (C-5'), 127.64 (C-4''), 127.68 (C-3'', C-5''), 128.08 (C-2'', C-6''), 
128.20 (C-4'''), 128.28 (C-3''', C-5'''), 128.51 (C-2''', C-6'''), 133.91 (C-6'), 134.02 (C-6), 136.27 
(C-1''), 138.05 (C-1'''), 150.68 (C-2), 156.02 (Cbz-C=O), 163.33 (C-4), 170.60 (ester-C=O). 
MS (ESI+): calc. for C38H53N3O9Si: m/z = 724.36 [M+H+], found: m/z = 724.43 [M+H+] 
 
O-t-Bu-3'-O-TBDMS-(R)-thymidinyl amino acid 13 
 
n-Butylamine (205 mg, 277 µL, 2.80 mmol, 20 eq.) and palladium on activated charcoal 
(10%, 1 spatula tip) were added to a solution of 6'-N-Cbz-O-t-Bu-3-N-BOM-3'-O-TBDMS-(R)-
thymidinyl amino acid 12 (100 mg, 138 nmol, 1.0 eq.) in dry methanol (4 mL) and the 
reaction was stirred for 24 h under hydrogen atmosphere (1 bar). After complete 
conversion was confirmed by TLC, the catalyst was filtered off through a syringe filter and 
washed three times with dry methanol (3 x 5 mL, 40 °C). The combined fractions were dried 
under reduced pressure. The resulting crude product was then purified by column 
chromatography (CH2Cl2/MeOH 96:4) to yield 13. 
Yield: 63.7 mg (136 nmol, 98%) of a yellowish foam. 
TLC: Rf (CH2Cl2/MeOH 15:1) = 0.38. 
1H-NMR (500 MHz, CDCl3): δ = 0.05 (s, 3 H, SiCH3), 0.06 (s, 3 H, SiCH3), 0.87 (s, 9 H, SiC(CH3)3), 
1.45 (s, 9 H, t-BuCH3), 1.85-1.95 (m, 5 H, 2'-H, 7-H), 2.01-2.09 (m, 1 H, 5'-Ha), 2.20-2.27 (m, 
1 H, 5'-Hb), 3.49-3.55 (m, 1 H, 6'-H), 3.95-3.98 (m, 1 H, 4'-H), 4.05-4.12 (m, 1 H, 3'-H), 6.19 
(t, J = 6.5 Hz, J = 6.5 Hz, 1 H, 1'-H), 7.21 (s, 1 H, 6-H). 
13C-NMR (126 MHz, CDCl3): δ = -4.68 (SiCH3), -4.51 (SiCH3), 12.69 (C-7), 18.03 (SiC(CH3)3), 
25.81 (SiC(CH3)3), 28.13 (OC(CH3)3), 37.76 (C-5'), 40.47 (C-2'), 52.93 (C-6'), 75.25 (C-3'), 
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81.51 (OC(CH3)3), 83.76 (C-4'), 85.05 (C-1'), 111.17 (C-5), 135.50 (C-6), 150.39 (C-2), 164.04 
(C-4), 174.92 (ester-C=O). 
MS (ESI+): calc. for C22H39N3O6Si: m/z = 470.27 [M+H+], found: m/z = 470.16 [M+H+] 
 
6'-N-Fmoc-O-t-Bu-3'-O-TBDMS-(R)-thymidinyl amino acid 14 
 
To a solution of O-t-Bu-3'-O-TBDMS-(R)-thymidinyl amino acid 13 (800 mg, 1.70 mmol, 1.0 eq.) in 
dry tetrahydrofuran (16 mL),  triethylamine (570 µL, 4.09 mmol, 2.4 eq.) and 9-
fluorenylmethoxycarbonyl chloride (573 mg, 2.21 mmol, 1.3 eq.) were added. The resulting mixture 
was stirred at 0 °C for 60 min. After complete conversion has been confirmed by TLC control 
(CH2Cl2/MeOH 15:1), the reaction was quenched by addition of water (9 mL) and diluted with ethyl 
acetate (25 mL). The organic layer was separated, washed with water (35 mL) and brine (35 mL) 
and dried over sodium sulfate. The solvent was removed under reduced pressure and title 
compound 14 could be obtained after purification by column chromatography (PE/EtOAc 7:3). 
Yield: 1.15 g (1.66 mmol, 98%) of a white foam. 
TLC: Rf (CH2Cl2/MeOH 15:1) = 0.41. 
1H-NMR (500 MHz, C6D6): δ = 0.01 (s, 3 H, SiCH3), 0.03 (s, 3 H, SiCH3), 0.93 (s, 9 H, SiC(CH3)3), 
1.36 (s, 9 H, t-BuCH3), 1.65 (s, 3 H, 7-H), 1.84 (dd, J = 13.6 Hz, J = 6.2 Hz, 1 H, 2'-Ha), 1.94-
1.98 (m, 1 H, 2'-Hb), 2.09-2.17 (m, 2 H, 5'-H), 3.87-3.92 (m, 1 H, 4'-H), 4.06-4.11 (m, 2 H, 3'-
H, 9''-H), 4.29 (dd, J = 10.6 Hz, J = 7.5 Hz, 1 H, FmocCHHa), 4.38 (dd, J = 10.6 Hz, J = 6.9 Hz, 
1 H, FmocCHHb), 4.65 (brs, 1 H, FmocNH), 5.57 (dd, J = 6.2 Hz, J = 6.2 Hz, 1 H, 6'-H), 5.81-
5.86 (m, 1 H, 1'-H), 6.39 (s, 1 H, 6-H), 7.19-7.26 (m, 4 H, 1''-H, 4''-H, 5''-H, 8''-H), 7.41 (d, J = 
7.3 Hz, 1 H, 2''-H), 7.52 (d, J = 7.5 Hz, 1 H, 7''-H), 7.55-7.58 (m, 2 H, 3''-H, 6''-H), 9.39 (brs, 1 
H, 3-NH). 
13C-NMR (126 MHz, C6D6): δ = -4.60 (SiCH3), -4.45 (SiCH3), 12.46 (C-7), 18.13 (SiC(CH3)3), 
25.99 (SiC(CH3)3), 28.09 (SiC(CH3)3), OC(CH3)3), 35.47 (C-5'), 40.09 (C-2'), 47.93 (C-9''), 53.53 
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(C-6'), 67.39 (FmocCH2), 75.73 (C-3'), 81.92 (OC(CH3)3), 84.03 (C-4'), 87.26 (C-1'), 110.95 (C-
5'), 120.27 (C-4'', C-5''), 125.42 (C-1''), 125.54 (C-8''), 127.36 (C-6''), 127.96 (C-3''), 128.16 
(C-7''), 128.35 (C-2''), 136.11 (C-6), 141.90 (C-4''a, C-4''b), 144.59 (C-8''), 144.68 (C-9''), 
150.37 (C-2), 156.24 (Fmoc-C=O), 163.44 (C-4), 171.17 (ester-C=O). 
MS (ESI+): calc. for C37H49N3O8Si: m/z = 692.34 [M+H+], found: m/z = 692.37 [M+H+] 
 
6'-N-Fmoc-3'-O-TBDMS-(R)-thymidinyl amino acid 15 
 
The following reaction was not performed under inert gas conditions. 6'-N-Fmoc-O-t-Bu-3'-
O-TBDMS-(R)-thymidinyl amino acid 14 (1.12 g, 1.62 mmol, 1.0 eq.) was dissolved in dry 
toluene (48 mL) and silica gel (2.90 g) was added. The resulting suspension was stirred 
under reflux (111 °C) for 24 h. The solvent was then removed in vacuo and the remaining 
crude product was purified by column chromatography (CH2Cl2/MeOH 10:1 + 0.1% formic 
acid). 
Yield: 827 mg (1.30 mmol, 80%) of a white foam. 
TLC: Rf (CH2Cl2/MeOH 15:1) = 0.41. 
1H-NMR (500 MHz, CD3OD): δ = 0.11 (s, 6 H, SiCH3), 0.91 (s, 9 H, SiC(CH3)3), 1.85 (s, 3 H, 7-
H), 2.07-2.16 (m, 2 H, 5'-H), 2.18-2.24 (m, 2 H, 2'-H), 3.92 (ddd, J = 10.4 Hz, J = 2.9 Hz, J = 
2.9 Hz, 1 H, 4'-H), 4.21 (t, J = 7.1 Hz, J = 7.1 Hz, 1 H, 9''-H), 4.29-4.40 (m, 4 H, 3'-H, 6'-H, 
FmocCH2), 6.24 (dd, J = 6.9 Hz, J = 6.9 Hz, 1 H, 1'-H), 7.29 (dd, J = 7.3 Hz, J = 7.3 Hz, 2 H, 3''-
H, 6''-H), 7.38 (m, 2 H, 2''-H, 7''-H), 7.44 (s, 1 H, 6-H), 7.65 (m, 2 H, 4''-H, 5''-H), 7.78 (d, J = 
7.5 Hz, 2 H, 1''-H, 8''-H). 
13C-NMR (126 MHz, CD3OD): δ = -4.66 (SiCH3), -4.59 (SiCH3), 12.40 (C-7), 18.80 (SiC(CH3)3), 
26.26 (SiC(CH3)3), 36.31 (C-5'), 40.55 (C-2'), 49.28 (C-9''), 52.69 (C-6'), 68.08 (FmocCH2), 
76.74 (C-3'), 84.97 (C-4'), 86.73 (C-1'), 112.01 (C-5), 120.91 (C-1'', C-8''), 126.24 (C-5'', C- 4''), 
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128.17, (C-3''), 128.78 (C-6''), 129.21 (C-2'', C-7''), 137.70 (C-6), 142.56 (C-4''a, C-4''b), 145.18 
(C-8''), 145.29 (C-9''a), 152.27 (C-2), 158.61 (Fmoc-C=O), 166.28 (C-4), 175.56 (COOH). 
MS (ESI+): calc. for C33H41N3O8Si: m/z = 636.27 [M+H+], found: m/z = 636.36 [M+H+] 
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